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Introduction

First described by Montgomery (1921), African swine fever is a haemorrhagic disease of swine
caused by African swine fever virus (ASFV). The virus is a large, enveloped, icosahedral,
double-stranded (ds)DNA virus the sole member of the Asfarviridae family (Dixon et al., 2011)
and the only tick-borne DNA virus described to this date. ASFV has a large genome (between
170-190 kbp), comprising several genes involved in nucleotide metabolism, transcription,
replication and repair, but also immune evasion genes, which involves regulation of apoptosis
(Dixon et al., 2013). Twenty-two different genotypes have been identified based on sequencing
of the C-terminal end of p72 (Bastos et al., 2003; Boshoff et al., 2007; Lubisi et al., 2005; Nix
et al., 2006). Further characterization can be done by sequencing the p54 gene (Gallardo et al.,
2009) and the central variable region of the B062L gene (Gallardo et al., 2009; Lubisi et al.,
2007; Nix et al., 2006; Phologane et al., 2005), allowing for the identification of subgroups,
which is useful in understanding the molecular epidemiology of ASFV (Gallardo et al., 2009;
Gallardo et al., 2011; Lubisi et al., 2005; Nix et al., 2006; Rowlands et al., 2008).
African swine fever virus primarily infects cell types belonging to the mononuclearphagocytic system (Colgrove et al., 1969; Fernandez et al., 1992; Moulton and Coggins, 1968;
Pan, 1987). Even though, in later phases of the disease, ASFV is known to replicate in other
cells (Gomez-Villamandos et al., 2013), efficient replication in mononuclear-phagocytic cells
appears the most crucial factor for pathogenesis in domestic swine (Gomez-Villamandos
et al., 2013).
Pigs surviving viral infection develop protective immunity, being able to resist challenge to
homologous virus (rarely to heterologous) for at least two and a half years (Hamdy and Dardiri,
1984; Ruiz-Gonzalvo et al., 1981). However, to this day, all efforts to produce an effective vaccine
against ASF have been unsuccessful. From the several immunization options attempted, neither
led to protective immunity (Coggins, 1974; Forman et al., 1982; Mebus, 1988). Although ASFV
neutralizing antibodies have been identified (Borca et al., 1994; Gomez-Puertas et al., 1996; Zsak
et al., 1993), immunization targeting the proteins p30, p54, and p72 led to incomplete protection
(Gomez-Puertas et al., 1998; Neilan et al., 2004). On the other hand, CD8 + lymphocytes appear
to have a role in the protective immune response to ASFV infection (Oura et al., 2005). Thus, an
efficient protective immune response to ASF is likely to require a combination of both humoral
and cellular immunity (Correia et al., 2013).

Clinical disease
African swine fever can show a variety of clinical forms depending on the virulence and
exposure dose of the strain, host factors (e.g. age, pregnancy, pig breed) and the duration
of the infection in the herd/country (Mebus, 1988; Plowright et al., 1994). Given the variation
on the distribution and frequency of the lesions, differential diagnosis may include other
haemorrhagic pig diseases such as classical swine fever, or other septicaemic bacterial
infections (e.g. erysipelas, pasteurellosis, anthrax, paratyphoid and salmonellosis) (Plowright
et al., 1994; Sanchez-Vizcaıno, 2006).
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The incubation period may range from 4 to 19 days (OIE, 2012; Plowright et al., 1994),
depending on the intensity of exposure and on the ASFV strain, with experimental infections
showing a shorter incubation period (2-5 days) (Mebus, 1988). After infection with highly virulent
strains, pigs develop acute or per-acute disease with extensive tissue damage, severe haemostatic
and hemodynamic changes and with high mortality rates. However, after infection with less
virulent ASFV strains, such as those originating from outbreaks in the Iberian Peninsula, Dominican
Republic, Brazil (Mebus and Dardiri, 1979), and Malta (Wilkinson et al., 1981), ASF can be present as
sub-acute and chronic disease (Mebus, 1988; Sanchez-Vizcaıno, 2006). These strains likely infect
the same cell types as the more virulent ones, but with less tissue involved and less tissue damage.
Pigs that survive ASFV infection may become persistently infected (Sanchez Botija, 1982).
In the per-acute form of ASF pigs can die without showing any signs of illness and although
widespread haemorrhages are a common post-mortem finding, gross lesions may be minimal.
If the animals are followed closely, fever (41-42°C) can be observed, along with rapid respiration
and hyperaemia of the skin. Death will ensue within 1-3 days after the first symptoms occur
(Mebus, 1988).
In the acute form of ASF pigs exhibit fever and anorexia followed by congestion and cyanosis
of the skin, increased respiratory and heart rates, nasal discharge, incoordination and vomiting,
followed by coma and death. The period form the onset of pyrexia to death normally ranges from
2 to 9 days (Greig and Plowright, 1970; Haresnape et al., 1988; Thomson et al., 1979). Acute ASF is
associated with leukopenia (Detray and Scott, 1957; Edwards et al., 1985; Wardley and Wilkinson,
1977) and thrombocytopenia (Edwards et al., 1985). Typical pathological findings are haemorrhages
in lymph nodes, spleen, kidneys, respiratory and gastrointestinal tracts, congestion of skin and
serosae, severe interlobular lung oedema (Gomez-Villamandos et al., 2013; Sanchez-Vizcaıno,
2006) and disseminated intravascular coagulation (DIC) (Gomez-Villamandos et al., 2013).
In its sub-acute form ASF cases last from 3 to 4 weeks and the most prominent signs
include persistent or fluctuating fever. During this time, some pigs may remain alert and in
good condition, while others display the symptoms described for acute ASF, but in a less severe
form. Pneumonia, dyspnoea, cardiac insufficiency and swelling of the joints are among the
most common clinical signs (Mebus, 1988). Mortality rates vary, and often seem to depend on
host factors, such as age, pregnancy or pig breed. Haemorrhages of lymph nodes and other
tissues may occur, but these are less prominent than in acute ASF (Moulton and Coggins, 1968).
Abortion can be a common feature (Schlafer and Mebus, 1987).
Chronic ASF is extremely variable and may persist for many months (Ordas and Marcotegui,
1987; Sanchez Botija, 1982). Symptoms include pneumonia, stunting, emaciation, arthritis, skin
ulcers and cyclic pyrexia. Haemorrhages may again be the dominant post mortem lesions,
but fibrinous pericarditis and pleuritis, with severe pneumonic changes, are also common.
Hypergammaglobulinaemia is often observed (Pan et al., 1970).
Persistent infection with ASFV can be observed in warthogs and in domestic pigs surviving
acute viral infection (Detray, 1957). Recovered pigs may show a relapse of the disease (with pyrexia
and viraemia) after being clinically normal for many weeks (Wilkinson et al., 1983). In persistently
infected pigs, infectious ASFV has been detected in blood up to 8 weeks post-infection (McVicar,
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1984), in lymph nodes up 92 days post-infection (McVicar, 1984). Viral DNA has been detected in
the peripheral blood monocyte fraction for more than 500 days post-infection, but the virus was
not infectious anymore (Carrillo et al., 1994). Furthermore, studies have shown that infectious
virus could not be recovered from pigs 6 to 16 months post infection (Ordas, 1981; Wilkinson et
al., 1983). McVicar (1984) reported that secretions and excretions from pigs that survived acute
infection lost most of their viral infectivity 1 to 2 weeks post-infection. However, data on the
importance of persistently infected pigs in ASFV transmission is still limited.

Diagnosis
Given the variety of clinical forms in which ASF may appear and the similarity to classical swine
fever, suspected cases must be confirmed by laboratory examination (OIE, 2012).
Virus can be detected and isolated by inoculation of primary cultures of pig monocytes.
A positive result in the haemadsorption (HAD) test in primary pig leucocyte or bone marrow
cultures confirms the diagnosis of ASF (Malmquist and Hay, 1960). Apart from primary cell
cultures, cell lines such as COS-1(Hurtado et al., 2010), IPAM (Weingartl et al., 2002), and WSL
(Carrascosa et al., 2011; Portugal et al., 2012), have recently been shown as promising, allowing
for infectivity titration and propagation of ASFV (de Leon et al., 2013). Genome detection can
be done by (q)PCR ((quantitative) polymerase chain reaction) using a variety of protocols
(Oura et al., 2013) and antigen detection can be done by fluorescent antibody test (FAT) in
tissue smears or cryostat sections. According to the OIE Terrestrial Manual (2012), ELISA is
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immunoblotting (IB) and immunoperoxidase staining can be used as confirmatory tests (OIE,
2012). Many other antibody tests have been developed, but their use has been discontinued
(e.g. counter-immuno electrophoresis (CIEP or IEOP), radio-immunoassay and reverse radial
immunodiffusion) (Cubillos et al., 2013).

Disease prevalence
African Swine Fever is enzootic in domestic free-ranging pigs in a number of countries in
southern and east Africa (Penrith et al., 2013). Outside Africa, the disease has been reported in
several European countries, in the Caribbean and in Brazil but, with the exception of Sardinia,
extensive control measures have led to successful eradication of the disease. In 2007, ASF was
reported in Georgia (Rowlands et al., 2008) and spread to neighbouring countries (Armenia,
Azerbaijan, Russian Federation) (Sanchez-Vizcaino et al., 2012). At the time of writing ASFV is
still circulating in the Russian Federation (Gogin et al., 2013; Oganesyan et al., 2013).

Epidemiology
African swine fever was first recognized when European domestic pigs were introduced
into Africa. Several transmission cycles have been identified for ASF (Costard et al., 2013b),
depending on the geographical region of interest. In Southern and Eastern Africa, the
sylvatic cycle, involving warthogs (Phacochoerus spp.) and Ornithodoros moubata/porcinus
complex ticks has been described (Jori et al., 2013; Penrith et al., 2013; Plowright et al., 1994).
In Africa and the Iberian Peninsula (Costard et al., 2013b) ticks infesting pig pens (O. moubata/
porcinus and O. erraticus) have been associated with transmission and maintenance of ASF in
domestic pigs (Basto et al., 2006; Boinas et al., 2011; Haresnape and Mamu, 1986; Haresnape
and Wilkinson, 1989; Haresnape et al., 1988; Oleaga-Perez et al., 1990; Wilkinson et al., 1988).
Finally, transmission between pigs has been identified by direct contact or fomites (Costard
et al., 2013b). Direct transmission can then occur when susceptible pigs come into contact
with infected swine (Plowright et al., 1994). Indirect transmission may occur when pigs come in
contact excretions and secretions containing infective virus, when bitten by infected ticks or
when pigs ingest infected tissue (Sanchez-Vizcaıno, 2006). Historically, most ASF introductions
outside the African continent have been linked to the practice of feeding pig waste to
susceptible pigs, particularly in areas close to airports and ports, with a higher exposure risk
due to their intercontinental traffic (Sanchez-Vizcaino et al., 2012). Airborne ASFV transmission
has also been demonstrated (Wilkinson et al., 1977), but because ASFV could not be detected in
the air, this transmission route has not been fully characterized.

Epidemiology in Africa
Transmission in sub-Saharan Africa involves both a sylvatic and a domestic (or urban) cycle
(Figure 1). In the first, the virus is transmitted between warthog piglets (Phacochoerus spp.)
and argasid (soft) ticks of the genus Ornithodoros inhabiting animal burrows (Parker et al.,
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1969; Plowright et al., 1969). When piglets are parasitized by ASFV-positive Ornithodoros
spp. ticks, a short-term viraemia ensues, during which piglets transmit ASFV to other ticks
(Plowright et al., 1994; Thomson, 1985). The long-term persistence of ASFV in soft ticks (Hess
et al., 1989; Plowright et al., 1970) sustains the transmission cycle over generations. Although
bushpigs/red river hogs (Potamochoerus spp.) can become ASFV-infected (Anderson et al.,
1998; Luther et al., 2007; Oura et al., 1998), their role in a possible sylvatic cycle is unclear (Jori
and Bastos, 2009).
An additional domestic (urban) cycle can occur between pigs, or between ticks and pigs.
The type of pig farming systems in Africa (mostly traditional and semi-intensive), insufficient
biosecurity, swill feeding practices and Ornithodoros spp. ticks infestation in pig sties, often
complicates control efforts against ASF (Penrith et al., 2013).

Epidemiology in Europe and American continent
Although there is no evidence of a sylvatic cycle in Europe and the Americas (Costard et al.,
2013b), a pig-tick cycle has been described in the Iberian Peninsula (Figure 1) (Boinas et al.,
2011). At the time of writing, ASF is absent in the Americas and Europe, with the exception of
Sardinia and the Russian Federation (Costard et al., 2013b; Sanchez-Vizcaino et al., 2012), where
lack of bio containment, free-ranging pigs, and infected wild boar are obstacles for disease
control (Gogin et al., 2013; Mannelli et al., 1998; Mannelli et al., 1997). Infected wild boars (Sus
scrofa), unlike warthogs and bushpigs, show clinical disease and high mortality (Blome et al.,
2013). No pig- or wild boar-tick cycle has yet been identified in Sardinia and in the Russian
Federation. Ixodes ricinus and Dermacentor reticulatus, hard ticks commonly found in Europe
(Estrada-Pena et al., 2012), have not been tested as ASFV vectors and thus their role in ASFV
epidemiology is still unknown.

Control measures, models and risk assessment
The fact that there is no vaccine or treatment available limits options for the containment and
eradication of ASF. The first requirement for efficient ASF control is the presence of an early
notification system, which includes adequately trained inspection teams and quick shipment
of samples to a laboratory equipped for rapid diagnostics. Until ASF can be confirmed, the
affected area must be promptly zoned, movement of pigs and pig products should be banned
within the zone and controlled in adjacent zones, and a plan for epidemiological surveillance
should be initiated. Once ASFV is confirmed, affected farms should be depopulated, carcasses
adequately disposed of, and a thorough disinfection procedure of the premises and transport
vehicles should be carried out. In order to evaluate further spread of the outbreak, an additional
serological survey should be done in the zone of the infected farm and adjacent zones, possible
wild boar and tick involvement should be assessed, and sentinel animals can be used to confirm
ASFV elimination in the outbreak area (OIE, 2011; Sanchez-Vizcaino, 2012; Sanchez-Vizcaıno,
2006; Sanchez-Vizcaino et al., 2012).
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Recent studies have been published concerning the spread of ASF in Russia (Gogin et al.,
2013; Oganesyan et al., 2013), showing a strong association of disease spread with movement
of pigs along arterial roads, thus highlighting the anthropogenic nature of ASF spread in
the Russian Federation (Gulenkin et al., 2011). Importing of ASFV-infected pigs and pig
products is considered a major source of disease introduction. Recently, several assessment
studies have investigated the risk of ASFV introduction through legal and illegal imports and
transport associated routes (Costard et al., 2013a; Mur et al., 2011; Mur et al., 2012; Nigsch et
al., 2013); showing that certain European countries may have an important role as “spreaders”
upon introduction (The Netherlands, Denmark, Lithuania and Latvia), while other countries
(Germany, Poland, Romania, United Kingdom) may be particularly at risk when it comes to ASF
introduction, the so-called “receivers”. However, detailed models assessing the probability of
infection based on infective excretions and secretions, based on direct and indirect transmission
parameters are still lacking.

Scope of the thesis
To this date, several quantitative aspects of ASFV transmission are still poorly characterized,
namely the ASFV excretion patterns and amounts excreted by persistently infected pigs,
the amounts of airborne virus released by infect pigs, the virus transmission rate after direct
contact, the virus inactivation rate of excretions, the inactivation rate of virus in decomposing
tissues and the vectorial capacity of hard ticks commonly found in Europe. These knowledge
gaps have been addressed in the different studies described in this thesis.
Chapter 2 describes the results of a series of animal experiments where the amounts of ASFV
present in excretions and secretions after inoculation with isolates of varying virulence and
dose were quantified. In chapter 3, ASFV airborne transmission was characterized by measuring
the amounts of airborne ASFV released by infected pigs by a validated method. Chapter 4
covers the results of several methods used to estimate the pig to pig transmission rate of ASFV
under experimental conditions. In chapter 5, the inactivation rate of ASFV in decomposing
tissues, urine and faeces was determined, which is important for a better understanding of
indirect transmission of ASFV. Chapter 6 describes the setup and results of in vitro experiments
aimed at testing the ability of ASFV to replicate in the hard ticks Ixodes ricinus and Dermacentor
reticulatus. Finally, in chapter 7, the findings described in the previous chapters are discussed in
the framework of a descriptive risk model.
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The continuing circulation of African swine fever (ASF) in Russia and in the Trans-Caucasian
countries has led to increased efforts in characterizing the epidemiology of ASF. For a
better insight in epidemiology, quantitative data on virus excretion is required. Until now,
excretion data has mainly focused on the initial stages of the disease. In our study we have
studied ASF virus (ASFV) excretion dynamics in persistently infected animals. For this purpose,
virus excretion through different routes was quantified over 70 days after infection. Three
virus isolates of moderate virulence were used: the Brazil’78, the Malta’78 (a low and a high
inoculation dose) and the Netherlands’86 isolate. For each isolate or dose, 10 animals were
used. All (Brazil ’78 group), or three animals per group were inoculated and the other animals
served as contact animals. It was shown that dose (Malta ’78 low or high) or infection route
(inoculated or naturally infected) did not influence the ASFV excretion (p>0.05). Nasal, ocular
and vaginal excretions showed the lowest ASFV titres. Virus was consistently present in the
oropharyngeal swabs, showing two peaks, for up to 70 days. Virus was occasionally present in
the faeces, occasionally with very high titres. Viral DNA persisted in blood for up to 70 days. The
results presented in this study show that a high proportion of persistently infected animals shed
virus into the environment for at least 70 days, representing a possible risk for transmission and
that should be considered in future epidemiological analysis of ASF.
Keywords: African swine fever; virus excretion; virus quantification; persistent infection
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African swine fever (ASF) is a highly contagious haemorrhagic disease of pigs, caused by the
African swine fever virus (ASFV), an enveloped double-stranded DNA virus from the Asfarviridae,
genus Asfivirus. In Africa, an intricate cycle between warthogs and soft ticks perpetuates the
endemic state of ASF and constitutes a risk for repeated introductions in the local domestic
pig population (Ekue et al., 1989). In Europe, every ASF introduction had been followed by
successful eradication, with the exception of Sardinia. But in 2007, ASF was introduced into
Georgia, spreading rapidly within the Caucasus and to Russia, where it currently circulates in
domestic pigs and wild boars. In these countries, there has been no evidence of transmission
by an arthropod vector up to this date (EFSA Panel on Animal and Welfare, 2010). Since there is
no vaccine available against ASF, control strategies involve movement restrictions, biosecurity
measures and stamping out (OIE, 2011).
ASFV can give rise to peracute, acute, or sub-acute disease with a high case-fatality rate
(Mebus, 1988). Animals that survive an ASF infection often become persistently infected. In this
case, they may either show signs of chronic disease or look apparently healthy. In the latter,
ASFV can latently persist in some tissues (Wilkinson, 1984). However, such a latent infection
may be reactivated by stress, resulting in viraemia and shedding of the virus (Hamdy and
Dardiri, 1984; Sanchez Botija, 1982; Wilkinson, 1984).
ASFV shedding starts from 1-7 days post inoculation (pi) (Ekue et al., 1989; Greig and Plowright,
1970; McVicar, 1984), depending on the isolate and on the route of infection. Highest virus titres
have been reported in the oronasal fluid, while lower titres were seen in conjunctival fluid and in
the genital fluid (Ekue et al., 1989; Greig and Plowright, 1970). Reports on virus shedding through
the faecal route vary considerably, ranging from intermittent shedding periods with low virus
titres (Ekue et al., 1989) to continuous shedding with high virus titres in the faeces during the
acute and sub-acute phase (McVicar, 1984). ASFV shedding in persistently infected animals is
less clear, although studies have shown the presence of infectious virus in tissues up to 180 days
pi (Hamdy and Dardiri, 1984; Mebus and Dardiri, 1980; Wilkinson, 1984; Wilkinson et al., 1981), in
blood up to 456 days pi (Detray, 1957) and viral DNA in leukocytes up to 500 days pi (Carrillo et
al., 1994). The successful eradication of ASF in Spain has been associated with the screening and
removal of persistently infected pigs (Arias and Sanchez-Vizcaino, 2002).
So far, studies on ASFV excretion have focused mostly on the initial stages of disease (up to
30 days pi) and quantitative data on virus excretion and virus transmission after this period is
still lacking. As a result, the role of persistently infected animals in the overall epidemiology of
ASF is still unclear. Quantitative data on ASFV excretion can improve existing knowledge on ASF
epidemiology and further help in predicting the effect of intervention measures.
In this study, we examined excretion dynamics of ASFV after inoculation or natural infection,
using three different isolates of varying virulence and using different doses. Excretion of virus
was measured frequently in various sample types for up to 70 days after infection.
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The study was carried out with 4 groups of 10 pigs each. In each group, all or a fraction of
the pigs were inoculated with ASFV. Remaining pigs served as contacts, mimicking a natural
infection. Details regarding the age of the pigs, the virus isolates used, dose and type of sample
can be found in Table 1. The animal experiment was approved by the Ethical Committee for
Animal Experiments of the Animal Sciences Group of Wageningen UR.

Virus and inoculation
The Brazil’78 ASFV isolate, considered to be a moderately virulent isolate (Mebus and Dardiri,
1979, 1980), was used in the “Brazil” group. The Malta’78 ASFV isolate, also considered moderately
virulent (Wilkinson et al., 1981), was used in two doses (Table 1, groups designated “Malta low” and
“Malta high”). The Netherlands’86 ASFV isolate, also considered moderately virulent (Terpstra
and Wensvoort, 1986), was used to inoculate the animals in the “Netherlands” group.
In each group, the pigs were inoculated intranasally with 1 ml of virus suspension (0.5 ml per
nostril). When contact pigs were used, they were added to the group 24 hours after inoculation,
to avoid infection due to residual virus from the inoculum. The inocula were back titrated to
confirm the administered dose.

Clinical examination
Pigs were examined daily for clinical signs (Table 2), including body temperature, until either a
pig was euthanized or day 70 post inoculation (pi), when the experiment was ended. Pigs were
examined twice per day when the body temperature was over 41°C or when body temperature
was over 40°C for two consecutive days, and were placed under analgesic treatment
(Buprenorfine) if signs of moderate to severe discomfort were seen. If no improvement was
seen within a few days, or pigs deteriorated further, they were euthanized intravenously with
T61. Fever was defined as body temperature higher than 40°C. For each pig, severity of disease

Table 1. Study design used in each experimental group. Numbers between brackets show the number of
successful inoculations and true number of naturally infected animals after failure of initial inoculation.
Study design
Groups
Age of pigs (weeks)
Nr. of inoculated pigs
Nr. of naturally infected pigs
Inoculation dose
Samples

#
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) OPF = Oropharyngeal fluid

Brazil
8
10
0
4.5 log10 TCID50
Blood
OPF#
Faeces
Vaginal swabs
Ocular swabs
Nasal swabs

Malta low
12
5 (3)
5 (7)
3 log10 TCID50
Blood
OPF
Faeces

Malta high
12
5
5
4 log10 TCID50
Blood
OPF
Faeces

Netherlands
12
5 (3)
5 (7)
3.5 log10 TCID50
Blood
OPF
Faeces

was expressed by a clinical score, equal to the sum of the score of all 10 clinical signs (Table 2).
Temperature was reported as a separate variable.

Collection of samples

Table 2. List of clinical sign used to create ASF clinical score.
1. Liveliness:

2. Posture:

3. Body Shape:

4. Breathing (assessed before
animals are approached) :
5. Neurological Signs:

6. Skin (particularly ears,
snout, tail, legs, abdomen):

7. Appetite:

8. Defecation:

9. Ocular/Nasal discharge:

10. Vomiting (Emesis):

0. No abnormality
1. Reduced liveliness, stands up without help
2. Sluggish but stands up when helped
3. Dormant, will not stand up
1. Stiffness and bent back when standing up, will progressively correct
posture
2. Stiffness and bent back remain
3. Cramps (abdominal pain)
1. Empty stomach (sunken flanks)
2. Empty stomach with significant weight loss
3. Wasting (ribs, vertebrae visible, long hair)
1. Increased respiratory rate
2. Significantly increased respiratory rate, abdominal breathing
3. Difficult breathing (open mouth breathing), wheezing, coughing
1. Somewhat doubtful gait, quickly corrected
2. Ataxia/paralysis of the hindquarters, can still walk
3. Paralysis of the hindquarters, unable to stand, convulsions
1. Red skin
2. Blue-purple discoloration of the skin, occasional skin bleeding
3. Large blue/ black spots, cold skin, large subcutaneous bleeding, skin
necrosis/ ulceration
1. Eats slowly
2. Shows interest in food but eats little or nothing
3. Will not eat, has no interest in food
1. Slightly reduced amount of faeces, dry stools
2. Reduced amount of faeces or diarrhoea
3. No faeces or watery / bloody diarrhoea
1. Thin discharge from nose and/or eyes (without admixtures)
2. Thick discharge from nose and/or eyes (no blood)
3. Bloody discharge from nose and/or eyes
1. Occasional emesis (1x during observation period)
2. Repeated emesis (several times during observation period)
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Oropharyngeal and faecal samples were collected daily from 0 to 13 days post inoculation
(dpi) and three times per week from dpi 14 to 27, except for the Brazil group, which was
sampled three times per week from dpi 0. From dpi 28 until the end of the experiment at
dpi 70, these samples were collected twice per week. EDTA stabilized blood samples and
leucocytes were collected three times per week from dpi 0 to 27 and twice per week from dpi
28 to 70. From the Brazil group, in addition, nasal, ocular and vaginal swabs were taken three
times per week, from dpi 0.
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Oropharyngeal, ocular, nasal, faeces and blood samples were collected as described by
Weesendorp et al. (2009). Vaginal swabs were collected using a cotton swab.
After collection, the oropharyngeal swabs were soaked in 4 ml medium and the ocular,
nasal and vaginal swabs in 2 ml medium (Eagle minimum essential medium (EMEM)) (Gibco,
Invitrogen, Breda, The Netherlands) with 5% heat-inactivated pig serum and 10% antibiotics.
Fluids were collected from the gauze tampons and cotton swabs by centrifugation (1800 g for
15 min). The samples were stored at -70°C until they were analysed by quantitative real-time
polymerase chain reaction (qPCR) and virus isolation (VI).
One gram of faeces was suspended in 9 ml medium (EMEM) (Gibco, Invitrogen, Breda, The
Netherlands) with 10% heat-inactivated pig serum and 10% antibiotics and vortexed with glass
beads. After centrifugation (2500 g for 15 min) the supernatants were stored at -70°C until they
were analysed by qPCR and VI.
Whole blood samples (EDTA stabilized) were stored at -70°C until they were analysed by qPCR.
Leucocytes were isolated from the EDTA stabilized blood by adding 6 ml 0.84% NH4CL solution
to 3 ml of EDTA blood. After 10 min the samples were centrifuged (300 g for 15 min) and washed
twice with PBS. The pellet was suspended in 3 ml medium (Eagle minimum essential medium
(EMEM) (Gibco, Invitrogen, Breda, The Netherlands) with 5% heat-inactivated pig serum and 10%
antibiotics). Isolated leucocytes were stored at -70°C until they were analysed by VI. Leucocytes
were used for VI, because whole blood proved to be unsuitable to use as inoculant in cell cultures.

Quantitative Real-Time Polymerase Chain Reaction
Samples were analysed by an in-house qPCR, validated and accredited according to ISO17025, to
determine the concentration of viral DNA. The DNA was extracted with the Total Nucleic Acid
Isolation Kit (Roche Applied Science, Mannheim, Germany) on the automated MagNA Pure LC
instrument (Roche Applied Science, Mannheim, Germany), using 200 µl of sample per well. In
each cartridge a total of thirty-two samples could be tested, including one negative control
sample, a threshold positive control sample, and a standard curve consisting of four dilutions
(10-0.3,10-2, 10-3, 10-4.5 ) of a positive control sample containing a known titer for each corresponding
ASFV isolate. The standard curves were constructed for each sample type and each isolate of virus
by spiking negative samples of the same type with known concentrations of infectious virus.
After the DNA isolation procedure, the MagNA Pure LC sample cartridge was processed
for the qPCR or stored at -70°C until the PCR was carried out. The qPCR was performed with
a LightCycler 480 instrument (Roche Applied Science, Mannheim, Germany) using the DNA
Master Hybridization Probes Kit. The target for amplification of the ASFV genome was the
conserved p72 segment, using the following primers: 5’‑GTACGGAGACTTTTTCCATGA‑3’
and 5’‑TAAACCAAGTTTCGGTACGC‑3’ (Eurogentec, Seraing, Belgium). The qPCR procedure
included the following 3 steps: denaturation (95°C), annealing (59°C), and elongation (72°C).The
amplicon was detected using hybridisation probes: 5’‑ ATGGTCAGCTTCAAACGTTTCCTCGC‑X
and 5’LCRed‑640‑GGATATGACTGGGACAACCAAACACCTTTA‑p. Analysis was performed with
the LC software. The viral DNA concentration of each individual sample was calculated using the

standard curve and expressed as TCID50-equivalents. This is a relative measure of the amount of
virus DNA and does not necessarily correlate to the amount of infectious virus.

Virus isolation

Statistical analysis
A statistical analysis was performed to determine whether inoculation dose, type of infection
(inoculation or natural infection) or ASFV isolate had an effect on the amount of ASFV present in
blood, OPF or faeces; on clinical signs, on body temperature or on mortality. Additional statistical
tests were done to determine if surviving animals showed significantly different amounts of
ASFV in their blood, OPF and faeces, when compared to animals that succumbed to the disease.
The total amounts of virus detected in blood, OPF and faecal samples, expressed as area
under the curve (AUC), were derived from the ‘excretion against time’ curve. In addition, the
means of the clinical scores and body temperature were calculated for each animal.
General Linear Models were applied to assess the effects of inoculation dose, ASF isolate
and type of infection (natural or inoculated) on the AUCs and body temperature. The post-hoc
analysis was done using a Bonferroni correction, to assess differences between groups.
Clinical scores were analysed using non-parametric tests, either a Mann-Whitney test or a
Kruskal-Wallis depending on the number of groups.
A Fisher’s Exact Test was performed between the groups to test for significant differences
in mortality.
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Virus isolations were carried out in 24-well plates (Greiner Bio-One, Frickenhausen, Germany)
on MARC-145 cells (African green monkey kidney). These cells were previously evaluated and
compared to pulmonary alveolar macrophages (PAM) in our research facilities and found to
be equally susceptible to ASFV infections. MARC-145 cells (1 ml, containing approximately 10 6
cells) were simultaneously inoculated with 125 µl of sample. Plates were incubated at 37°C in an
atmosphere with 5% CO2 for 40 to 48 hours. Presence of virus was confirmed in an immunoperoxidase monolayer assay (IPMA) (Wensvoort et al., 1988).
In the first stage of the IPMA, the supernatant from the previously incubated plates was
discarded and the plates were left to dry at 37°C for 45 to 60 min. Subsequently, the plates were
stored at -20°C for a minimum of 45 min. After this procedure, the plates were fixated with 4%
paraformaldehyde (4°C) for 10 min. The plates were then washed three times with 0,15 M NaCl.
In the following step, the fixated plates were incubated with an hyper immune serum (positive
for polyclonal antibodies against ASFV), diluted in PBS with 0.05% Tween80 and 5% horse serum,
for one hour at 37°C, in an atmosphere with 5% CO2. After incubation, the plates were washed as
in the previous step and incubated with HRPO-conjugated anti swine IgG monoclonal diluted
in PBS with 0,05% Tween80 and 5% horse serum; for one hour at 37°C, in an atmosphere 5%
CO2. Finally, after washing four times with a solution of 0,15 M NaCl and 0,5% Tween80, the
chromogen (3-amino-9-ethyl-carbazole [AEC]) and the substrate (hydrogen peroxide) were
added and the plates were left to stain. The plates were then examined microscopically for
staining of infected cells.
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Finally, an Independent Samples Student t-test was used to compare the AUCs of blood,
OPF and faecal samples between animals that died during infection and animals that survived
until the end of the study.
Calculations were performed in SPSS Statistics 17.0, reporting confidence intervals and
p-values. Significance was considered when p<0.05.

RESULTS
Inoculation and contact infection
In the Brazil and Malta high group, all inoculated animals were successfully infected. In the Malta
low and Netherlands group, inoculation resulted in infection in three out of the five animals
(Table 1). In all contact exposed animals, including the unsuccessfully inoculated animals; there was
a delay of 5-7 days in the onset of disease in comparison with the successfully inoculated animals.

Clinical signs
In the Brazil group, animals showed clinical signs of ASF from day post inoculation (dpi) 4 and
all succumbed to the disease by dpi 9 at the latest (Figure 1). The clinical scores and mean
temperatures seen in the Brazil group were significantly higher (p<0.05) than in the other groups.
In the Malta high group, clinical signs and rise of body temperature seemed to last longer
in the inoculated animals than in the naturally infected animals (Figure 2), but this difference
was not statistically significant. Only one of the inoculated animals died from ASF, at dpi 9. All
naturally infected animals survived the infection. After apparent recovery by dpi 28, clinical
signs reappeared by dpi 45 in one of the naturally infected animals.
In the Malta low group, clinical signs seemed more severe in the naturally infected animals
than in the inoculated animals (Figure 3), but again the difference was not significant. After a
period of apparent recovery, clinical signs reappeared around dpi 50 in one of the inoculated
animals. All inoculated animals survived the infection, while 5 out of 7 naturally infected animals
died between dpi 13 and 19, which was estimated to be approximately day 8-14 post infection
for these naturally infected animals. The Malta low group had significantly higher clinical scores
compared to the Malta high group (p=0.028).
In the Netherlands group (Figure 4), clinical signs lasted longer in the naturally infected
animals than in the inoculated animals (p=0.023), with the mean temperature being significantly
higher in naturally infected pigs (p=0.005). After a period of apparent recovery, clinical signs
reappeared around dpi 55 in one of the inoculated animals. All inoculated animals survived
the infection, while 6 out of 7 naturally infected animals died between dpi 28 to 25 of the
experiment, which was estimated to be approximately day 4-11 post infection of these naturally
infected animals. Clinical signs or temperature did not significantly differ between pigs infected
with the Malta´78 and the Netherlands’86 isolates.
In the three animals that showed a reappearance of clinical signs around dpi 50, frequent
vomiting and emaciation were the most noticeable clinical signs. However, the body
temperatures of these animals were within normal range (<39°C). These clinical signs were
observed until the end of the experiment, at day 70.
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Excretion and viraemia
Pigs in the Brazil group were sampled intensively for all secretions and excretions (Figure 5).
In these pigs, virus was first detected by PCR in the OPF and in the blood, at dpi 2. Two days
later, virus could be detected in the other swabs, although titres were lower than in the OPF. In
faeces, virus could be detected from dpi 4. Virus isolation became positive on average 2 days
after the PCR became positive. Ocular and vaginal swabs were mostly VI negative. All pigs in the
Brazil group showed very severe disease and had to be euthanized, so viraemia and excretion
patterns could only be followed for 9 days. In the Brazil group less virus was excreted in total
through the oropharyngeal route than in the Malta low (p=0.007), Malta high (p=0.008) and
Netherlands (p<0.001) groups. However, no significant differences were found in total excretion
through the faecal route between the Brazil group and the other groups.
In the Malta low, in the Malta high and in the Netherlands group, viraemia and excretion
patterns were followed for a period of up to 70 days (Figures 6-8). OPF and blood remained
PCR-positive in most animals during the whole observation period. After dpi 38, a few animals
became PCR-negative in blood and/or in OPF. In this period, no association was found between
shedding of ASFV and viraemia, clinical signs or pyrexia.
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Figure 1. Clinical scores, temperature and survival in the Brazil group. Means and standard deviations per
day post inoculation (dpi) are shown for all inoculated animals
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Figure 2. Clinical scores, temperature and survival in the Malta high group. Means and standard deviations
per day post inoculation (dpi) are shown for all inoculated animals

In the blood, an initial peak in PCR-titres could be observed in all groups, showing on average up
to 106 TCID50-equivalents/ml (Figures 6-8). This peak was related to the moment of clinical disease
and rise of body temperature. It was followed by a decrease in titres that persisted until the end of the
observation period. Virus isolation was mostly positive only during the initial peak.
In the faeces, PCR-positive results were mainly obtained during the first 30-35 days, with a
large day-to-day variation. Faeces samples became mostly PCR-negative after this period, with
few exceptions.
In the OPF, two peaks could be distinguished for the virus titres determined by PCR (Figures
6-8). The first peak occurred at the time clinical disease and rise of body temperature appeared
and lasted for approximately 15 days after the moment of infection. After a period of relatively
low PCR-titres, a second peak could be observed in all three groups, although less clearly in the
Netherlands group. This second peak lasted longer, and with lower titres than in the first peak.
It did not coincide with reappearance of clinical signs or rise of body temperature.
Inoculated and naturally infected animals from all groups showed a similar pattern in
viraemia and excretion, taking into account the actual time of infection (Figures 6-8). Total
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excretion amounts (AUC) were not significantly different between inoculated and naturally
infected animals (p>0.05). In inoculated animals, PCR-titres in the OPF increased sharply within
24 hours after the first PCR-positive result was obtained, while contact animals often showed
low titre PCR-positive results in the OPF for several days, before a sharp increase could be seen.
Virus isolation positive results were mainly obtained within the first 15-20 days after actual
infection. After this period, the rarely observed VI positive results were often related to high
PCR-titres during the second excretion peak. Still, it was possible to occasionally isolate
infectious virus up to dpi 66.
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Figure 3. Clinical scores, temperature and survival in the Malta low group. Means and standard deviations
per day post inoculation (dpi) are shown for all inoculated and naturally infected animals

DISCUSSION
The aim of this study was to expand current knowledge in ASFV excretion dynamics for 70 days
after infection, both by inoculation and after natural (contact) infection, using different isolates,
in varying doses. We have shown that most surviving pigs remain PCR-positive in blood and
OPF for at least 70 days. Virus excretion through the oropharyngeal route is higher and more
persistent than excretion through other routes. The virus titres in OPF show two distinct peaks.
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Figure 4. Clinical scores, temperature and survival in the Netherlands group. Means and standard
deviations per day post inoculation (dpi) are shown for all inoculated and naturally infected animals.

There is no evidence of a significant difference in viral excretion between animals exposed to
different doses and type of infection (i.e. inoculated and naturally infected).
Although the Brazil isolate has been considered to be moderately virulent (Mebus and
Dardiri, 1979, 1980), all pigs in our experiment died within 9 days of infection. Since the pigs in
Brazil group were younger than in the other groups, it is possible that this mortality is related
to an age effect. However, it is unlikely that an age difference of only 4 weeks can completely
explain this discrepancy, as in previous studies (Hamdy and Dardiri, 1984; Wilkinson et al.,
1981) similar age differences did not have such an extreme effect on mortality. Instead, the
difference in mortality may be explained by a relatively higher virulence of the Brazil’78 isolate
in comparison with the Malta’78 and Netherlands’86 isolates. Pan and Hess (1984) found a 50%
Lethal Dose (LD50) for the Brazil’78 isolate of 2.75 log10 TCID50, which is below the inoculation
dose of 4.5 log10 TCID50 used in our study. Furthermore, the calculated 50% Pig Infectious Dose
(PID50) of the Brazil isolate was only -0.25 log10 TCID50. In our experiment, in the Malta low
and Netherlands groups, only 3 out of 5 inoculated animals became infected. This suggests
that the doses used in our study for the Malta low and Netherlands groups, 3.0 and 3.5 log 10
TCID50, respectively may be close to the PID50 for these isolates. Additionally, only 1 out of 5

Brazil
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Figure 5. PCR (in log10 TCID50 equivalents) in oropharyngeal swabs, nasal swabs, ocular swabs, faeces and
viraemia in the Brazil 78 group. Means and standard deviations are presented per day post inoculation
(dpi). For each corresponding sample, the number of animals positive for qPCR and for virus isolation is
shown. In blood samples, virus isolation was done using the leucocyte fraction.

inoculated animals died after inoculation with a Malta’78 dose of 4.0 log 10 TCID50 and none of
the inoculated animals died after inoculation with a 3.5 log 10 TCID50 dose of Netherlands’86. The
LD50 of the Malta’78 and the Netherlands’86 is then likely to be higher than 4.0 and 3.5 log10
TCID50 respectively. Both PID50 and LD50 are therefore lower for the Brazil isolates, suggesting
a higher infectivity and virulence than for the Malta and Netherlands isolates.
In every group, virus excretion was highest during the clinical disease phase and mostly through
the oropharyngeal route. Less total shedding was reported in the faeces, in spite of the occasionally
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Figure 6. PCR (in log10 TCID50 equivalents) titres in oropharyngeal swabs, faeces and viraemia in the Malta
high group for naturally infected and inoculated.Means and standard deviations are presented per day
post inoculation (dpi). For each corresponding sample, the number of animals positive for qPCR and for
virus isolation is shown. In blood samples, virus isolation was done using the leucocyte fraction.

high titres. As one study (McVicar, 1984) points out, ASF infected pigs often show haemorrhagic
enteritis, leading to loss of highly infective blood in stools. In such situations, faecal excretion might
have an important role in the spread of ASF. The other routes studied (nasal, vaginal and ocular) show
consistently lower titres, confirming earlier studies (Ekue et al., 1989; Greig and Plowright, 1970).
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Figure 7. PCR (in log10 TCID50 equivalents) titres oropharyngeal swabs, faeces and viraemia in the Malta low
group for naturally infected and inoculated. Means and standard deviations are presented per day post
inoculation (dpi). For each corresponding sample, the number of animals positive for qPCR and for virus
isolation is shown. In blood samples, virus isolation was done using the leucocyte fraction.

Excretion in OPF shows a pattern in persistently infected animals, with two distinct excretion
peaks. A suggestion of a second excretion peak can be seen in a previous study on excretion with a
moderately virulent isolate (Ekue et al., 1989). The presence of this second excretion peak might be
associated with a new cycle of virus replication in a persistently infected tissue, such as the tonsils
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Figure 8. PCR (in log10 TCID50 equivalents) titres in oropharyngeal swabs, faeces and viraemia in the
Netherlands group for naturally infected and inoculated. Means and standard deviations are presented
per day post inoculation (dpi). For each corresponding sample, the number of animals positive for qPCR
and for virus isolation is shown. In blood samples, virus isolation was done using the leucocyte fraction.

or the lymph nodes (Oura et al., 1998). However, in most samples, virus isolation (VI) results are
generally only positive during the first excretion peak. This might be due to either a comparatively
lower amount of virus excreted or the presence of antibodies in the samples that prevent virus from
entering the cells (Slauson and Sanchez-Vizcaino, 1981) used in the virus isolation test.
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In the present study, we could not demonstrate an influence of the inoculation dose on
virus excretion (p>0.05). However, no extrapolation can be made for larger dose differences.
The naturally infected animals from both the Malta low and the Netherlands groups
showed a higher mortality than the inoculated animals from the same group. Since naturally
infected animals were persistently exposed to low amounts of ASFV in the beginning of the
experiment, they might have maintained a local infection until the onset of systemic disease,
and thus exhibiting a slightly different excretion dynamic. The sustained local viral infection
might have led to destruction of antigen presenting cells or to the up/down regulation of
cytokines, resulting in a more severe disease (Oura et al., 1998).This hypothesis is supported
by the observation of a period in which naturally infected animals excreted low titres of virus
through the oropharyngeal route and faeces before clinical signs or viraemia could be seen.
That was particularly clear for the naturally infected Netherlands group, which after the first
clear peak of excretion, rapidly succumbed to disease. In spite of these differences in mortality,
naturally infected and inoculated animals did not show significant differences concerning
excretion patterns and amounts of virus. In contrast to the results observed for the Malta low
and Netherlands group, in the Malta high group, mortality did not differ between inoculated
and naturally infected animals.
Persistently infected animals were shown to shed ASFV in the absence of viraemia, clinical
signs or pyrexia. These results are in contrast with the established idea that viraemia, and virus
excretion are always associated with disease re-occurrence (Ordas, 1981; Wilkinson, 1984;
Wilkinson et al., 1981). Still, our studies support an idea proposed previously by Wilkinson (1984);
in which persistent infection with moderately virulent isolates could either lead to recovery or
to chronic disease, both with possible ASFV excretion.
In comparison with the animals that succumb to disease, the persistently infected animals
have lower clinical scores, have a lower mean body temperature and excrete less in their faeces.
Just as other studies have associated milder clinical signs with sub lethal infection (Mebus et al.,
1978; Ordas, 1981; Wilkinson et al., 1981), a lower faecal excretion might also be associated with
increased survival likelihood.
In our study we have shown that persistently infected animals can be viraemic and shed
virus from the oropharynx for at least 70 dpi. Although virus was mostly quantified by PCR,
infectious virus was retrieved in several occasions throughout the whole experiment. This
finding indicates that transmission to susceptible pigs may be possible, through direct or
indirect contact. However, given the comparatively lower amounts and frequency of shedding
observed after 30 days post infection, the transmission rate in this period is likely to be lower
than in the first 30 days after infection.
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Knowledge on African Swine Fever (ASF) transmission routes can be useful when designing
control measures against the spread of ASF virus (ASFV). Few studies have focused on the
airborne transmission route, and until now no data has been available on quantities of ASF virus
(ASFV) in the air. Our aim was to validate an air sampling technique for ASF virus (ASFV) that
could be used to detect and quantify virus excreted in the air after experimental infection of
pigs. In an animal experiment with the Brazil’78, the Malta’78 and Netherlands’86 isolates, air
samples were collected at several time points. For validation of the air sampling technique,
ASFV was aerosolised in an isolator, and air samples were obtained using the MD8 air scan
device, which was shown to be suitable to detect ASFV. The half-life of ASFV in the air was on
average 19 min when analysed by PCR, and on average 14 min when analysed by virus titration.
In rooms with infected pigs, viral DNA with titres up to 103.2 median tissue culture infective dose
equivalents (TCID50 eq.)/m3 could be detected in air samples from day 4 post-inoculation (dpi 4)
until the end of the experiments, at dpi 70. In conclusion, this study shows that pigs infected
with ASFV will excrete virus in the air, particularly during acute disease. This study provides the
first available parameters to model airborne transmission of ASFV.
Keywords: African swine fever, airborne virus detection, airborne virus quantification, airborne
virus half-life values
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African swine fever virus (ASFV) is the causative agent of African swine fever (ASF), a notifiable
swine disease (OIE listed disease). Since there is no vaccine available for ASF, the main strategies
for control during outbreaks are animal stamping out, movement restrictions and increased
hygiene. These control measures lead to a considerable economic impact (Costard et al.,
2009).Development of control strategies with less economic impact requires further insights
into the epidemiology of ASF and into its transmission routes.
Epidemiological studies investigated several transmission routes for ASFV (Plowright et
al., 1994). In addition to being tick borne (Plowright et al., 1994), ASFV can be transmitted
either by direct contact, between pigs and between wild boar; or by indirect contact, through
ASFV contaminated fomites or swill feeding (Costard et al., 2009). Transmission involves virus
shedding by infected pigs in all excretions and secretions, with particularly high levels in
oral-nasal fluid (de Carvalho Ferreira et al., 2012; Ekue et al., 1989; Greig and Plowright, 1970;
Wilkinson et al., 1983) and occasionally in faeces (de Carvalho Ferreira et al., 2012; McVicar,
1984). These infectious secretions and excretions may become aerosolised through sneezing,
coughing or splattering of faeces and urine. When dried, secretions and excretions can be
present in dust, which can also become aerosolised. In both situations, ASFV may be available
in the air and may potentially lead to airborne ASFV transmission.
So far, only a few studies on ASFV airborne transmission have been published. The first
attempt to demonstrate ASFV airborne transmission under experimental conditions between
pigs separated by double-wire fencing was not successful (Montgomery, 1921). Wilkinson
(1977), on the other hand, was able to demonstrate airborne transmission of ASFV after
continuously exposing susceptible pigs to air from infected pigs, both through an air duct and
by keeping the contact pigs on a platform 2.3 m above the infected pigs for 48 h. However, in
both experiments no transmission occurred to adjacent pens at distances of more than 2.3 m
(Wilkinson et al., 1977) and ASFV was not detected in the air (Wilkinson et al., 1977). These
observations led researchers to assume that the airborne spread of ASFV might only be a
problem within intensive housing systems (Wilkinson et al., 1977). However, no further studies
have been published addressing the issue of airborne transmission or the quantification of
virus transmission within intensive housing systems. Modelling the probability of airborne
transmission of ASF requires data on the quantity of airborne ASFV excreted by infected
pigs, the minimum infectious dose and the survival of ASFV in the air (Stark, 1999). For ASFV,
knowledge on these parameters is still lacking.
In order to detect and quantify the amount of airborne ASFV, air samples were taken during
infection experiments with three different ASFV isolates. The sampling method was validated
and survival of ASFV in the air was assessed under in vitro conditions.
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MATERIALS & METHODS
Virus
Three isolates were used in our study. The Netherlands’86 and the Malta’78 are considered to be
moderately virulent. The Brazil’78 is considered to be highly virulent, based on the observation
that inoculated animals died within nine days after inoculation (de Carvalho Ferreira et al., 2012).

3

Air sampling method
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Samples were taken using the MD8 air scan sampling device (Sartorius, Nieuwegein, The
Netherlands) and sterile gelatine filters of 3 µm pore size and 80 mm diameter (type 1752880-ACD; Sartorius). Two air sampling protocols were used: an air speed of 2 m 3/h for 2 min and
an air speed of 8 m3/h for 10 min. More details about the sampling method are described in
Weesendorp et al. (2008).

Gelatine filter effect on ASFV detection and stability
Samples were taken to test whether gelatine filters used for air sampling had a negative effect on
detection and stability of ASFV. A total of 36 filters were inoculated with 0.5 ml of approximately
105 median tissue culture infective dose (TCID50)/ml of the Brazil’78, Malta’78 or Netherlands ‘86
isolates. For each ASF isolate under study, three different volumes of medium (5, 10 and 25 ml)
were used to dissolve the filters. The filters were dissolved at two different time points after
inoculation (5 min and 30 min), to mimic a delay in the time between sampling and processing
of samples. Every experiment was done in duplicate for all combinations. Filters were dissolved
in Eagle minimum essential medium (EMEM) (Gibco, Invitrogen, Breda, The Netherlands),
supplemented with 5% foetal bovine serum and 10% antibiotics; kept at 37°C. Immediately
after being dissolved, the samples were stored at -70°C. For each sample, matching virus stock
controls were taken. These controls were exposed to exactly the same conditions regarding
volume of medium and processing time, except for the gelatine filter inoculation step. All the
samples were tested by quantitative real-time polymerase chain reaction (qPCR) and virus
titration (VT).

Experimental aerosol production
Brazil’78, Malta’78 and Netherlands’86 isolates, with titres of approximately 10 5 TCID50/ml,
were used for experimental aerosol production. Per ASFV isolate, 10 ml were aerosolised in an
empty isolator with a volume of 0.87 m3 (1.45 m x 0.66 m x 0.91 m), as described previously by
Weesendorp et al. (2008).
Between each aerosol experiment, the ventilation (81.5m 3/h) was switched on for 15 min
and control air samples were taken to confirm that ASFV concentrations in the isolator were
below the detection limit after ventilation.

Air sampling procedure to determine ASFV half-life in the air
Samples were taken using a sampling speed of 2 m3/h for 2 min; thus sampling 67 litres of
air. The air inside the isolator was sampled at the following times: t=0 (at the end of aerosol
production), t=15 min, t=30 min and t=45 min. The gelatine filters were then transported to the
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lab within 30 min after sampling, and dissolved in 10 ml of medium, kept at 37°C for 5 min. All the
samples were tested in qPCR and VT. In order to calculate the half-life of ASFV in the aerosols,
a linear regression model was used to fit the observed data. Using the regression equation:
E= slope * t + C

t ½ = log10 (0.5)/ slope

Sampling procedure to determine ASFV sedimentation rate
In a closed system, it can be assumed that ASFV removed from the air will sediment on surfaces
(Morawska, 2006). In order to characterize the sedimentation of airborne ASFV on surfaces
and compare it to the half-life of ASFV sampled in the air (see previous section), four Petri
dishes (150 x 25 mm) with 15 ml of EMEM medium each were placed on the floor of the isolator,
one minute before aerosol production (t=-3). The Petri dishes were covered at different times:
t=0 (at the end of aerosol production), t=15 min, t=30 min and t=45 min; and the media were
subsequently collected for testing in a qPCR.
Due to turbulence during aerosol production, ASFV particles not remaining in the air
were assumed to attach themselves equally to all surfaces. This would explain the difference
between the amount of virus aerosolised and the amount detected in the air immediately after
aerosolisation (initial loss). Virus amounts detected in the Petri dishes at t=0 were therefore
assumed to be representative for the full inner surface of the isolator (5.75 m 2).
After aerosolisation had stopped, ASFV particles were assumed to mostly sediment on the
floor of the isolator, due to gravitational forces, explaining the ASFV loss from the air (half-life).
Additional virus amounts detected in the Petri dishes at t=15, 30 and 45, compared to t=0, were
therefore assumed to be related to the floor surface of the isolator only (0.95 m 2).
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E = virus concentration after 15, 30 or 45 min (t=15, t=30 or t=45), with t = time interval in
min, C = virus concentration at the start (t=0). The half-life (t ½) of ASFV in the aerosols was
considered to be the time when the sampled filters titres decreased 50% or log 10 (0.5) TCID50.
The equation above can then be rearranged:

Air sampling procedure to determine the effect of sampling speed and duration
Three virus isolates (Brazil’78, Malta’78 and Netherlands’86) were aerosolised under the same
conditions as described before (titre of 105 TCID50/ml). In order to avoid excessive humidity in
the isolator, this experiment was done with an aerosolised volume of 5ml. Samples were taken
simultaneously using two air scan machines each set for one of the sampling speeds (2 m 3/h
or 8 m3/h). Samples were taken at t=5 and t=10, for both speeds. At t=5 the air was sampled for
2 min and at t=10 for 10 min. The experiment was performed in duplicate for each of the three
different isolates. This way, it was possible to study the effect of sampling speed and sampling
time on virus detection and survival. All the samples were tested in qPCR and VT.
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Animal experiment study design

3
Quantification of airborne african swine fever virus after experimental infection

Air samples were collected during animal experiments with three different ASFV isolates:
Brazil’78, Malta’78 or Netherlands’86. These experiments were primarily carried out to quantify
virus excretion and transmission (de Carvalho Ferreira et al., 2012). In the Brazil experiment,
ten pigs were successfully inoculated with 4.5 log 10 TCID50 of the Brazil’78 isolate. In the Malta
and Netherlands experiments, three pigs were successfully inoculated, respectively with 3.0
and 3.5 log10 TCID50 of the Malta’78 and Netherlands’86 isolates , while seven other pigs served
as contact pigs. The experiments lasted until 70 days after inoculation, or until all pigs died
or were euthanized due to welfare reasons. The experiments were approved by the Ethical
Committee for Animal Experiments of the Animal Sciences Group.

Sampling procedures during animal experiment
In every room, the air above the pigs at a height of approximately 1 meter was sampled for
10 min, using a sampling speed of 8 m3/h; thus sampling 1333 litres of air. From day 0 to day 27
post-inoculation (dpi 0 to dpi 27), air samples were collected three times per week. From dpi
28 until the end of the experiment (at dpi 70), air samples were collected twice per week. From
each animal, oropharyngeal swabs (OPF) and faeces samples were collected daily from dpi 0
to dpi 13 and three times per week from dpi 14 to dpi 27, except for the Brazil group, which was
sampled three times per week from dpi 0 to dpi 9. From dpi 28 until the end of the experiment
(at dpi 70), these samples were collected twice per week. In the Brazil group, additional samples
were taken by the air exit of the room. Gelatine filters used for air sampling were dissolved in
5 ml of Eagle minimum essential medium (EMEM) (Gibco, Invitrogen, Breda, The Netherlands),
supplemented with 5% foetal bovine serum and 10% antibiotics; kept at 37°C. Immediately after
being dissolved, the samples were stored at ‑70°C. Processing of oropharyngeal swabs and
faeces has been described previously in de Carvalho Ferreira et al. (2012). All the samples were
tested in qPCR and virus isolation (VI).

Virus isolation and titration
Virus titrations were carried out in fourfold, using 6 dilutions ranging from 10 0 to 10-5. Virus
titrations were carried out in 24-well plates (Greiner Bio-One, Frickenhausen, Germany) on
MARC-145 cells (African green monkey kidney). These cells were previously evaluated and
compared to pulmonary alveolar macrophages (PAM) in our research facilities and found to
be equally susceptible to ASFV infections. MARC-145 cells (1 ml, containing approximately
106 cells) were simultaneously inoculated with 125 µl of sample. Plates were incubated at 37°C in
an atmosphere with 5% CO2 for 40 to 48 hours. Presence of virus was confirmed in an immunoperoxidase monolayer assay (IPMA) (Wensvoort et al., 1988). Details regarding this test have
been described previously in de Carvalho Ferreira et al. (2012).

Quantitative Real-Time Polymerase Chain Reaction
Samples were analysed in a qPCR to determine the concentration of viral DNA, according to
the procedure described in de Carvalho Ferreira et al. (2012). The viral DNA concentration of
each individual sample was calculated using a standard curve. For air samples (gelatine filters),
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it was expressed as TCID50 equivalents (TCID50 eq.)/m3. For surface samples (Petri dishes), it
was expressed as TCID50 eq./m2. For OPF it was expressed as TCID50 eq./swab, and for faeces as
TCID50 eq./g. TCID50 equivalents do not necessarily represent live virus, but represent a relative
measure of the amount of viral DNA present in a sample.

Statistical analysis

RESULTS
Gelatine filter effect on ASFV detection and stability
The gelatine matrix had a small (0.17 log10 TCID50 eq./ml) but statistically significant (p=0.01)
negative effect on virus titres in the qPCR,compared to virus diluted in medium (Table 1). In
both VT and qPCR, the lowest tires were found when filters were dissolved in lower volumes.
Significant differences were found between samples diluted in the reference volume (10ml),
Table 1. Effect of the air filter gelatine matrix on virus survival (VT) and detection (qPCR), using different
volumes and processing times, using different ASFV isolates. Results are expressed as log10TCID50
eq. per ml.
VT
Malta´78 isolate *
Netherlands’86 isolate
Brazil’78 isolate
Gelatine matrix (air filters)
5 ml of medium
25 ml of medium
30 min (time after inoculation)
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To assess the effect of filters on the viability and virus detection of ASFV, a General Linear Model
(GLM) was fitted to the experimental data, with type (only medium or gelatine matrix diluted in
medium), isolate, time, and dilution volume as factor variables.
To calculate the half-lives of the airborne virus isolates, a random effects model was used,
with the titres found in the air filters per time point as the outcome variable, time as continuous
independent variable, isolate as a factor variable, and replicate as random effect. The slope was
then used to calculate the half-life for each isolate.
To assess the effect of sampling speed and duration in the viability and detection of
airborne ASFV, a GLM was used. In this model, time point and speed were factorial variables,
and duration of sampling was a continuous variable.
A GLM was used to assess the relation between the amount of virus detected in air filters
and the amounts of virus excreted in OPF and faeces, or number of animals shedding virus
in OPF and faeces. Calculations were performed in SPSS Statistics 17.0 and R (version 2.13.0),
reporting confidence intervals and p-values. Significance was considered when p<0.05.

qPCR

Estimate

95% CI

Sig.

Estimate

95% CI

Sig.

3.90
4.15
4.00
3.75
3.71
3.88
3.93

[3.70, 4.10]
[3.97, 4.33]
[3.82, 4.19]
[3.61, 3.90]
[3.53, 3.90]
[3.70, 4.06]
[3.79, 4.08]

0.01
0.26
0.06
0.05
0.86
0.65

4.52
4.82
4.72
4.35
4.45
4.73
4.51

[4.35, 4.70]
[4.65, 4.98]
[4.56, 4.88]
[4.21, 4.48]
[4.29, 4.61]
[4.57, 4.89]
[4.38, 4.64]

0.00
0.02
0.01
0.38
0.02
0.87

* Reference: Malta’78 isolate, only using 10 ml of medium and sampling 5 min after inoculation
CI=Confidence Interval
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and samples diluted in a smaller volume of 5 ml, in a VT (p=0.05); and samples diluted in a larger
volume of 25 ml, in a qPCR (p=0.02). Finally, a longer sample processing time (30 min) did not
lead to significantly lower results in either a VT or qPCR.

ASF virus half-life in the air

3

During the experiments, the relative humidity inside the isolator ranged from 61% to 80% and
the temperature ranged from 20.6 to 21.0°C. Depending on whether qPCR or VT results were
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Figure 1. Virus detection (qPCR) and inactivation (VT) in the air (per ASFV isolate) for experiments 1 and 2.
Results are expressed as log10TCID50 eq./m3. Marks corresponded to observed values and lines correspond
to the expected fitted regression line based on observed values.
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used (Figure 1), different half-life values were obtained: 19.2 min in the qPCR and 14.1 min in the
VT (Table 2). Right after aerosol production, average ASFV particles initially lost from the air
ranged from between 58% to 91%, with this fraction being lowest for the Malta’78 isolate and
highest for the Brazil’78.

ASF virus sedimentation rate

Table 2. Calculated slopes for the half-life of airborne ASFV measured in VT and for the half-life of airborne
ASFV measured in qPCR

VT
qPCR

Slope (time)

95% CI

Half-life (min)

95% CI

-0.021
-0.016

[-0.027, -0.016]
[-0.018, -0.013]

14.1
19.2

[11.2, 19.0]
[16.7, 22.7]

CI=Confidence Interval

Table 3. ASFV log10TCID50 eq. per time point (in min after aerosol production) found in the isolator air,
found on isolator surfaces and in total. Mean titres and standard deviations (SD) shown result from two
aerosol production experiments with the Malta’78, Netherlands’86 and Brazil’78 isolate.
Time point
0
ASFV Isolate Sample

Mean

SD

Malta

5.53

0.03

Stock
Air
Surfaces
Total
Netherlands
Stock
Air
Surfaces
Total
Brazil
Stock
Air
Surfaces
Total

6.35

6.19

15

30

45

Mean

SD

Mean

SD

Mean

SD

Mean

SD

5.16
5.70
5.81

0.13
0.00
0.03

4.83
5.79
5.83

0.06
0.14
0.04

4.64
5.87
5.89

0.03
0.11
0.05

4.40
5.80
5.82

0.01
0.01
0.00

5.46
6.35
6.40

0.12
0.06
0.04

5.17
6.40
6.42

0.12
0.05
0.04

4.89
6.42
6.44

0.13
0.06
0.06

4.69
6.45
6.45

0.03
0.05
0.05

5.14
6.19
6.23

0.03
0.06
0.06

5.05
6.26
6.29

0.06
0.07
0.07

4.71
6.25
6.26

0.04
0.05
0.05

4.57
6.26
6.27

0.02
0.04
0.04

0.04

3
Quantification of airborne african swine fever virus after experimental infection

Combining qPCR results of air samples and surface samples, allowed for an assessment of
ASFV sedimentation (Table 3). For the Netherlands’86 and Brazil’78 isolates, right after aerosol
production (t= 0), ASFV particles lost from the air could be related to ASFV particles being
detected on surfaces. At later time points (t=15, 30 and 45), considering that ASFV particles
only settled on the isolator floor, surface samples accounted for all the ASFV particles lost from
the air, with total amounts sampled (“Total” in Table 3) being similar to the aerosolised virus

0.08

Stock= ASFV log10TCID50 eq. present in 10 ml of aerosolised virus stock
Air= ASFV log10TCID50 eq. present in 0.87 m3 of isolator air
Surfaces = ASFV log10TCID50 eq. present in all isolator surfaces (5.7 m2) at time=0, and on the isolator floor
(0.95m2) in subsequent time points
Total= Sum of ASFV log10TCID50 eq. found in the air and on the surfaces of the isolator
SD=standard deviation
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stock for the Netherlands’86 and Brazil’78 isolates. Even though experiments with the Malta’78
isolate showed the same pattern, more ASFV (approximately 0.30 log 10 TCID50 eq.) was retrieved
from air and surfaces together than what was theoretically suspended in the air.

Effect of sampling speed and duration

3

There were no significant differences in titres of infectious virus, analysed by VT between
different speeds and sampling durations (Table 4). However, a longer sampling duration
(p=0.05) and a higher sampling speed (p=0.01) significantly lowered qPCR results.
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Table 4. Comparison of the effect of different sampling speed protocols, different time points and
different sampling durations on virus detection and survival, using different ASFV isolates. Results are
expressed as log10TCID50 eq./ m3.
VT
Malta’78 isolate*
Netherlands’86 isolate
Brazil’78 isolate
Higher speed (8m3/h )
Duration (1 min)
Time point (10 min)

Estimate

95% CI

4.96
5.39
5.19
4.79
4.94
4.44

[4.72, 5.20]
[5.21, 5.57]
[5.00, 5.38]
[4.62, 4.97]
[4.89, 5.00]
[4.05, 4.82]

qPCR
Sig.

Estimate

95% CI

Sig.

0.00
0.03
0.08
0.53
0.02

4.76
5.53
5.22
4.60
4.72
4.50

[4.61, 4.91]
[5.42, 5.65]
[5.10, 5.33]
[4.49, 4.70]
[4.69, 4.76]
[4.26, 4.74]

0.00
0.00
0.01
0.05
0.04

* Reference: Malta’78 isolate, speed 2m3/h, duration 0 min, time point 5 min
Higher speed = effect of using an alternative speed, in comparison with reference speed (2m 3/h)
Duration = effect of increasing the duration of the sampling protocol by one minute
Time point = effect of increasing the number of min between sampling and aerosol production,
in comparison with reference time point (5 min)
CI=Confidence Interval

Figure 2. Results of air sampling, OPF and faeces and number of excreting animals in the Brazil group. For
air filters, results are expressed as log10TCID50 eq. per m3, for OPF as log10TCID50 eq. per swab, and for faeces
as log10TCID50 eq. per g.
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Air sampling during animal experiment
During the animal experiments, the temperature in the rooms was on average 21.8°C ± 0.8°C,
and the relative humidity (RH) was on average 39.8% ± 7.8. ASFV DNA was detected in the
air from dpi 4 in the Brazil group (Figure 2) and from dpi 7 in groups Malta (Figure 3) and
Netherlands (Figure 4). The air filters contained viral DNA in the Brazil group until the end
of the experiment at dpi 9 (Figure 2) when all pigs succumbed to the disease. In the Malta
group, the air filters were consistently qPCR positive until dpi 23 and were then negative with
occasionally low titres on dpi 45, 53 and 70 (Figure 3). In the Netherlands group, the air filters
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Figure 3. Results of air sampling, OPF and faeces and number of excreting animals in the Malta group. For
air filters, results are expressed as log10TCID50 eq. per m3, for OPF as log10TCID50 eq. per swab, and for faeces
as log10TCID50 eq. per g.

3

Figure 4. Results of air sampling, OPF and faeces and number of excreting animals in the Netherlands
group. For air filters, results are expressed as log10TCID50 eq. per m3 for OPF as log10TCID50 eq. per swab, and
for faeces as log10TCID50 eq. per g.
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were qPCR positive until dpi 28 (Figure 4). Samples taken above the pigs showed similar results
as the samples taken near the air exit.
In all groups, presence of ASF viral DNA in filters was significantly associated with virus
amounts excreted in faeces (p=0.002) and with the number of animals excreting virus in faeces
(p=0.006). The amount of virus excreted in OPF or number of animals excreting in OPF did not
have a significant association with the amount of virus present in air filters.

DISCUSSION AND CONCLUSION
In this study, ASFV was detected and quantified for the first time, in air samples from rooms
housing experimentally infected pigs. ASFV DNA was shown to be present in the air after
infection with three different ASFV isolates. Viral DNA could be detected in air samples as early
as 4 days after infection for the most virulent isolate. Air samples were consistently positive,
during the first 25-30 days after infection, with titres up to 10 3.2 TCID50 eq./m3, and occasionally
positive up to 70 days. These results supplement the observations from Wilkinson et al. (1977),
who was the first to provide evidence for airborne transmission, but could not detect or
quantify virus in the air.
During the animal experiment, the earliest and highest airborne ASFV titres were detected
in the Brazil group, where pigs were given the highest dose of the most virulent isolate, while
in the other two groups (Malta and Netherlands), airborne ASFV could be detected three days
later and with lower titres. The early detection with high titres in the Brazil group is most likely
due to the fact that all ten pigs were inoculated in the Brazil group, while in the Malta and
Netherlands group only three pigs were inoculated, with the remaining seven pigs becoming
infected by contact. Furthermore, in the Brazil group, ASFV excretion started earlier after
inoculation and in higher amounts, in comparison with the other two groups. In all groups,
statistical analysis also showed a positive association between the titres of airborne ASFV and
the virus amounts excreted in faeces. High titres of ASFV occurred in faeces (de Carvalho
Ferreira et al., 2012) during the acute disease phase, when also the highest airborne ASFV titres
were detected. However, no relation was detected with virus excreted in OPF. A similar study
on CSFV showed comparable results, with the number of animals excreting virus in faeces
showing a stronger correlation to the detection of airborne virus than the number of animals
excreting virus in OPF (Weesendorp et al., 2009). While this correlation with faeces may provide
an indication to which could be the most likely source of airborne ASFV, it should be noted that
this analysis relies on a relatively small number of samples (N=55) and that a strong correlation
does not guarantee causation.
In our experiments, samples taken directly above the pigs and samples taken near the
air exit contained similar amounts of virus. This indicates that ASFV can persist in the air and
spread within a compartment. With ASFV titres of approximately 3 log 10 TCID50 eq./m3; a 25 kg
pig inhaling 15 litres of air per min (Alexandersen et al., 2002) would be exposed to more than
4.0 log10 TCID50 eq./day. Considering an ASFV pig infectious dose 50% (PID50) of 3.0 to 3.5 log10
TCID50 (de Carvalho Ferreira et al., 2012), this may be enough to infect susceptible piglets, even
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though exposure over time may result in a lower risk of infection than a single exposure of the
full dose (Pujol et al., 2009). The fact that Wilkinson (1977) did not observe virus transmission to
pens at more than 2.3 meters distance from the infected pigs, may have been due to direction
and speed of the air flow in the compartment. For CSFV, virus titres in the air, averaging up to
3.8 log10 TCID50 eq./m3 (Weesendorp et al., 2009), are higher than for ASFV. Furthermore, the
intranasal minimum infectious dose of CSFV is comparatively lower than of ASFV, ranging from
10-80 TCID50 (Liess, 1987; Terpstra and Wensvoort, 1988). On the other hand, survival of ASFV
in the air, with half-live values based on VT data of 14.1 min [11.2; 19.0], are comparable to the
half-life values of CSFV under similar conditions (Weesendorp et al., 2008). Taken together the
excreted ASFV dose in the air, minimum infectious dose and virus survival, airborne transmission
of ASFV within farms, is likely to be lower than for CSFV. The fact that virus was found near the
air exit also shows that ASFV will be able to leave the compartment, especially when mechanical
ventilation is used. Similar limitations of airborne spread to other farms are expected as for
within farm virus spread. A lack of field observations suggesting airborne virus spread seems to
support the notion that airborne spread of ASFV is even less likely than of CSFV.
The air sampling device used in this study was previously validated for CSFV (Weesendorp
et al., 2008) and has been used in other studies to detect viruses, bacteria (Landman et al.,
2004; Landman and van Eck, 2001) and fungi (Engelhart et al., 2007). The gelatine filters have a
negligible effect on the ability to detect and quantify the virus, in a virus isolation or a qPCR test
(reduction of 0.15-0.20 log10TCID50 or TCID50 eq.), and the virus titres remain stable in the filters
for at least 30 minutes. Filters can be dissolved in different volumes of medium, depending on
the expected airborne virus titre. To estimate high virus concentrations with more precision,
larger volumes of medium are preferred. To increase sensitivity, smaller amounts of medium
are preferred.
A higher sampling speed, for a longer sampling period, has a negative effect on the detection
and stability of ASFV. This has been previously reported in another study using the same air
sampling device for CSFV (Weesendorp et al., 2008). A higher speed for a longer sampling
period may subject the virus particles to a higher mechanical pressure, possibly leading to virus
inactivation. Then again, a higher sampling speed and/or sampling for a longer period, allows
for the sampling of much larger volumes of air, which can provide an increased sensitivity.
Thus, while a lower sampling speed/shorter duration can provide the most accurate results;
when small quantities of virus are expected, such as in the context of an animal experiment, a
higher sampling speed/longer duration is preferable. On the other hand, for the validation and
half-life experiments, the more accurate lower speed/shorter time protocol was the preferred
choice, given that higher airborne ASFV titres were expected.
After generation of the ASFV-containing aerosols, the virus is subject to both physical and
biological decay. Physical decay depends on the time particles remain suspended in the air,
which is influenced by particle size and deposition, and biological decay depends on factors
involved in the inactivation of the virus (Stark, 1999). In our experiments, half-lives calculated
from qPCR results were assumed to correspond to physical ASFV decay (sedimentation) only,
while half-lives calculated from VT results were assumed to correspond to both a physical and
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biological ASFV decay (combination of sedimentation and inactivation). From these results,
the slope of the biological decay of airborne ASFV can be inferred by subtracting the slope
calculated using qPCR data to the slope calculated using VT data. As a result, the half-life of
ASFV in the air due to inactivation processes is estimated to be 52.5 min. Furthermore, using
a closed system, the ASFV lost from the air due to physical decay could be retrieved on the
surfaces of the isolator. This indicates that our air sampling system measured DNA amounts
present in the air with reasonable accuracy, and consequently that the physical decay of ASFV
was not underestimated. The slightly higher total titres of the Malta’78 isolate calculated on
surfaces and in the air, than the amount aerosolised implies that the virus titres effectively
aerosolised may have been higher than initially assumed.
The results shown in our study provide the first quantitative indication of airborne ASFV
amounts originating from groups of infected pigs, for a prolonged period of time. Additionally,
the half-lives of airborne ASFV were determined under in vitro conditions. The parameters
calculated from this study can be used to model airborne transmission probability of ASFV
within and between farms, as it has been done for other pig airborne diseases such as FMD and
Aujesky’s disease (Casal et al., 1997; Grant et al., 1994; Sorensen et al., 2000).
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African Swine Fever (ASF) is a highly lethal, viral disease of swine. No vaccine is available, so
controlling an ASF outbreak is highly dependent on zoosanitary measures, such as stamping
out infected herds and quarantining of affected areas. Information on ASF transmission
parameters could allow for more efficient application of outbreak control measures. Three
transmission experiments were carried out to estimate the transmission parameters of two ASF
virus isolates: Malta’78 (in two doses) and Netherlands’86. Different criteria were used for onset
of infectiousness of infected pigs and moment of infection of contact pigs. The transmission
rate (β), estimated by a Generalized Linear Model, ranged from 0.45 – 3.63 per day. For the
infectious period, both a minimum and maximum infectious period were determined, to
account for uncertainties regarding infectiousness of persistently infected pigs. While the
minimum infectious period ranged from 6 to 7 days, the average maximum infectious period
ranged from approximately 20 to nearly 40 days. Estimates of the reproduction ratio (R)
for the first generation of transmission ranged from 4.9 to 24.2 for the minimum infectious
period and from 9.8 to 66.3 for the maximum infectious period, depending on the isolate.
A first approximation of the basic reproduction ratio (R 0) resulted in an estimate of 18.0
(6.90 to 46.9) for the Malta’78 isolate. This is the first R 0 estimate of an ASFV isolate under
experimental conditions. The estimates of the transmission parameters provide a quantitative
insight into ASFV epidemiology and can be used for the design and evaluation of more efficient
control measures.
Keywords: African swine fever; transmission rate; transmission experiment; reproduction ratio.
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African swine fever (ASF) is a highly transmissible viral disease of pigs, caused by the ASF virus
(ASFV), a DNA virus from the family Asfarviridae, genus Asfivirus. ASF is often associated with
high mortality rates, although isolates of this virus may vary in virulence (Mebus, 1988). ASF is
endemic in Sub-Saharan Africa where it was first described in 1921 (Montgomery, 1921). Several
outbreaks have since then occurred in Europe, South and Central America (Sanchez-Vizcaino
et al., 2012). In most non-African countries, the disease was successfully eradicated, except for
Sardinia (Italy) (Sanchez-Vizcaino et al., 2012). However, a recent introduction (2007) of ASF in
Georgia (Rowlands et al., 2008) was followed by a rapid spread to bordering countries. To this
date (December 2012; http://www.oie.int/wahis/public.php), the disease is still circulating in
Russia, posing a threat to the European pig population (Mur et al., 2011).
Due to the lack of a vaccine against ASF, virus can only be eliminated by strict enforcement
of control and eradication regulations, such as stamping out infected herds, movement
restrictions and improved hygiene measures (Costard et al., 2009; OIE, 2011). If virus
transmission is sufficiently reduced by these measures, the virus will disappear from the
population. ASFV transmission can occur either through a vector borne cycle (mostly in South
and East African countries), involving wildlife hosts, ticks (Ornithodoros spp.) and domestic
pigs (Plowright et al., 1994) or through a pig cycle, involving direct or indirect contact between
domestic pigs and/or wild boar (Sanchez-Vizcaino et al., 2012). Indirect contact is considered
an important source of ASFV transmission, given ASFV’s relative stability in animal products
(McKercher et al., 1978; Mebus et al., 1997; Mebus et al., 1993), excretions (Turner and Williams,
1999) and blood (Plowright and Parker, 1967). Additionally, virus can be transmitted by aerosols
over short distances (Wilkinson et al., 1977).
Transmission by direct contact will depend on the amount of virus shed and the susceptibility
of contact pigs to ASFV. Depending on the isolate and the dose, pigs become infectious after
a latent period of 5 to 15 days post infection (Plowright et al., 1994), which happens generally
1-2 days before the onset of fever (Greig and Plowright, 1970). Acutely infected pigs will excrete
large amounts of virus for about 10 days, mostly through the oronasal route (Greig and Plowright,
1970) but also through the faecal, genital and conjunctival routes (McVicar, 1984). Sub-acute and
chronically infected pigs are known to excrete intermittently (Ekue et al., 1989; McVicar, 1984).
Surviving pigs can either show recurrent febrile periods or appear clinically normal (Wilkinson,
1984; Wilkinson et al., 1983); with infectious virus being present in tissues up to 135 days after
infection (Mebus and Dardiri, 1980) and infectious virus being present in the oropharynx
intermittently for at least up to 66 days after infection (de Carvalho Ferreira et al., 2012).
Virus transmission can be quantified by estimation of the transmission rate (β), which
is defined as the number of new infections per unit of time (usually per day), caused by one
typical infectious animal in a fully susceptible population. This rate, when multiplied by the
average length of the infectious period (T), allows for the estimation of the basic reproduction
ratio R0 (Diekmann et al., 1990). R0 is a commonly used parameter to quantify the efficiency of
disease spread, expressing the average number of secondary infections caused by one infected
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animal in a fully susceptible population during its entire infectious period (Anderson and
May, 1979). If R0 is below 1, the disease will disappear from the population, and if R 0 is above 1,
disease may persist (Anderson and May, 1979). Estimates of the transmission parameters can
provide valuable information that may be used for the improvement of control strategies or
implementation of more efficient preventive measures (Wieland et al., 2011), thus minimizing
the economic and social impact associated with ASF. Yet, until now, only one study (Gulenkin et
al., 2011) has been published quantifying the R 0 of ASFV, using field morbidity data.
The transmission process can be reconstructed under experimental conditions by
determining moment of infection and (onset of) infectiousness of animals involved. Different
markers for infection and infectiousness can be used. The suitability of these markers depends
on the virus dynamics within the host and the variation between hosts. While markers such as
viraemia (Klinkenberg et al., 2002b; Laevens et al., 1998; Laevens et al., 1999), presence of virus
in different excretions (Eble et al., 2004; Weesendorp et al., 2009) or clinical signs (Durand
et al., 2009) have been previously assessed for their suitability in estimating the transmission
parameters of classical swine fever (CSF) and foot-and mouth disease (FMD), such comparative
studies are still lacking for ASF.
The aim of this study was to estimate the β of two moderately virulent ASFV isolates,
using different criteria for the above mentioned markers, under experimental conditions.
The robustness of these criteria, regarding the onset of infectiousness in infected pigs and
the moment of infection in contact pigs, was compared. Based on minimum and maximum
estimates for the infectious period, a range for the reproduction ratio was calculated.

MATERIALS & METHODS
Experimental setup and sample collection
The experimental setup and sample collection of the transmission experiments analysed in
this study, have been previously described by de Carvalho Ferreira et al. (2012). In short: three
groups of ten pigs were housed in separate compartments and five pigs in each group were
inoculated intranasally with a moderately virulent isolate, either the Malta’78 (3 log 10 median
tissue culture infective dose (TCID50) [low dose] or 4 log10 TCID50 [high dose] per pig) (Wilkinson
et al., 1980) or the Netherlands’86 (3.5 log10 TCID50 per pig) (Terpstra and Wensvoort, 1986)
isolate. In both the Malta low dose and the Netherlands groups, the inoculation was successful
in three of the five pigs, and the remaining seven pigs were considered contact exposed. In the
Malta high dose group, the inoculation was successful in all five pigs, and the other five were
considered contact exposed. Pigs were examined daily for clinical signs and body temperature.
Fever was defined as body temperature higher than 40°C. In each group, oropharyngeal fluid
(OPF) and faecal samples were collected daily until day 13 post-inoculation (dpi 13), three times
per week from dpi 14 to dpi 27, and twice per week after dpi 28. EDTA stabilized blood samples
were collected 3 times per week from dpi 0 to dpi 27 and twice per week from dpi 28 to dpi
70. Quantitative real-time polymerase chain reaction (qPCR) and virus isolation tests were
performed on OPF, faeces and blood (de Carvalho Ferreira et al., 2012).

Reconstruction of the transmission process
In order to estimate the transmission rate, both the moment that infected pigs became infectious,
and the moment of infection in contact pigs had to be determined. To do so, different criteria
were used for infectiousness and moment of infection, resulting in 7 sets of criteria (Table 1).

Table 1. List of criteria used for the calculation of the transmission rate (β).
Onset of infectiousness
(in inoculated)
OPF (VI pos)
OPF (qPCR>1.92)
OPF (VI pos)
OPF (qPCR>1.92)
1 day before fever (>40°C)
2 days before fever (>40°C)
OPF (positive qPCR)

Moment of infection
(in contacts)
OPF (VI pos)
OPF (qPCR>1.92)
fever (>40°C)
fever (>40°C)
fever (>40°C)
fever (>40°C)
fever (>40°C)

β calculation possible?
No
Yes
No
Yes
Yes
Yes
No

OPF=oropharyngeal swabs, VI=virus isolation, qPCR=quantitative PCR, pos=positive

Onset of infectiousness was based either on detection of infectious virus (VI) in OPF,
detection of virus genome (qPCR) in OPF or fever (body temperature >40°C). OPF data was used
as an indicator for the onset of infectiousness, because ASFV is initially excreted mostly through
the oro-nasal route (Greig and Plowright, 1970). Pigs were assumed to be infectious from the
moment OPF was either VI-positive (criteria 1 and 3) or qPCR-positive (criterion 7). Because
small quantities of detectable DNA in OPF samples do not guarantee infectiousness, a cut-off
(threshold) value for qPCR results was also calculated (see next section) and infected pigs were
then assumed to be infectious from the moment qPCR results reached this threshold in the OPF
(criteria 2 and 4). Fever was also considered a possible indicator for onset of infectiousness, as
it was previously observed that ASFV can be detected in OPF one to two days before the onset
of fever (Greig and Plowright, 1970; Plowright et al., 1994). Thus, infected pigs were assumed to
become infectious either one or two days before they developed fever (criteria 5 and 6).
Moment of infection of the contact pigs was based on the first observation of a positive
VI or qPCR above threshold on OPF samples, or fever. Depending on whether VI and qPCR
results on OPF samples, or fever were used, respectively either an average latent period (time
from infection to onset of infectiousness, i.e. ability to infect other pigs) (Nishiura, 2007) or
an average incubation period (time from of infection to onset of clinical symptoms, in this
case fever) (Nishiura, 2007) were subtracted from the moment these observations had been
observed, to obtain the moment of infection.
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Criterion
1
2
3
4
5
6
7

Calculation of a cut-off (threshold) for qPCR results of OPF
While qPCR may be a more robust and reproducible test than VI, small quantities of detectable
DNA do not necessarily represent infectious virus. A cut-off (threshold) value for qPCR was
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calculated, so that the presence of a sufficient amount of virus in a sample could be related
to pig infectiousness. To calculate this cut-off value, a receiver operating characteristic (ROC)
curve was constructed based on sets of “true-negative” samples (VI negative) and “truepositive” samples (VI-positive). Only samples taken during the acute phase were used in the
ROC-analysis: all VI-negative samples until the first VI-positive sample was detected, and the
first VI-positive sample. The optimal cut-off for the qPCR was calculated using the Youden’s J
statistic (Youden, 1950) by determining the coordinate point in the ROC curve at the largest
distance to the identity (diagonal) line, corresponding to the point where the sum of sensitivity
and specificity was maximal. Calculations were done using the pROC package (Robin et al.,
2011) for R (version 2.13.0).

Transmission rate estimation
Assuming an SEIR (Susceptible-Exposed-Infectious-Removed) model, the transmission
process was reconstructed in the three groups. For each time interval, the number of infectious
and susceptible pigs was determined at the start of the interval, and the number of contact
infections among these susceptible pigs during the interval. The transmission rate (β) was
estimated using a Generalized Linear Model (binomial distribution, complementary loglog link)
with the number of new contact infections as binomial totals, the number of susceptible pigs
(per time interval) as explanatory variable, and ln (number of infectious pigs*time interval/total
number of pigs) as offset (Klinkenberg et al., 2002a).Calculations were done using statistical
software SPSS (SPSS, 2008) Differences between transmission rates were considered significant
if the 95% confidence interval of the difference between transmission rates did not include zero.

Estimation of infectious period and reproduction ratio for first generation of
transmission
To determine the length of the infectious period, infectiousness of the individual pigs was
based only on qPCR results, using the threshold determined by the ROC-curve analysis. Fever
was the only other marker that could be used to determine the start of the infectious period,
but because it was not considered reliable enough to determine the end of the infectious
period, this marker was not used to determine the length of the infectious period. In a previous
study, secondary excretion peaks (chronic or carrier phase) were observed after the acute
phase (de Carvalho Ferreira et al., 2012). Infectivity during this secondary peak is difficult to
assess, but it is likely to be lower than during the first peak; as no contact infections have been
reported in previous studies during this phase (Wilkinson et al., 1983). Given this uncertainty,
both a minimum and a maximum infectious period were calculated. The minimum infectious
period assumes that during the second peak the infected pigs are no longer infectious; while
the maximum infectious period assumes that during the second peak, infected pigs are
as infectious as in the acute phase. The infectious period started when the first qPCR result
above the threshold was observed. The minimum infectious period ended when the last qPCR
result above threshold was observed at the end of the first excretion peak. The end of the
first excretion peak was marked by the observation of qPCR results below threshold: 1) two

consecutive qPCR results below threshold within the first 14 dpi, or 2) one qPCR result below
threshold after 14 dpi. The maximum infectious period ended when the last qPCR result above
threshold was observed, regardless of intermediate qPCR results below threshold.
In order to test for significant differences, an ANOVA was done between groups, for both
the minimum and the maximum infectious periods. In order to test for significant differences
between inoculated and contacts, a Student t-test was done within groups, for both the
minimum and the maximum infectious periods. Differences were considered to be significant
when p<0.05. Statistical tests were done using SPSS statistical software (SPSS, 2008).
Both the minimum and maximum infectious periods were used to calculate minimum and
maximum values for the reproduction ratio (Heesterbeek, 2002):

R = the reproduction ratio for each group, β = the transmission rate estimation per group,
T = average infectious period (minimum or maximum) per group.
Confidence intervals (95%) were constructed based on the variance of the transmission
rate and of the infectious period estimates (Klinkenberg et al., 2002a). It should be noted
that this transmission rate and reproduction ratio as determined here only refer to the first
generation of transmission (from inoculated pigs to contact pigs). For that reason, R is used for
the reproduction ratio for this first generation, in contrast to R 0, the basic reproduction ratio
more commonly used and broader applicable.

RESULTS
Calculation of a cut-off (threshold) for qPCR results of OPF
Using 394 data points, the ROC-curve presented in Figure 1 was constructed. The coordinate
points on the ROC-curve where the sum of sensitivity and specificity was maximal, gave the
optimal cut-off for the qPCR of 1.92 log10TCID50. This threshold was subsequently used in several
criteria to determine onset of infectiousness and duration of the infectious period.

Reconstruction of the transmission process
From all the criteria in Table 1, four could be used to determine the transmission rates (criteria
2, 4, 5 and 6). The use of criteria 1 and 3 lead to inconsistencies in the analysis, as by subtracting
the latent period (for criterion 1) or incubation period (for criterion 3), some of the contact pigs
would become infected before the first inoculated pigs became infectious. The use of criterion
7 also lead to inconsistencies in the analysis, because by subtracting the incubation period;
some of the contact pigs were already infectious, before being infected.
In Tables 2 to 4, the onset of infectiousness for all the infected pigs is shown according
to criteria 2 and 4, as is the moment of infection of the contact pigs, according to criterion 2.
Using criterion 2, the average latent period was 5 ± 1.4 days in the Malta high group, 4 ±0.8 days
in Malta low group and 5 ± 0.5 days in the Netherlands group.
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R=β*T
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Table 2. qPCR-results in OPF (ASFV TCID50 equivalents/swab), for the Malta high group. ASFV titres were
used to calculate the minimum (medium grey) and maximum (light grey) infectious period. Moment of
infection of contact pigs, based on qPCR (latent period of 5 days before the first qPCR result >1.92) are
shown in dark grey.
Dpi
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I/C

0

1

2

C
C
C
C
C
I
I
I
I
I

-

-

-

3

4

5

6

7

- 0.64
1.93 3.75 3.97
2.12 0.65 2.12 3.66 3.86
- 1.24 3.88 3.25
- 0.61 2.34 3.44
1.57 3.27

8

9

10

11

12

13

14

16

18

1.62
0.30
0.30
1.97
0.84
3.59
3.54
3.70
3.66
4.32

0.88
0.14
1.57
0.67
1.81
2.83
2.83
2.11
2.83
3.80

1.64
0.96
0.44
0.11
4.08
x
1.26
1.66
1.62
3.47

3.59
0.73
2.34
2.50
4.49
x
2.61
2.31
2.04
3.08

3.31
0.65
1.89
2.42
3.95
x
1.38
1.41
1.67
3.13

2.80
2.77
1.91
2.23
3.85
x
1.20
1.50
0.92
2.50

2.34
3.49
3.22
3.75
3.15
x
1.28
0.69
2.03
2.22

1.71
2.83
3.07
3.99
3.41
x
1.83
0.92
1.85
2.76

1.54
2.24
2.19
1.92
2.77
x
2.19
0.79
1.60
2.08

Dpi=days post inoculation, C=contacts, I=inoculated.

Table 3. qPCR-results in OPF (ASFV TCID50 equivalents/swab), for the Malta low group. ASFV titres were
used to calculate the minimum (medium grey) and maximum (light grey) infectious period. Moment of
infection of contact pigs, based on qPCR (latent period of 4 days before the first qPCR result >1.92) are
shown in dark grey.
Dpi
I/C

0 1

C
C
C
C
C
C
C
I
I
I

-

2

3

4

5

6

7

8

9

- 0.04 1.41 2.93
- - -0.08 0.10 2.20 1.96
- 1.84 3.31 3.05
- 0.47 -0.05 2.66 2.70
- 0.36 1.22
- 0.31 -0.60 0.32
- 1.38 1.60 3.17 1.83
- 1.55 2.76 2.93 2.35 3.57 3.53 3.13 2.04
- - 0.54 3.25 3.79 3.60 3.41 1.72
- 1.23 2.19 2.01 1.75 1.24 2.49 1.82

10

11

12

13

14

16

2.81
2.84
3.50
3.65
2.89
2.58
3.50
2.55
2.17
1.45

2.73
3.44
3.70
4.25
4.73
3.90
3.23
2.05
1.38
1.31

4.46
2.64
3.96
3.92
3.69
4.06
2.88
1.42
1.63
0.85

3.25
2.35
3.09
3.29
4.11
3.84
3.11
1.70
1.56
2.13

3.05
2.25
3.83
2.88
2.95
2.85
x
2.63
1.39
2.27

2.68
1.86
1.96
2.43
2.39
2.85
x
1.94
2.62
2.68

Dpi=days post inoculation, C=contacts, I=inoculated.

For the criteria based on body temperature, similar tables were used in which body
temperatures were listed for each pig on a daily basis (data not shown). For these criteria, the
incubation period was on average 5 ±0.5 days in the Malta high group, 5 ±1.4 days in the Malta
low group and 5 ± 0.5 days in the Netherlands group.

Transmission rate estimation
Transmission rates (β) were estimated for criteria 2, 4, 5 and 6, for all experimental groups
(Table 5). There were no significant differences in transmission rates for the Malta high and the
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Dpi
23

25

28

31

35

0.32
1.44
0.37
0.90
1.38
x
2.28
1.60
1.58
1.94

0.90
2.35
0.40
2.01
x
2.27
2.77
0.89
1.67

0.41
1.04
1.33
1.19
1.85
x
3.30
2.73
2.40
2.91

2.00
2.01
0.90
1.10
x
2.57
2.79
1.63
3.08

2.25
3.50
2.61
2.39
x
3.11
3.47
2.16
2.29

0.65
2.58
3.19
2.59
2.35
x
3.48
2.21
2.05
2.93

18

21

23

25

28

31

35

38

42

45

50

53

56

59

x
1.07
x
1.88
x
1.99
x
1.60
1.89
0.99

x
1.74
x
x
x
x
1.19
2.92
0.85

x
2.07
x
x
x
0.85
x
1.37
3.31
1.12

x
2.32
x
x
x
1.02
x
1.81
2.60
1.31

x
2.52
x
x
x
2.26
x
1.92
3.18
1.29

x
2.29
x
x
x
1.76
x
2.01
3.75
1.38

x
1.75
x
x
x
1.48
x
2.17
3.05
1.76

x
3.16
x
x
x
2.82
x
2.53
3.60
1.97

x
1.11
x
x
x
1.07
x
2.60
3.74
1.45

x
0.94
x
x
x
2.68
x
3.01
3.67
2.40

x
3.10
x
x
x
2.29
x
1.94
2.97
1.22

x
2.51
x
x
x
1.36
x
1.99
3.16
0.49

x
1.40
x
x
x
1.74
x
1.68
3.23
0.31

x
0.99
x
x
x
1.71
x
1.30
2.18
0.41

1.25

38

42

45

50

53

2.21 2.30 1.92 1.26
3.41 3.32 3.15 1.75
2.46 2.50 2.08 2.35
2.59 1.75 2.74 2.28
x
x
x
x
3.56 2.48 2.50 2.28
2.49 1.68 2.63 2.13
1.20 1.05 2.09 2.18
2.27 1.81 2.61 2.65

56

59

63

66

70

1.74
0.69 1.09
2.25 1.62 1.37 1.82 1.12
1.63 0.33 1.26 0.35 0.56
1.89 1.96 2.07 1.33 0.86
x
x
x
x
x
1.44 1.34 1.51 1.95 1.20
1.30 1.30 0.47 1.49 1.23
1.81 1.53 1.73 0.77 1.33
2.14 2.66 2.25 2.39 2.64

0.78
1.34
x
1.67
1.43
1.60
2.09

Dpi
63

66

70

x
x
x
1.05
- 0.68
x
x
x
x
x
x
x
x
x
0.92 0.26 1.10
x
x
x
1.18 2.02 0.72
3.22 3.20 2.93
- 0.98
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Malta low calculated by criteria 2 and 4. For these two criteria, the Malta groups were therefore
also analysed together and a common transmission rate was calculated. Estimates of β ranged
from 0.45 – 3.63 per day, depending on isolate and criteria used for infectiousness and moment
of infection. Criterion 2 resulted in significantly higher transmission rates than criterion 5 (Malta
High group only) and 6 (Malta high and Malta low group). In the Malta low group, the estimated
transmission rates were significantly higher than those in the Netherlands group, independent
on the criteria used.
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Table 4. qPCR-results in OPF (ASFV TCID50 equivalents/swab), for the Netherlands group. ASFV titres were
used to calculate the minimum (medium grey) and maximum (light grey) infectious period. Moment of
infection of contact pigs, based on qPCR (latent period of 5 days before the first qPCR result >1.92) are
shown in dark grey.
Dpi
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I/C

0 1

2

3

C
C
C
C
C
C
C
I
I
I

-

-

-

-

4

5

6

7

1.06 4.06 4.35 3.94
- 0.59 2.80 3.73
1.16 2.24 4.26 3.48

8

9

10

11

12

13

14

16

18

1.09
0.51
3.22
3.34
3.54

0.75
0.56
2.49
3.54
2.77

0.26
2.39
2.78
4.07

0.34
0.74
1.19
0.95
0.66
2.14
1.91
3.88

2.46
1.61
1.31
2.37
0.22
3.28
1.50
2.95

2.52
0.68
3.35
3.02
2.37
3.94
1.44
1.08
2.46
3.03

4.40
0.78
3.11
4.52
3.46
4.20
1.84
2.59
1.79
2.52

4.53
4.28
4.58
4.74
3.75
4.16
2.47
1.16
1.67

x
2.74
3.49
3.11
4.27
3.17
2.63
1.89
1.99
1.24

Dpi=days post inoculation, C=contacts, I=inoculated.

Table 5. Transmission rates (β) and 95% confidence intervals calculated for all three experimental
groups and each valid criterion. Significant differences between groups (within the same criterion) are
shown by different letters, significant differences between criteria (within the same group) by different
numerical digits
Malta high group
Criterion
2
4
5
6

Malta low group

Malta (high and low)
group

β

95% CI

β

95% CI

β

95% CI

β

95% CI

2.09ab,1
0.89ab,12
0.63b,12
0.48b,2

0.86 – 5.10
0.38 – 2.10
0.26 – 1.51
0.20 – 1.15

3.63a,1
2.74a,1
2.34a,1
1.51a,1

1.72 – 7.66
1.32 – 5.67
1.12 – 4.89
0.73 – 3.13

2.79a,1
2.01a,1
n.a.
n.a.

1.57 – 4.95
1.14 – 3.55
n.a.
n.a.

0.92b,1
0.65b,1
0.54b,1
0.45b,1

0.44 – 1.92
0.31 – 1.35
0.26 – 1.13
0.22 – 0.95

CI= 95% Confidence interval, n.a. = not applicable due to statistically significant differences in transmission
rates between individual groups

Table 6. Average duration in days and standard deviation of the minimum and maximum infectious
periods for all experimental groups
Minimum infectious period
Groups
Malta high
Malta low
Malta (high and low)
Netherlands

Maximum infectious period

Inoculated

Contacts

Total

Inoculated

Contacts

Total

7.2±3.7
7.3±4.0
7.3±3.8
9.0±1.6

6.6±2.4
6.9±1.1
6.8±1.8
4.6±1.4

6.9±3.3
7.0±2.5
7.0±2.9
5.9±2.6

40.3±21.0
56.3±10.9
48.0±19.0
41.3±5.0

33.6±16.2
17.0±16.2
23.9±18.2
10.7±15.3

38.3±20.4
28.8±24.6
33.6±22.5
19.9±20.2

Total =average duration of the infectious period of inoculated and contact pigs
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Netherlands group

Dpi
21

23

28

31

35

38

x
x
x
2.81 0.98 3.27
0.78
x
x
x
x
x
x
x
x
x
x
x
x
x
2.49 2.23 2.19
2.39 1.76 2.83
2.13 2.27 2.46

25

x
1.11
x
x
x
x
x
1.37
1.54
2.81

x
1.56
x
x
x
x
x
1.73
1.70
1.95

x
1.97
x
x
x
x
x
0.42
2.19
3.05

42

63

66

70

x
x
x
x
x
x
x
2.90 2.73 2.03 2.57 1.89 1.49 1.50
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
x
2.03 2.08 0.71 1.61 1.42 0.98
2.36 0.42 0.86 1.38 0.39 0.56
3.03 2.37 1.67 2.35 1.26 1.70 1.21

45

50

53

56

59

x
2.19
x
x
x
x
x
1.74

x
1.22
x
x
x
x
x
0.65
1.59

587
588

Cut-off = 1.92
Sensitivity = 0.97
Specificity = 0.95
AUC = 0.99
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Table 7. Reproduction ratio (R) estimates, for each experimental group (using only criterion 2), with the
minimum and maximum infectious period, showing 95% confidence interval estimates.
Minimum infectious period
Groups
Malta high
Malta low
Malta (high and low)
Netherlands

Maximum infectious period

R

95% CI

R

95% CI

13.2
24.2
18.0
4.92

3.72 - 46.5
8.99 - 64.9
6.90 - 46.9
1.45 - 16.6

57.5
66.3
62.3
9.75

5.50 - 600
7.09 - 619
6.91 - 562
0.76 - 125

4

R=Reproduction ratio, CI=Confidence Interval
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were no statistically significant differences between groups, for both the minimum and the
maximum infectious period. Individual results for minimum and maximum infectious periods
can be found in Tables 2 to 4.
In the Malta low and Netherlands groups, the maximum infectious period was significantly
shorter for the contact than for the inoculated pigs. This difference was due to the higher
mortality seen in the contact pigs from these two groups. As it can be seen in Tables 3 and 4, 5
out of 7 contacts in the Malta low group, and 6 out of 7 in the Netherlands group died or were
euthanized before dpi 28.
The reproduction ratios (R) for the first generation of transmission were calculated using
the transmission rates determined by criterion 2, combined with both the minimum and
maximum infectious periods (Table 7). The R ranged from 4.9 to 24.2 for the minimum infectious
period and from 9.8 to 66.3 for the maximum infectious period.
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DISCUSSION
To the best of our knowledge, this is the first study estimating transmission parameters for
ASFV under experimental conditions. Estimates for the transmission rate β ranged from 0.48
to 3.63 per day for the Malta’78 isolate, and from 0.45 and 0.92 per day for the Netherlands’86
isolate, depending on the criteria used to determine onset of infectiousness and moment of
infection. Overall, these estimates were quite similar, with only very few statistically significant
differences between the criteria. This suggests that the criteria that could be used are rather
robust and equally valid. For the Malta’78 isolate, the reproduction ratio R ranged from 13.2
(minimum infectious period) to 66.3 (maximum infectious period), and for the Netherlands’86
from 4.92 (minimum infectious period) to 9.75 (maximum infectious period). Although both
isolates behave as moderately virulent (de Carvalho Ferreira et al., 2012), significant differences
were seen between their estimates for the transmission parameters, implying that virulence is
not necessarily a good predictor for virus transmission dynamics.
Transmission parameters have been estimated for other diseases, such as CSF and FMD,
using similar methods, but using different markers for infection and infectiousness over time
(Durand et al., 2009; Eble et al., 2004; Laevens et al., 1998; Laevens et al., 1999; Weesendorp
et al., 2009). In this study we used virus in OPF and fever as possible markers. Different criteria
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for the virological marker (VI, qPCR with and without threshold) and fever (pigs infectious one
or two days before onset of fever) were used, comparing their suitability and robustness in
estimating the transmission parameters of ASFV.
To determine the moment of infection, onset of infectiousness and duration of infectious
period, we focused primarily on markers related to virus excretion. Given that in previous
studies, virus shedding in OPF has been shown to be the earliest indicator of ASFV infection
(Greig and Plowright, 1970), we considered the detection of virus in OPF a relevant and reliable
marker for all these parameters. In addition, we used fever as a marker for moment of infection
and onset of infectiousness, because previous observations suggested that pigs become
infectious one to two days before they develop a fever (Greig and Plowright, 1970).
Virus isolation and qPCR (without threshold) on OPF could not be used to estimate
transmission parameters. In part, this is likely due to differences in infection dynamics between
the inoculated and contact pigs. The type of exposure (single exposure with a fixed amount
of virus, vs. long term exposure of unknown amounts of virus) may be an important factor,
emphasizing the need for a good infection model, in which inoculated and contact pigs show
similar infection dynamics.
Additional limitations to the use of qPCR without threshold in this study were the initially low
but consistent qPCR titres in the OPF of several contact pigs for multiple days. Contamination
of the OPF was ruled out as unlikely, so an initial local virus replication was suspected after
exposure to the virus. This still leaves two possibilities, either this local replication lead to a
delayed systemic infection, or the on-going exposure to the virus ultimately lead to a systemic
infection. Because no evidence for either possibility exists, this criterion could not be used,
as both moment of infection and onset of infectiousness remain uncertain. Instead, by using
qPCR results with a threshold, thereby simulating a minimum amount of virus needed for
transmission, allowed for the estimation of transmission parameters.
Fever has several advantages compared to daily sampling and testing of OPF: it’s easier,
cheaper, and also beneficial from an animal welfare point of view. Except for the inoculated
pigs in the Netherlands groups, where virus excretion started shortly after fever occurred, our
own results confirmed that on average virus excretion starts one to two days before fever is first
detected (data not shown). Nevertheless, estimates for the transmission rate β were similar for
the different criteria and rarely significantly different from each other. Therefore, our results
show that fever can be a valid marker to determine both moment of infection and onset of
infectiousness, and may be used as a reliable alternative, especially if other data is not available.
The infectious period for African swine fever remains a matter of discussion. Pigs surviving
the acute infection remain viraemic for more than 30 days post infection (de Carvalho Ferreira
et al., 2012) and are therefore considered to be carriers. Under specific circumstances, where
either blood (via ticks, needles) or tissues (potentially used as swill feeding) are involved, this
may be highly relevant for virus transmission. However, when it comes to direct contact, it
is still unclear how infectious these carriers are and what their role is in the overall virus
transmission of ASFV. Given this uncertainty, we estimated both a minimum and a maximum
infectious period, which was subsequently used to calculate the reproduction ratio R. The
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minimum infectious period assumes a lack of infectiousness in the carrier stage, while the
maximum infectious period assumes equal infectiousness in the carrier stage, compared to the
acute phase. While ASFV re-activation of ASFV is known to occur in carrier pigs (Hamdy and
Dardiri, 1984; Sanchez Botija, 1982; Wilkinson, 1984) and may result in irregular virus shedding
(Wilkinson, 1984) and virus transmission, it is most likely that carrier pigs are far less infectious
than pigs in the acute phase of the infection. Therefore, the reproduction ratio based on the
minimum infectious period is likely closer to the real reproduction ratio than the one based on
the maximum infectious period. Nevertheless, these carriers can still play an important role
in the epidemiology of the disease, because especially in an endemic situation, they could
be the cause for a new outbreak at a time the disease seems to be under control. Therefore,
these carriers should not be neglected, especially because it has been previously reported that
extensive efforts for ASFV eradication were required in regions were persistently infected pigs
were present (Arias and Sanchez-Vizcaino, 2002).
In this study, we have estimated direct transmission parameters. However, indirect
transmission usually also plays an important role in disease outbreaks, especially when it
comes to virus transmission between herds. Indirect transmission depends on the amount of
virus excreted by infectious pigs, the survival of the virus on the (mechanical) vector and the
susceptibility of non-infected pigs. In comparison with CSF, pigs are less susceptible to ASF.
The oronasal infectious dose of CSFV ranges from approximately 10 TCID 50 (Liess, 1987) to
80 TCID50 (Terpstra and Wensvoort, 1988). For ASFV, infectious dose estimates of approximately
3 log10 TCID50 (de Carvalho Ferreira et al., 2012) and 4.4 log10 HAD50 (McVicar, 1984) have been
reported, a factor of 10-1000 higher than for CSFV. Furthermore, less virus is excreted by ASFVinfected pigs, compared to CSFV-infected pigs (de Carvalho Ferreira et al., 2012).Assuming that
survival of ASFV in the environment is the same as for CSFV, it is reasonable to assume that
indirect transmission for ASFV is less likely to happen than for CSFV. This would imply that,
with the exception of situations when pig products are used as swill feeding and possible tick
involvement, zoosanitary measures required to control indirect transmission, including the
need for preventive culling around infected herds, may be less extensive for ASF than for CSF.
However, some reservation has to be made, as very little data is available on the survival of
ASFV in the environment. If ASFV would survive much longer in the environment than CSFV,
(local) accumulation of virus in the environment could still lead to comparable levels of
indirect transmission.
The virus transmission parameters estimated in this study are valid for the first generation
of virus transmission (De Jong and Kimman, 1994; Velthuis et al., 2007; Wallinga and Lipsitch,
2007). Generalization of R to R0 should be very carefully made, particularly when inoculated
and contact pigs show different infection dynamics as a result of differences in virus exposure.
Nevertheless, combining the R of the two experimental Malta groups, using the minimum
infectious period, results in the first approximation of R 0 for the Malta’78 isolate of 18.0 (6.90–
46.9). In a previous study, using field morbidity data and literature estimates for the incubation
and infectious period (Gulenkin et al., 2011), the within farm R 0 of the Russian ASFV isolate was
estimated to be 9.8 (3.9–15.6), which is within the confidence interval of our estimate for the
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Transmission of African swine fever (ASF) can occur by direct and indirect transmission, with
the latter being mostly associated with the feeding of infected swill, but infected excretions
may also be a source of transmission. However, information on the inactivation rate of viable
ASFV and ASFV DNA in decomposing tissues, faeces and urine is still lacking, which would be
necessary for the modelling of indirect transmission and could provide insights into alternative
monitoring strategies for ASF in the field, providing a non-invasive surveillance alternative. In
this study, we have investigated how time and temperature affect the presence of viable ASFV
and ASFV DNA in tissues, faeces and urine originating from infected pigs, for period of several
weeks. Results show that viable ASFV could be detected for up 7 days in the spleen, up to 5 days
in the retropharyngeal lymph node, up to 3 days in both the parotid lymph node and the tonsil,
and up to 2 days in the liver, when stored at 20°C. Limited data could be obtained from faeces,
where a half-live of 1.7 days was observed at 5°C, decreasing to 0.2 days at 30°C. Virus DNA,
on the other hand, could be detected much longer. In tissue samples, stored at 20°C only,
half-lives mostly range from 1.7 to 7.4 days. In urine, half-lives ranged from ranged from 19 to
5 days, in the temperature range of 5°C to 30°C. In faeces, half-lives are much longer, especially
at temperatures of 5 or 12°C, where during the period of the study no decrease in ASFV DNA
could be detected. This stability suggests that the sampling of faeces may be an interesting
alternative for ASFV monitoring in the field.
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African Swine Fever Virus (ASFV) is an enveloped double-stranded DNA virus from the family
Asfarviridae, genus Asfivirus. ASFV is the causative agent of African swine fever (ASF), a highly
lethal, haemorrhagic disease of swine, currently circulating in several African countries, in the
Russian Federation (in pigs and wild boar) and in Sardinia (OIE, 2013). Once ASF is established in
domestic swine, infected animals are the main source of infection of susceptible pigs (SanchezVizcaıno, 2006), however, indirect contact has been often implicated in ASF outbreaks, mostly
due to swill feeding containing material from infected pigs (Mebus, 1988; Plowright et al., 1994;
Sanchez-Vizcaino et al., 2012). Apart from swill feeding, secretions and excretions from ASFVinfected pigs may be other sources of indirect transmission (Sanchez-Vizcaıno, 2006).
Spread by indirect contact requires that pig products, people, vehicles and other fomites
become contaminated with sufficient amounts of virus, and that virus survives in a sufficient
amount to cause infection. Consequently, information on the decay rates of ASFV in different
matrices and under different environmental conditions (e.g. temperature, humidity) is pivotal
to understand indirect transmission. ASFV has been reported to remain infectious in blood
outside the host for 18 months at 4°C and for 3 hours at 50°C (Plowright and Parker, 1967). In
chilled meat from infected pigs it was still found infectious after 15 weeks (Plowright et al.,
1994). In uncooked pig products, ASFV can persist up to 5 months (Mebus et al., 1997; Mebus
et al., 1993; Sanchez Botija, 1982), and in Parma ham up to 300-399 days (Farez and Morley,
1997; McKercher et al., 1978). To ensure that virus in meat is inactivated it must be heated to
70°C for 30 min (Farez and Morley, 1997; McKercher et al., 1980). In excretions, ASFV has been
reported to be stable in faeces for 11 days at room temperature (Montgomery, 1921). Studies in
slurry have shown that ASFV can remain infective up to 112 days at 4°C, and up to 84 days at 17°C
(unpublished results, reviewed by (Haas et al., 1995) and be inactivated after 15 min at 60°C, one
hour at 50°C and 4h at 40°C (Turner and Williams, 1999).
However, to our knowledge, no studies have been published on the decay rate of ASFV in
unpreserved, decomposing, infected lymphoid tissues or organs. There is also a lack of reports
on the effect of the time and temperature on the stability of ASFV in faeces or in urine, even
though ASFV is known to be present in both excretions (Greig and Plowright, 1970; McVicar,
1984). In order to fully understand impact of (illegal) swill feeding in the indirect transmission
of ASF, more information is required on how the decomposition process may affect the stability
of ASFV in infected tissues. Moreover, given that indirect transmission may also occur due to
environmental contamination with infected excretions, a quantitative insight into the effect of
time and temperature on the decay rate of ASFV in faeces and in urine is also required in order
to understand and control indirect transmission of ASF.
Furthermore, controlling the spread of ASF relies on early detection and efficient surveillance
programmes (Sanchez-Vizcaıno, 2006). Improving surveillance programmes could be achieved
by considering different monitoring alternatives, such as monitoring ASF in wild boar and freeranging pigs using both preserved and unpreserved field samples. Before this alternative can
be considered, an understanding of the stability of ASFV DNA in decomposing tissues and
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faeces samples is required. Assessing the diagnostic potential of decomposing samples for
surveillance requires information on the decay rate of the DNA of ASFV in these samples.
In this study, we have investigated how time and temperature affect the presence of viable
ASFV in tissues, faeces and urine originating from infected pigs. Additionally, the detection
of ASFV DNA in was studied for a period of several weeks, in various tissues, and in urine and
faeces at different temperatures.

MATERIALS AND METHODS
Animal experiment design
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Tissues, urine and faeces were collected during animal experiments with three different ASFV
isolates: Brazil’78, Malta’78 or Netherlands’86. These experiments were primarily carried out to
quantify virus excretion and transmission (de Carvalho Ferreira et al., 2013; de Carvalho Ferreira
et al., 2012). In these experiments, all pigs became infected with ASFV either by inoculation or
contact . The experiments were approved by the Ethical Committee for Animal Experiments of
the Animal Sciences Group.

Tissues from animal experiment
Tissues were collected from pigs that died of acute disease, with necropsies taking place
between 7-9 days post-inoculation (dpi) after infection with the Brazil’78 isolate, between
9-18 dpi after infection with the Malta’78 isolate, and between 18-25 dpi after infection with the
Netherlands’86 isolate. In total, 22 pigs were sampled, of which 10 had been infected with the
Brazil’78 isolate, 6 with the Malta’78 isolate and 6 with the Netherlands’86 isolate.
During the necropsy, roughly 5 g of spleen and liver, one retropharyngeal lymph node, one
parotid lymph node and the entire tonsil were collected. These tissues were placed in petri
dishes at room temperature (approximately 20°C). Samples were taken after 0, 1, 2, 3, 5, 7, 14,
21 days. On every sampling day, a 0.1 g piece of tissue was excised using a sterile scalpel, and
placed on a “MagNA Lyser Green Beads” tube (Roche Applied Science, Mannheim, Germany)
previously filled with 600 µl of medium (Eagle’s minimum essential medium (EMEM)) (Gibco,
Invitrogen, Breda, The Netherlands) with 5% heat-inactivated pig serum and 10% antibiotics).
The sample was then homogenized in a MagNa Lyser instrument (Roche Applied Science,
Mannheim, Germany) for 30 s at 3500 g, and then centrifuged for 1 min at 9500 g. Two separate
samples were prepared, to one a volume of 100 µl of tissue suspension was pipetted and 200 µl
of medium was added; and to the other a volume of 300 µl of tissue suspension was pipetted
and 600 µl of medium was added. Both samples were stored at -70°C until they were analysed
either by virus titration (VT) or quantitative real-time polymerase chain reaction (qPCR).

Urine from animal experiment
Urine was collected from pigs exhibiting signs of acute disease. Urine was collected 7-9 days
post-inoculation (dpi) after infection with the Brazil’78 isolate; and between 7-15 dpi, after
infection with the Malta’78 isolate and the Netherlands’86 isolate. A total of 22 samples were
collected, 8 of which originated from pigs infected with the Brazil’78 isolate, 8 infected with
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the Malta’78 isolate and 6 infected with the Netherlands’86 isolate. Each urine sample was
divided in 4 equal amounts, placed in 50 ml tubes and each kept at a different temperature: in
a refrigerator at 5°C, in a water bath at 12°C, in a room at 20°C, or in a water bath at 30°C, for a
period of up to 35 days. The number of samples taken for each isolate/temperature combination
varied between 4 and 11, depending on the availability of urine. For every sampling time, 1 ml of
urine was suspended in 9 ml medium (EMEM) (Gibco, Invitrogen, Breda, The Netherlands) with
5% heat-inactivated pig serum and 10% antibiotics. Samples were then centrifuged (1800 g for
10 min) and the supernatants were stored at -70°C until they were analysed by VT and qPCR.

Faeces from animal experiment

Faeces spiked with ASFV
Faeces were collected from uninfected pigs (from a commercial farm). A total of 18 samples
were prepared, with 6 repetitions for each ASFV isolate (Brazil’78, Malta’78 and Netherlands’86),
by spiking 60 gram of faeces with 6 ml of ASFV virus stock suspended in medium (with an
ASFV titre of approximately 4.9 log10TCID50/ml for the Brazil’78 isolate, 4.4 log10TCID50/ml for
the Malta’78 isolate and 4.9 log10TCID50/ml for the Netherlands isolate). Spiked faecal samples
were exposed to the same conditions as the faecal samples from the animal experiment. From
every spiked faeces/temperature combination, 7 samples were taken; after 0, 1, 6, 14, 21, 28 and
35 days. Spiked faeces samples were processed using the same method as described for the
faecal samples originating from the animal experiment (described above).
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Faeces were collected from pigs exhibiting signs of acute disease. Faeces were collected
8-9 days post-inoculation (dpi) after infection with the Brazil’78 isolate; and between 7-15 dpi,
after infection with the Malta’78 isolate and the Netherlands’86 isolate. A total of 24 samples
were collected, of which 8 originated from pigs infected with the Brazil’78 isolate, 10 infected
with the Malta’78 isolate and 6 infected with the Netherlands’86 isolate. Each faecal sample was
divided in 4 equal amounts and homogenized, placed in 50 ml tubes and kept at a different
temperature: in a refrigerator at 5°C, in a water bath at 12°C, in a room at 20°C, or in a water bath
at 30°C, for a period of up to 35 days. The number of samples taken for each isolate/temperature
combination varied between 4 and 10, depending on the availability of faeces. At each sampling
moment, 1 gram of faeces was suspended in 9 ml medium (EMEM) (Gibco, Invitrogen, Breda,
The Netherlands) with 10% heat-inactivated pig serum and 10% antibiotics, and vortexed with
glass beads. After centrifugation (2500 g for 15 min) the supernatants were stored at -70°C until
they were analysed by VT and qPCR.

Virus isolation and titration
Virus titrations were carried out in fourfold, using 6 dilutions ranging from 10 0 to 10-5. Virus
titrations were carried out in 24-well plates (Greiner Bio-One, Frickenhausen, Germany) on
MARC-145 cells (African green monkey kidney). These cells were previously evaluated and
compared to pulmonary alveolar macrophages (PAM) in our research facilities and found to
be equally susceptible to ASFV infections. MARC-145 cells (1 ml, containing approximately
106 cells) were simultaneously inoculated with 125 µl of sample. Plates were incubated at 37°C
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in an atmosphere with 5% CO2 for 40 to 48 hours. Presence of virus was confirmed in an
immuno-peroxidase monolayer assay (IPMA) (Wensvoort et al., 1988). Details regarding the
test procedurehave been described previously in de Carvalho Ferreira et al. (2012).

Quantitative Real-Time Polymerase Chain Reaction
Samples were analysed by qPCR to determine the concentration of viral DNA, according to
the procedure described in de Carvalho Ferreira et al. (2012). The viral DNA concentration of
each individual sample was calculated using the standard curve. For tissues it was expressed
as TCID50 equivalents/g. For urine, it was expressed as TCID 50 equivalents/ml, and for faeces as
TCID50 equivalents/g. TCID50 equivalents do not necessarily represent live virus, but represent a
relative measure of the amount of viral DNA present in a sample.
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In tissue samples, the presence of ASFV measured by virus titration was analysed by survival
analysis, in a Cox proportional hazards model, with time as continuous variable, and type of
tissue and ASFV isolate as categorical variables. Survival analysis was done using the R statistical
software (R Development Core Team) package “survival” (Therneau, 2013). Differences between
tissue titres at day 0 were first analysed by the Kruskal-Wallis test, and then with the GamesHowell post-hoc test, to test differences between each group. Both tests were performed in
SPSS (IBM SPSS Statistics, Version 20). Statistical differences were considered when p< 0.05.
The log10 ASFV titres in tissue samples measured by qPCR were analysed by a linear mixed
effect model, with pig as random effect, time as continuous variable, and ASFV isolate and
tissue type as categorical variables. Possible interactions between time, isolate and tissue were
taken into account during model building.
In urine, faeces and spiked faeces samples, the log10 ASFV titres measured by qPCR were
analysed using a linear mixed effects model, with sample as random effect, time as continuous
variable and ASFV isolate and temperature as categorical variables. Possible interactions
between variables time, isolate and temperature were taken into account during model building.
R statistical software (R Development Core Team) package “nlme” was used for this analysis
(Pinheiro et al., 2013). All models were selected based on the Akaike’s Information Criteria (AIC).
The linear regression slopes calculated for the tissues, urine, faeces and spiked faeces were
used to determine the half-life of ASFV according to the formula:
Half-life=-log10 (2)/slope

RESULTS
Detection of viable ASFV in tissues
In tissues tested shortly after euthanasia, ASFV titres were significantly higher in the spleen than
in the liver and tonsil (p<0.05) (Table 1). The rate at which viable ASFV became undetectable in
tissues (for simplicity called the “rate of decay”), was significantly higher for the Netherlands’86
isolate than for the Brazil’78 and Malta’78 isolates (Hazard Ratio (HR) in Table 2, Figure 1).
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Table 1. Median ASFV titres and range (difference between the lowest and highest titre) in log10TCID50/g
(measured by VT) or log10TCID50 eq./g (measured by qPCR) found at day 0, in different pig tissues, for
each ASFV isolate.
ASFV titre (VT)
ASFV isolate

Median

Spleen

Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86

4.66
4.29
4.66
0.96
0.83
Neg.
4.16
4.41
1.46
4.46
2.16
3.54
3.29
2.41
0.58

[2.66; 5.91]
[3.16; 5.16]
[Neg.; 5.41]
[Neg.; 4.16]
[Neg.; 4.91]
[Neg.; 3.66]
[Neg.; 5.16]
[2.16; 4.91]
[Neg.; 4.66]
[Neg.; 4.91]
[1.91; 4.66]
[Neg.; 5.16]
[Neg.; 3.91]
[Neg.; 4.41]
[Neg.; 5.16]

Liver

Retro

Parotid

Tonsil

ASFV titre (qPCR)
Median

Range
[Min; Max]

5.38
4.80
4.79
4.42
4.37
4.09
5.16
4.49
3.70
5.30
3.74
3.60
4.20
3.21
3.17

[4.93; 6.14]
[4.46; 5.43]
[3.81; 5.42]
[3.71; 5.13]
[3.49; 5.09]
[3.11; 4.61]
[4.38; 5.74]
[3.52; 5.38]
[2.03; 5.18]
[4.63; 5.75]
[3.28; 5.44]
[1.71; 4.94]
[3.62; 5.05]
[2.56; 5.05]
[1.68; 4.55]

Neg.=Negative result, below the detection limit of -1.0 log 10TCID50
Min=minimum titre observed
Max=maximum titre observed

Table 2. The relative rate of decay of viable ASFV, corresponding to the Hazard ratio (HR) for each model
variable estimated from Cox proportional hazard model, with Brazil’78 ASFV isolate, and liver as reference.
Significant differences between ASFV isolates are shown by different letters; significant differences
between tissues are shown by different numbers.
Model variables
ASFV isolate

Tissue

Hazard ratio [95% CI]
Brazil’78
Malta’78
Netherlands’86
Liver
Spleen
Retropharyngeal lymph. node
Parotid lymph node
Tonsil

1.00 (reference)b
1.03 [0.75; 1.42]b
2.23 [1.50; 3.31]a
1.00 (reference)1
0.33 [0.19; 0.57]3
0.51 [0.29; 0.88]2
0.63 [0.36; 1.11]12
0.70 [0.40; 1.23]12

5
Inactivation of African swine fever virus in tissues, faeces and urine

Tissue

Range
[Min; Max]

CI= Confidence interval
Hazard ratio of 2.23 corresponds to a rate of decay of viable virus that is 2.23 times as high as that of
Brazil’78 in liver.
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Figure 1. Kaplan-Meier curves representing
the survival of ASFV per day, in different
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Netherlands’86 isolate, analysed by virus
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Depending on the isolate, viable ASFV was detectable for up to 7 days in the spleen, up to
5 days in the retropharyngeal lymph node, up to 3 days in both the parotid lymph node and the
tonsil, and up to 2 days in the liver (Figure 1). In the liver, the rate of decay of viable ASFV was
significantly higher than that observed in the spleen and in the retropharyngeal lymph node
(Table 2). The rate of decay of viable ASFV in spleen was significantly lower than in all other
tissues (Table 2).

Detection of viable ASFV in urine and faeces from infected pigs

Detection of viable ASFV in spiked faeces
Most spiked faeces samples were negative in virus isolation on the first day of sample collection,
except for two faeces samples, one spiked with the Brazil’78 and one spiked with the Netherlands’86
isolate. In both samples, viable ASFV became undetectable two days after spiking.

Detection of ASFV DNA in tissues
DNA titres found in tissues from infected pigs were higher in the spleen (approximately
5.0 log10TCID50eq./g) than in tonsil (approximately 3.5 log10TCID50eq./g), with considerable
variation between ASFV isolates (Table 1). Furthermore, in all tissues, the qPCR test results on
day 0 were on average 1 log10TCID50 higher than VT results, with the exception of the liver, in
which qPCR test results were 3-4 log10TCID50 higher than VT results (Table 1).
Virus DNA was most stable in spleen tissue (Table 3), with half-lives in tissues of pigs infected
with the Netherlands’78 and Brazil’78 isolates ranging from 4 to 5 days. However, in the spleen of
pigs infected with Malta’78 a much longer half-life was estimated (nearly 80 days) and, although
the associated confidence interval was wide, the half-life was significantly different from that
of the Netherlands’86 isolate. In the liver, the half-life estimates ranged from 3 to 7 days, in the
retropharyngeal lymph node from 2 to 3 days, in the parotid lymph node from 2 to 5 days and in
the tonsil from 2 to 4 days (Table 3).
Apart from the spleen, there were also significant differences between half-life estimates
in liver tissues (Malta’78 half-life was significantly longer than the Brazil’78), in parotid tissues
(Brazil’78 half-life was significantly longer than the Malta’78 and the Netherlands’86) and in tonsil
(Netherlands’86 half-life was significantly longer than the Brazil’78 and the Malta’78) (Table 3).
However, there were no significant differences in the half-life estimates in retropharyngeal
lymph node between ASFV isolates. Furthermore, half-life estimates of ASFV DNA in the
retropharyngeal lymph node were not significantly different from the half-life estimates in the
liver and in the parotid lymph node, within all isolates.
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Urine samples were negative in VT on the first day of sample collection, except for one sample
originating from a pig infected with the Brazil’78 isolate. However, the latter sample was
negative in VT on the next day. Faeces samples were negative in VT on the first day of sample
collection, except for a sample origination from a pig infected with Brazil’78 and a sample
originating from a pig infected with Malta’78 isolate. In these two samples the half-live of ASFV
(measured by VT) at 5°C was 1.7 days, 0.6 days at 12°C, 0.4 days at 20°C and 0.2 days at 30°C;
clearly decreasing with increasing temperatures.
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In contrast, significant differences observed between all other tissues (within isolate)
varied according to the isolate (Table 3). In tissues from pigs infected with the Brazil’78 isolate,
half-lives were significantly longer in the spleen, in comparison with the liver and tonsil, with
the latter showing significantly lower estimates in comparison with the retropharyngeal and
the parotid lymph nodes. In the tissues from pigs infected with the Malta’78 isolate, half-lives
were significantly longer in spleen in comparison with retropharyngeal, parotid and tonsil
tissues, and estimates from this last tissue were also significantly lower in comparison with
liver and the retropharyngeal tissue estimates. In the tissues infected with Netherlands’86,
half-life estimates were significantly shorter in the parotid, in comparison with the spleen,
liver and tonsil tissue.
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Table 3. Half-life of the ASFV DNA (measured by qPCR) of the Brazil’78, Malta’78 and Netherlands’86
isolates, in different pig tissues: spleen, liver, retropharyngeal lymph node, parotid lymph node and
tonsil. Significant differences between ASFV isolates (for the same tissue) are shown by different letters;
significant differences between tissues (within the same ASFV isolate) are shown by different numbers.
Half-life (days) of ASFV isolate [95% CI]
Pig tissues
Spleen
Liver
Retropharyngeal lymph node
Parotid lymph node
Tonsil

Brazil’78

Malta’78

5.3 [3.3; 12.9]
2.7 [2.1; 3.9] b,23
3.5 [2.3; 7.0] a,12
4.6 [2.5; 27.4] a,12
1.9 [1.6; 2.5] b,3
ab,1

80 [6.4; Inf.*]
7.4 [3.6; Inf.*] a,12
3.3 [1.9; 16.9] a,2
1.8 [1.3; 2.9] b,23
1.7 [1.3; 2.2] b,3

4.0 [2.5; 9.8] b,1
3.9 [2.5; 9.1] ab,1
2.1 [1.4; 3.7] a,12
1.8 [1.3; 2.6] b,2
3.8 [2.5; 8.9] a,1

* Inf. = Infinite, slope >0.
CI= Confidence interval

Table 4. Median ASFV titres and range (difference between the lowest and highest titre) found on day 0
in log10TCID50 eq./ml (measured by qPCR) in urine or log10TCID50 eq./g (measured by qPCR) in faeces and
spiked faeces.
ASFV titre (qPCR)
Type of sample
Urine

Faeces

Spiked faeces

ASFV Isolate

Median

Range [min; max]

Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86
Brazil’78
Malta’78
Netherlands’86

2.27
1.72
1.54
3.87
1.29
1.31
2.60
2.64
2.87

[1.11; 2.84]
[0.54; 2.53]
[Neg.; 1.71]
[3.29; 4.97]
[Neg.; 3.99]
[Neg.; 2.20]
[2.56; 2.92]
[2.17; 2.80]
[2.58; 3.01]

Neg.=Negative result, below the detection limit of -1.0 log 10TCID50
Min=minimum titre observed
Max=maximum titre observed
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Netherlands’86
a,1

Detection of ASFV DNA in urine from infected pigs
Based on qPCR, initial titres in urine were low, with median values ranging from 1.5 to
2.3 log10TCID50eq./ml (Table 4). The stability of ASFV DNA in urine decreased with temperature
(Table 5). Half-lives of ASFV DNA in urine ranged from 19 to 5 days, in the temperature range of
5°C to 30°C.

Detection of ASFV DNA in faeces from infected pigs

Detection of ASFV DNA in spiked faeces
In qPCR, median titres in faeces were on average 2.7 log 10TCID50eq./g (Table 4). Similarly to what
has been reported for urine and faeces, the half-life of ASFV DNA in spiked faeces decreased
with temperature from 83 days (at 5°C) to 5 days at 30°C.

DISCUSSION
The main goal of this study was to determine the decay of both viable ASFV and ASFV-DNA in
several tissues, faeces and urine. Viable virus could be detected in the spleen for up to 7 days,
when stored at 20°C. Limited results were obtained from faeces, where a half-live of 1.7 days
was observed at 5°C, decreasing to 0.2 days at 30°C. Virus DNA, on the other hand, could be
detected much longer. In tissue samples, stored at 20°C only, half-lives mostly range from
1.7-7.4 days. In faeces, half-lives are much longer, especially at temperatures of 5 or 12°C, where
no decrease of ASFV DNA was detected during the period of the study.

Table 5. Half-life of the ASFV DNA (measured by qPCR) in urine and faeces originating from infected pigs,
and spiked faeces, at different temperatures: 5°C, 12°C, 20°C and 30°C. Significant differences between
temperatures (within the same sample type) are shown by different numbers.
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In qPCR, median titres in faeces of pigs infected with Malta’78 and Netherlands’86 isolate were
approximately 1.3 log10TCID50eq./g, and 3.9 log10TCID50eq./g in those infected with Brazil’78
isolate (Table 4). The stability of the ASFV DNA in faeces decreased with temperature (Table 5),
with significant differences between the lower (5°C and 12°C) and the highest temperature
(30°C). Half-lives of ASFV DNA in faeces at lower temperatures showed almost no decay. At
higher temperatures the half-life ASFV DNA in faeces ranged from 22 days (at 20°C) to 15 days
(at 30°C).

Half-life (days) of ASFV isolate [95% CI]
Temperature
5°C
12°C
20°C
30°C

Urine

Faeces

Spiked faeces

19.2 [10.7; 92.3] 1
7.5 [5.7; 10.7] 2
4.9 [4.1; 6.1] 3
5.2 [4.3; 6.6] 3

1567.9 [29.9; Inf.*] 1
660.2 [29.5; Inf.*] 1
21.7 [12.7; 75.4] 1,2
15.3 [10.1; 31.8] 2

82.5 [27.2; Inf.*] 1
15.9 [11.4; 26.1] 2
7.2 [6.1; 8.8] 3
4.6 [4.1; 5.2] 4

* Inf. = Infinite, slope >0.
CI= Confidence interval
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Detection of viable ASFV
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In tissue samples, stored at 20°C, the longest time viable virus was detected was 7 days in
the spleen. This is much shorter than what was shown in previous studies in preserved meat
products, where ASFV was detected for periods of 30 to 399 days, depending on the type of
processing (Farez and Morley, 1997; McKercher et al., 1978; McKercher et al., 1980; Mebus et
al., 1997; Mebus et al., 1993). The overall shorter survival period shown in our study may have
been caused by autolytic and putrefaction processes associated with tissue decomposition
(Carter et al., 2007; Dent et al., 2004). A similar study with classical swine fever virus (CSFV)
resulted in survival times comparable to those of ASFV (with CSFV being detectable in
spleen for 7 days, lymph node for 7 days and tonsil for 4 days after euthanasia) (Weesendorp
et al., 2010).
Differences in survival of ASFV between tissues and isolates may also be caused by different
initial ASFV amounts in each tissue. Furthermore, the (lack of) homogeneity in the distribution
of ASFV in each tissue was not tested, which can have consequences for the accuracy of the
estimates. Nonetheless, at least within the first few days after death, unpreserved tissue
samples are expected to remain infectious, which will possibly have a role in ASFV transmission,
e.g. in wild boar or by feeding of offal to pigs.
In faeces and urine, virus titrations were mostly negative, even in the samples that were
preserved shortly after they were collected (faeces and urine from infected pigs) or produced
(spiked faeces). This lack of virus detection is likely to be due to the low sensitivity of the virus
isolation test used. Nevertheless, even in those few faeces samples with high initial titres
(4 log10TCID50/g), ASFV was quickly inactivated, indicating that the virus cannot survive for long
in these matrices.
Not only are the ASFV titres found in fresh urine and faeces samples lower than those
observed for CSFV (Weesendorp et al., 2008), also the ratios of titres in urine and faeces
to the oronasal infectious dose (de Carvalho Ferreira, 2012) are smaller for ASFV than the
corresponding ratios for CSFV (Liess, 1987; Terpstra and Wensvoort, 1988). While for CSFV the
intestine is an important infection target (Sanchez-Cordon et al., 2003), this tropism has not
been described for ASFV (Gomez-Villamandos et al., 2013), which explains the difference in
virus excretion in the faeces. These differences also imply that shedding through faeces and
urine may be less important for transmission of ASFV than of CSFV.

Detection of ASFV DNA
While infectious virus is quickly lost from tissue samples, faeces and urine, viral DNA can be
detected for a long time. Half-lives in tissue samples mostly range from roughly 2 days (tonsil,
lymph node) to 5 days (spleen). Considering an average initial titre of 5 log 10TCID50eq./g and a
half-life of 5 days, this means that ASFV DNA could be detectable in spleen samples for up to
100 days when kept at room temperature.
While in the past it was crucial to have fresh samples (for virus isolation and fluorescence
tests), even with the recent development of other tests (qPCR), such samples are still preferred.
Yet, fresh samples may be difficult to obtain, as when wild boar is found dead, or when samples
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African swine fever (ASF) is caused by African swine fever virus (ASFV) the only tick-borne virus
with a DNA genome. Soft ticks of the genus Ornithodoros spp. are the only biological vectors
of ASFV recognized so far. Although other hard ticks have been tested for vector competence,
two commonly found tick species in Europe, Ixodes ricinus and Dermacentor reticulatus, have
not been assessed for their vector competence for ASFV. In this study we aimed to determine
whether virus replication can occur in any of these two hard tick species (I. ricinus and/or
D. reticulatus), in comparison with O. moubata (the confirmed vector), after feeding them
blood containing different ASFV isolates using a improved in vitro system. DNA quantities of
ASFV in these infected hard ticks were measured systematically, for six weeks in I. ricinus, and up
to eight weeks in D. reticulatus, and the results were compared to those found in O. moubata.
There was evidence of virus replication in the O. moubata ticks, therefore, the set-up for the
acquisition feeding and maintenance of the ticks was considered to be successful. However,
there was no evidence of virus replication in both I. ricinus and D. reticulatus, even though viral
DNA could be detected for up to 8 weeks after feeding in some cases. This study presents the
first results on the vector competence of European hard (ixodid) ticks for ASFV, in a validated in
vitro feeding setup. In conclusion, given the lack of evidence for virus replication under in vitro
conditions, D. reticulatus and I. ricinus are unlikely to be relevant biological vectors of ASFV.

Introduction
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African swine fever (ASF) is a highly contagious haemorrhagic disease of swine, caused by the
African Swine Fever Virus (ASFV), an enveloped double-stranded DNA virus from the family
Asfarviridae, genus Asfivirus. Infection usually results in high morbidity and mortality (Costard
et al., 2012). Since it was first described (1921), African swine fever has been present in most of
sub-Saharan Africa, but outbreaks also occurred in Europe and in the Americas. Although ASF
had been eradicated in most of Europe (except Sardinia), and in the Americas, in 2007 ASF was
re-introduced into Europe (Georgia) (Rowlands et al., 2008). At the time of writing, ASFV is
still circulating in Russia (OIE, 2013), mostly between wild boar and free-ranging domestic pigs
(Gogin et al., 2013).
ASFV is the only known tick-borne virus with a DNA genome (Labuda and Nuttall,
2004). Soft ticks (Ornithodoros spp.) have been identified as reservoir of ASFV. In Africa, an
intricate cycle between warthogs (Phacochoerus africanus), domestic swine and ticks of the
Ornithodoros spp. (particularly O. moubata), is relevant in the maintenance of an endemic
infection (Plowright et al., 1994; Thomson, 1985). On the Iberian Peninsula, Ornithodoros
erraticus has also been associated with disease reoccurrence, being involved in a sporadic ASF
outbreak in Portugal in 1999 (Boinas et al., 2011). Upon ingestion of blood containing ASFV, ticks
may develop a persistent infection, with high virus titres in a number of tissues and organs,
both in the O. moubata/porcinus complex (Greig, 1972; Kleiboeker et al., 1998; Plowright et al.,
1970a; Plowright et al., 1970b) and in O. erraticus ticks (Basto et al., 2006; Endris and Hess, 1992;
Endris et al., 1992).
Moreover, ASFV-infected Ornithodoros sonrai ticks (Vial et al., 2007) have been found in
the field, and in vitro studies have suggested that several other Ornithodoros species such as
O. savignyi (Mellor and Wilkinson, 1985), O. puertoricensis (Hess et al., 1987), O. turicata (Hess
et al., 1987), O. coriaceus (Groocock et al., 1980) can also act as competent vectors of ASFV.
However, none of the latter ticks has yet been confirmed as vector for the transmission of in
ASFV in the field.
ASFV vector competence of hard ticks (Ixodidae) has been assessed on Rhipicephalus
spp. (Sanchez Botija, 1963), Rhipicephalus simus (Plowright, 1977; Plowright et al., 1994),
Rhipicephalus bursa (Kovalenko et al., 1967; Plowright et al., 1994), Amblyomma variegatum
(Plowright, 1977), Hyalomma spp. (Plowright et al., 1994), A. americanum and A. cajennense
(Groocock et al., 1980) either by experimental infection, or by field collection to determine
presence of ASFV. Field specimens were negative for ASFV, and although ASFV could be detected
in R. simus nymphs (Plowright et al., 1994) for up to 5-6 weeks, and in both A. americanum
and A. cajennense for 4-7 days after a viraemic blood meal, no hard ticks transmitted ASFV to
susceptible pigs after experimental infection. Given that some hard ticks may carry ASFV for
some time, it is possible that they may act as mechanical vectors; similar to the European stable
fly, Stomoxys calcitrans, which has been shown to mechanically transmit ASFV to pigs up to 24 h
post-infective meal (Mellor et al., 1987).
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Of the hard ticks studied so far only Hyalomma spp. and Rhipicephalus bursa are present
in Europe (Estrada-Pena et al., 2012). However, no studies have been published addressing
replication or maintenance of ASFV in other reported ticks commonly reported in Europe, such
as Ixodes ricinus (Medlock et al., 2013) and Dermacentor reticulatus (Estrada-Pena et al., 2012).
Both tick species are known to be involved in the epidemiology of other tick-borne viruses;
i.e. with I. ricinus being a vector of tick-borne encephalitis virus (TBEV), and D. reticulatus being
a vector of Omsk haemorrhagic fever virus (OHFV) (Jongejan and Uilenberg, 2004; Labuda and
Nuttall, 2004).
In this study I. ricinus, D. reticulatus and O. moubata (one of the confirmed vector species)
were fed in vitro with blood containing different ASFV isolates. DNA quantities of ASFV in these
hard ticks were measured systematically, for six weeks in I. ricinus, and up to eight weeks in
D. reticulatus, and the results were compared to those found in O. moubata. The purpose of
this comparison was to examine if replication can occur in both species of hard ticks. Such
knowledge is relevant to better understand the role these hard ticks could play as biological or
mechanical vector of ASFV.

No evidence of African swine fever virus replication in hard ticks

Materials & methods
Ticks
I. ricinus and D. reticulatus ticks originated from the Netherlands, whereas O. moubata
was obtained from Israel. All ticks were maintained at the Utrecht Centre for Tick-borne
Diseases and were tested by PCR and reverse line blot hybridization for pathogens prior
to the start of the experiments (Gubbels et al, 1999). Specific pathogen-free, laboratory
reared Ixodes ricinus nymphs (N=3360), Dermacentor reticulatus adults (N=720) and
Ornithodoros moubata nymphs on different development stages before maturity (instars),
namely the third nymphal stage (N3, N=300) and the fourth nymphal (N4, N=300) were
used. Between feedings and sample collections, hard ticks were maintained at 20-24°C,
with a relative humidity (RH) of 70-80%. O. moubata ticks were maintained at 27-28°C, with
a RH of 85-90%.

Virus
Six ASFV isolates were used in our study. Two were originally isolated from ticks, in Portugal
(OURT 88/1) and in Africa (LIV 13/33); and four were isolated from infected pigs: Georgia
2007/1, Malta’78, Netherlands’86, Brazil’78. Virus stocks were obtained from previous animal
experiments, either by collecting defibrinated blood or by preparing spleen homogenates
from infected pigs (Table 1).

Preparation of blood for in vitro feeding
Pig blood was collected weekly from a local slaughterhouse. Immediately after collection, the
blood was stirred rapidly with a glass pipette for 15-30 min, and the fibrin clot that attached to
the glass pipette was removed. The defibrinated pig blood was stored at 4°C.
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Table 1. Viruses used for acquisition feeding
ASFV isolate
OURT 88/1
LIV 13/33
Georgia 2007/1
Malta’78
Netherlands’86
Brazil’78

Matrix

ASFV Titre (log10TCID50)

Reference

Spleen homogenate
Spleen homogenate
Defibrinated blood
Defibrinated blood
Defibrinated blood
Defibrinated blood

5.4
5.5
5.9
5.6
5.4
5.4

(Boinas et al., 2004)
(Rennie et al., 2000)
(Rowlands et al., 2008)
(Wilkinson et al., 1980)
(Terpstra and Wensvoort, 1986)
(Mebus et al., 1978)

During acquisition feeding, the defibrinated pig blood was spiked daily with the 6 different
virus suspensions, resulting in a 1:10 dilution of the original ASFV titres.

In vitro feeding units

Acquisition feeding of O. moubata (soft ticks)
Each acquisition feeding consisted of 12 feeding units (as described above), one for each
combination of ASFV isolate with each O. moubata nymphal instar (N3 or N4). Each feeding
unit contained approximately 50 O. moubata nymphs. Plates with feeding units, ticks and ASFV
spiked blood were placed on a heated plate, at 37°C. The nymphs were allowed to engorge
completely over a period of maximum 5 hours. After each moulting, O. moubata ticks were
re-fed using the same system described previously, but using uninfected pig blood.

Acquisition feeding of I. ricinus and D. reticulatus (hard ticks)
Acquisition feedings were repeated thrice for both hard tick species. Each acquisition feeding
consisted of 24 feeding units, 4 for each ASFV isolate. Each feeding unit/well contained either
40-50 I. ricinus nymphs ticks, or approximately 10 D. reticulatus adults (5 females, 5 males) feeding
on a membrane. Differences in numbers of ticks per unit were due to differences in tick size.
During the attachment period, I. ricinus fed on uninfected, defibrinated blood for 1-5 days
and D. reticulatus for 2-3 days. Ticks feeding on uninfected blood were removed and used no
further. After this period, only blood spiked with ASFV was used.
Blood in the wells was changed approximately every 12 h, for 7 days. Plates with feeding
units, ticks and infected blood were placed in a water bath at 37°C, in the dark, with RH >70%.
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The improved in vitro system used in this study results from several adaptations of a system
described previously (Krober and Guerin, 2007a, b). In our system, silicone membranes were
impregnated with cattle odour immediately before being fixed to the bottom of hollow plastic
tubes, with a diameter of approximately 3.5 cm. Ticks were placed inside the feeding unit, on
top of the feeding membrane, and forced to remain near the membrane of the feeding unit by
a movable plastic lid, that permitted air circulation.
A volume of 3.1 ml of pig blood per well was pipetted into 6-well cell culture plates (Greiner
Bio-One, Frickenhausen, Germany) and feeding units were fitted into these wells.
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Table 2. Total number of ticks sampled and number of positive ticks, per week after feeding, for each ASFV
isolate/ tick combination.
OURT88/1
Tick
O. moubata

I. ricinus

6
D. reticulatus
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LIV13/33

Week Total Pos. Total Pos.
0
1
2
3
4
7
0
1
2
3
4
5
6
1
2
3
4
5
6
8

10
10
0
6
0
5
10
15
5
6
6
6
7
3
3
13
2
2
2
1

9
9
0
6
0
4
10
15
4
4
5
4
7
2
3
6
2
1
1
1

10
10
0
6
0
5
10
14
4
7
5
6
7
3
3
11
4
2
1
0

10
10
0
6
0
5
10
14
4
6
5
6
6
1
3
5
2
1
1
0

Georgia 2007/1
Total
10
10
0
6
0
5
10
11
2
3
3
2
3
3
3
9
2
1
3
0

Malta’78

Pos. Total Pos.
10
9
0
6
0
5
10
10
2
2
2
2
3
1
3
4
1
1
2
0

10
10
3
0
3
5
10
14
4
4
5
8
6
1
2
4
3
2
3
1

10
10
3
0
3
3
9
14
4
4
5
8
5
0
2
0
1
0
1
0

Netherlands’86 Brazil’78
Total

Pos.

10
10
3
0
3
5
10
19
10
12
12
12
12
3
3
7
5
1
2
1

10
10
3
0
3
4
9
18
10
8
11
10
11
3
3
5
3
1
1
1

Total Pos.
10
10
0
6
0
5
10
16
6
7
7
7
7
4
3
8
3
1
0
0

10
10
0
6
0
1
10
16
6
5
5
6
7
1
1
1
0
0
0
0

Total=Total number of ticks sampled
Pos.=Number of ticks tested positive in qPCR

Sample collection
Ten O. moubata, I. ricinus and D. reticulatus ticks were sampled before acquisition feeding
and tested as a pool, to assure ticks were free of ASFV. Next, for I. ricinus, the samples were
taken immediately after acquisition feeding and then every week, up to six weeks after feeding,
number of ticks sampled is shown in Table 2. D. reticulatus ticks were sampled one week after
acquisition feeding, and then every week, up to eight weeks after feeding (Table 2). Sampling
immediately after feeding was skipped because of the limited number of ticks available, and to
maximize the period of sampling after feeding.
O. moubata ticks were sampled immediately after acquisition feeding, one week after
feeding, one week after the first moult (varying from 2-4 weeks after feeding, depending on
the instars and the virus isolates) and seven weeks after feeding (corresponding to one week
after first oviposition in N4 infected nymphs) (Table 2). This slightly different sampling schedule
was due to the interference of moulting and in-between additional feedings with a weekly
sampling schedule.

Processing of ticks
Ticks were sampled by placing every individual tick in a 2.0 ml PCR clean Eppendorf Safe-Lock
Tube (Eppendorf, Nijmegen, The Netherlands ) with 100 μl of PBS (Gibco, Invitrogen, Breda,
The Netherlands) and a 5 mm-diameter stainless steel ball (QIAGEN Benelux, Venlo, The
Netherlands), and immediately frozen at -70°C, for at least 10 min. While still frozen, ticks
were homogenized by shaking for 5 minutes at 50-Hz frequency, using a TissueLyser LT
(QIAGEN Benelux, Venlo, The Netherlands). Another 900 μl of PBS was added and the sample
centrifuged for 2 minutes at 9500 g. Supernatants were transferred to clean tubes (Micronic
Europe, Lelystad, The Netherlands) and stored at -70°C until they were analysed by quantitative
real-time polymerase chain reaction (qPCR).

Quantitative real-time polymerase chain reaction (qPCR)

Statistical analysis
The considerable number of ticks that tested negative in qPCR made it invalid to use a statistical
method assuming a normal distribution of the data. For that reason, data were analysed with
a so-called hurdle model (Zuur, 2009). In order to use this count data regression model, the
ASFV DNA titres (in log10TCID50 eq.) were transformed into normalized CT, using the average
regression line calculated from the standard curves:
Normalized CT = (ASFV DNA titres - intercept) / slope; with slope= - 0.258 and intercept=9.02
The normalized CT was then converted into a score variable using the following formula:
Score= (maximum normalized CT - normalized CT) + 1
Values exceeding the maximum normalized CT (44) were considered negative and given
the value 0. The CT value of 44 was transformed to score 1, of 43 to score 2, etc. Next, the
probability that a tick tested AVFV positive in qPCR (score 0 or score>=1) was analysed by a
logistic regression model using a binomial distribution with a logit link function. Subsequently,
the non-negative results (score>=1) were analysed by a regression model using a Poisson
distribution, with a log link function and the natural logarithm of the maximum score (30) was
used as offset variable.
In both parts of the hurdle model, the variables time (weeks), virus isolate (6 different ASFV
isolates used to infect ticks), and the tick species (3 different species) and all their possible
statistical interactions, were used to predict the outcome of interest (score 0 or score>=1 in the
first part of the hurdle model; or score in the second part of the model).
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Samples were analysed in a qPCR to determine the concentration of viral DNA, according to the
procedure described in de Carvalho Ferreira et al. (2012). The viral DNA concentration of each
individual sample was calculated using a standard curve. For tick samples, it was expressed as
median tissue culture infective dose equivalents (TCID 50 eq.) per tick. TCID50 equivalents do not
necessarily represent live virus, but represent a relative measure of the amount of viral DNA
present in a sample.
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Model selection was based on Akaike’s Information Criteria (AIC). Statistical analyses were
performed with R, version 2.11.1 (R Development Core Team) using the package “pscl” (Zeileis
et al., 2008). Statistical significance was considered when p<0.05.

Results
O. moubata
Immediately after feeding the O. moubata ticks, ASFV titres in the range of approximately
103.0-104.5 TCID50 eq./tick were observed in individual ticks (Figures 1 and 2, week 0). Highest
ASFV titres were observed in the Georgia 2007/1 and Malta’78 groups. This was consistent
with ASFV titres in the blood used to feed the ticks, which were also highest for these two
ASFV isolates (Table 1). Variation within the groups was limited (from 0.2 log TCID 50 eq./tick
between the highest and lowest titre in the Brazil’78 group, to 1.1 log TCID 50 eq./tick in the
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Figure 1. Boxplots with the minimum, lower quartile, median and upper quartile and maximum observed
titres (in log10TCID50eq./tick) per week of ticks infected in vitro with the OURT88/1, LIV13/33 and Georgia
2007/1 isolates. Outliers (values greater than 1.5 times the interquartile range) are indicated with a circle,
extreme outliers (values greater than 3 times the interquartile range) are indicated with an asterisk. Note:
negative results were considered to be below qPCR detection threshold (-1.5 log 10TCID50eq./tick)
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Georgia 2007/1 group), indicating that the ticks ingested similar amounts of blood. Only one of
the ticks, in the OURT88/1 group, was PCR-negative on the first sampling (Table 2).
After an initial decrease of median ASFV titres, an increase was observed from week 3 or 4
after the acquisition feeding in some of the groups (Figures 1 and 2). Virus titres in individual
ticks, higher than the titres at day 0, were considered indicative for virus replication. This was
observed in several ticks in the OURT88/1, LIV13/33 and Netherlands’86 groups, with some
individual cases in the Malta’78 (4 weeks) and Brazil’78 (7 weeks) groups (Figures 1 and 2). At
the same time the variation also increased, indicating that virus replication took place in only a
proportion of the ticks, while in other ticks the virus was continued decreasing or completely
disappeared. The LIV13/33 group was the only group showing a significant overall increase
of virus titres in time (Table 3). All the other groups showed an overall decline (although not
always significantly below 1) (Table 3). Furthermore, the odds of obtaining negative PCR-results
were significantly higher in the period of 3-7 weeks, compared to the first 2 weeks after feeding.
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Figure 2. Boxplots with the minimum, lower quartile, median and upper quartile and maximum observed
titres (in log10TCID50/tick) per week of ticks infected in vitro with the Malta’78, Netherlands’86 and Brazil’78
isolates. Outliers (values greater than 1.5 times the interquartile range) are indicated with a circle, extreme
outliers (values greater than 3 times the interquartile range) are indicated with an asterisk. Note: negative
results were considered to be below qPCR detection threshold (-1.5 log 10TCID50eq./tick
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Table 3. Rate ratios (RR) [95% CI] of the effect of each tick species/ASFV isolate combination on A) virus
uptake during feeding, and B) overall change of virus concentrations in ticks in subsequent weeks,
in comparison with the reference (O. moubata, infected with OURT88/1). Significant differences in
RR between ticks, within each ASFV isolate, are shown by different letters. Significant differences in RR
between ASFV isolates, within each ticks species, are shown by different numerical digits. For each tick
species/ASFV isolate combination, a significant effect of time is shown by ‡.
Rate ratio (RR) [95% confidence interval]
Period
A
After feeding
(week 0)*

B
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For each
additional
week**

ASFV isolate

O. moubata

I. ricinus

OURT88/1
LIV13/33
Georgia 2007/1
Malta’78
Netherlands’86
Brazil’78
OURT88/1
LIV13/33
Georgia 2007/1
Malta’78
Netherlands’86
Brazil’78

Reference
0.99 [0.85; 1.15]a,1
1.05 [0.90; 1.22]a,1
1.02 [0.87; 1.19]a,1
0.87 [0.75; 1.02]a,1
0.89 [0.75; 1.04]a,1
0.98 [0.94; 1.02]a,2
1.04 [1.01; 1.08]a,1‡
0.89 [0.86; 0.93]a,3‡
0.93 [0.88; 0.97]a,23‡
0.98 [0.94; 1.02]b,2
0.96 [0.90; 1.02]a,23

0.77 [0.66; 0.90]
0.79 [0.68; 0.93]b,1
0.78 [0.66; 0.92]b,1
0.72 [0.61; 0.84]b,12
0.62 [0.52; 0.72]b,2
0.83 [0.72; 0.97]a,1
0.96 [0.93; 1.00]a,1‡
0.96 [0.92; 0.99]b,1‡
0.93 [0.88; 0.98]a,1‡
0.94 [0.90; 0.98]a,1‡
0.94 [0.91; 0.98]b,1‡
0.95 [0.91; 0.98]a,1‡

a,1

D. reticulatus
b,1

0.51 [0.36; 0.73]c,1
0.58 [0.37; 0.90]c,1
0.66 [0.44; 1.00]b,1
0.40 [0.17; 0.92]b,1
0.14 [0.08; 0.22]c,2
0.71 [0.31; 1.63]a,1
0.99 [0.90; 1.08]a,12
1.00 [0.88; 1.13]ab,12
0.96 [0.86; 1.07]a,2
0.99 [0.79; 1.23]a,12
1.17 [1.05; 1.31]a,1‡
0.96 [0.66; 1.41]a,12

*) corresponds to the uptake of virus, relative to the reference; higher RR signify more virus uptake, lower
RR less virus uptake.
**) corresponds to the effect of time (in weeks, continuous variable); a RR>1 corresponds to an overall
increase of virus in time, an IR<1 to an overall decrease of virus in time.

These findings are consistent with the fact that high ASFV titres, which indicate virus replication,
were only found in some of the ticks in each group; and that also an increasing number of ticks
became PCR-negative (22 out 30 ticks at week 7, Table 2).
In the Georgia 2007/1 group, on the other hand, only decreasing titres were observed
(Figure 2), together with an overall significant decrease of virus titres in time (Table 3), indicating
there was no virus replication at all in O. moubata.

I. ricinus
Immediately after feeding the I. ricinus ticks, ASFV titres were lower than in the O. moubata
ticks (ranging from approximately 10-0.3 to 103.8 TCID50 eq./tick) (Figures 1 and 2, week 0). Except
for the Brazil’78 group, these differences were statistically significant (Table 3). Variation in
ASFV titres of I. ricinus (up to 4.1 log TCID50 eq./tick between the highest and lowest titre;
Figures 1 and 2) was much larger than for O. moubata, indicating that that were large differences
between individual ticks in ingested blood containing ASFV. Nevertheless, only 2 ticks (one in
the Malta’78 and one in the Netherlands’86 group) were PCR-negative after feeding (Table 2).
An overall decrease of virus titres in the ticks was observed in time (Table 3). Contrary to the
O. moubata, no high virus titres developed in ticks within the time they were followed (Figure 1
and 2). The overall decrease of virus titres was statistically significant for all six viruses (Table 3).
Furthermore, the odds of obtaining negative PCR-results were significantly higher in the period

of 3-6 weeks, compared to the first 2 weeks after feeding. This indicates that none of the ASFV
isolates replicated in I. ricinus ticks up to 6 weeks after feeding.

D. reticulatus

Discussion
In this study, ASFV replication was confirmed in O. moubata, with several ASFV isolates.
Therefore, the set-up for the acquisition feeding and maintenance of the ticks was considered
to be successful. However, there was no evidence of virus replication in both I. ricinus and
D. reticulatus, even though viral DNA could be detected for up to 8 weeks after feeding in
some cases.
ASFV replication was not observed in all O. moubata ticks. Differences in infection rate,
infectious dose and ASFV replication found in O. moubata have been previously reported to
depend on ASFV isolate (Kleiboeker et al., 1999; Plowright et al., 1970b), in which the presence
of specific multigene families (MGF) 360 and 530 has been associated with replication in ticks
(Burrage et al., 2004). For that reason, multiple virus isolates were used in the experiment. Virus
replication has also been shown to depend on the geographical origin of tick batches (Greig,
1972; Plowright et al., 1970b), which is linked to the identification of geographical sublineages
of soft ticks in Africa (Bastos et al., 2009). This could also explain why no replication of the
Georgia 2007/1 virus isolate was observed in O. moubata, even though this virus did replicate in
O. erraticus ticks (Diaz et al., 2012). Given that the Georgia 2007/1 isolate belongs to genotype II,
which includes other contemporary isolates circulating in Mozambique, Madagascar, and
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One week after feeding the D. reticulatus ticks, virus titres were even lower than in the I. ricinus
ticks (ranging from approximately 10-0.5 to 101.7 TCID50 eq./tick) (Figures 1 and 2, week 1).
When extrapolated to expected virus titres immediately after feeding, these differences were
statistically significant, except for the Brazil’78 group (Table 3). Variation in ASFV titres of
D. reticulatus ticks (up to 2.3 log TCID50 eq./tick between the highest and lowest titre) was much
larger than for O. moubata, and smaller than for I. ricinus. Furthermore, 8 out of 17 D. reticulatus
were PCR-negative one week after feeding (Table 2). This indicates large differences in ingested
blood containing ASFV and an overall limited blood intake of the ticks.
In time, an increase of PCR-negative ticks was observed, with the odds of obtaining negative
PCR-results in the period of 3-8 weeks significantly higher than in the first 2 weeks after feeding.
Virus titres in the remaining PCR-positive ticks showed no significant decrease or increase,
except for the Netherlands’86 group. However, the increase in time observed in this group was
driven by a single tick showing a relatively high ASFV titre (1.75 log TCID 50 eq.) at the end of the
sampling period (8 weeks after feeding). Yet, this ASFV titre was still considerably lower (over
3 log TCID50 eq./tick lower) than ASFV titres on O. moubata ticks in which virus replication was
apparent (Figures 1 and 2). In contrast with observations in O. moubata, no high ASFV titres
developed in ticks within the time they were sampled (Figure 2). This indicates that none of the
ASFV isolates replicated in D. reticulatus up to 8 weeks after feeding.
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Zambia (Rowlands et al., 2008), the existence of a specific lineage of O. moubata circulating
in these regions that supports the replication of Georgia 2007/1 isolate cannot be disregarded.
There were marked differences in ASFV titres immediately after feeding, which can be
related to a variation in ingested amounts of blood. This variation is partly due to differences
in size of the ticks, but is probably also caused by different feeding habits and suitability of the
feeding system for each of the tick species. O. moubata ticks are fast feeders, engorging up to
5-10 times their initial body weight within a few minutes to hours (Sonenshine, 1991).Using our
in vitro system, all soft ticks became fully engorged and moulted within the expected period of
time (2-3 weeks). Hard ticks, on the other hand, are slow feeders, taking several days or even
weeks to fully engorge, ingesting most of their blood meal on the last 48h before detachment
(Sonenshine, 1991). In our experiment, roughly 20% of the hard ticks were successfully fed on
the membranes within the feeding time frame. For D. reticulatus, in vitro feeding of nymphs
presented unsatisfactory results, but worked well for adult ticks. From the I. ricinus ticks,
hardly any moulted within the time frame of the study. Further optimization of the feeding
system, including the conditions under which the ticks are kept subsequently, may be needed
to increase both the percentage of successful feedings and the moulting rate. Nevertheless,
PCR-results after feeding confirmed the uptake of virus and sufficient numbers of engorged
ticks were available for the experiment. Hard ticks were tested for up 6-8 weeks after feeding,
which was sufficient for the soft ticks to show evidence of virus replication. Whether the lack
of moulting in the hard ticks may have influenced virus replication, is unknown. To the best of
our knowledge, this effect has not been described for ASFV or other viruses before, so it seems
unlikely that this has affected our study.
Even though no evidence of ASFV replication was found in I. ricinus and D. reticulatus,
several of these ticks were still PCR-positive by the end of the study period. Although no virus
isolation was attempted to confirm or rule out the presence of infectious virus, it is probably
unlikely that ASFV can remain infectious, without any degradation, in the midgut of hard ticks
for a period of 5 weeks. Decreasing levels of viral DNA in time suggest that both inactivation
of the virus and decay of the viral DNA is taking place. Based on PCR-data, there was reliable
evidence of virus replication in O. moubata, which contrasted with the comparative lack of
replication in hard ticks. However, the precise moment when infectious ASFV was cleared from
the hard tick tissues could not be determined. Therefore, a possible role as mechanical vector
of hard ticks remains unclear. Given that there is evidence from another study that viable ASFV is
quite stable in ticks (Kleiboeker et al., 1999), and that intracellular digestion (Sonenshine, 1991)
may not affect the viability of ASFV, adult hard ticks that have fed on infected pigs may still be
able to maintain viable ASFV for enough time to transmit virus to susceptible pigs in their next
blood meal. Although ticks are not considered to be as efficient mechanical vectors as other
arthropods because of their feeding behaviour (Kuno and Chang, 2005), recent studies have
shown that Lumpy skin disease virus (LSDV), also a DNA virus, can be mechanically transmitted
by hard ticks (Tuppurainen et al., 2012; Tuppurainen et al., 2011).
In conclusion, this study presents the first results on a possible vector competence
of European hard (ixodid) ticks for ASFV, in a validated in vitro feeding setup. There was no

evidence of virus replication D. reticulatus and I. ricinus, making both of them unlikely as
biological vectors of ASFV.
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Studies described in this thesis provide a quantitative insight into aspects associated with ASFV
transmission, more specifically excretion via various routes, survival of ASFV under different
conditions and the possible role of two common European hard ticks Ixodes ricinus and
Dermacentor reticulatus as ASFV vectors.
Results of the study into the excretion patterns of both acutely and persistently infected
pigs indicate that neither the dose nor the infection route (inoculated intranasally or contact
infected) significantly influences the amount of ASFV excreted. The virus can be consistently
detected in the oropharynx, intermittently in the faeces and in the blood for at least 70 days
post-inoculation (70 dpi), suggesting that infected pigs can transmit the virus for a long time.
In the air of rooms housing infected pigs, viral DNA can be detected as early as 4 days post
infection and it remains detectable when pigs are in the persistent phase of infection.
Half-life of ASFV in the air was on average 19 min based on qPCR, and 14 min based on
virus titration. Viable virus was detected in the organs of infected pigs up to 7 days after
euthanasia when stored at 20°C. Although based on limited data, the half-life of ASFV in faeces
was estimated to be 0.4 days at 20°C and decreased from 1.7 to 0.2 days when temperature
increased from 5°C to 30°C. Moreover, virus DNA could be detected much longer in tissues,
urine or faeces than viable virus. When stored at 20°C, half-lives of the virus in tissue samples
mostly ranged from 1.7 to 7.4 days, and the half-life was approximately 5 days (ranging up to
19 days at 5°C) in urine. In faeces, half-lives appeared much longer that in tissues or urine, with
half-life at 20°C being approximately 20 days.
Furthermore, the research described in this thesis showed that the transmission rate of
ASFV under experimental conditions ranged from 0.45 to 3.63 secondary infections per infected
pig per day. The infectious period will be approximately 6 to 7 days when persistently infected
pigs are not considered infectious, but 20 to 40 days when these persistently infected pigs are
considered infectious. The estimates of the reproduction ratio (R) ranged from 4.9 to 24.2 for
the minimum infectious period and from 9.8 to 66.3 for the maximum infectious period. These
results confirm the high transmissibility of ASFV, highlight the importance of animal contacts in
ASFV spread and also suggest the possible impact of persistently infected pigs in the spread of
the virus. Finally, there is no evidence of ASFV replication in I. ricinus and D. reticulatus.
In the next part of this summarizing discussion, the results of the studies described in this
thesis are discussed in the frame work of a descriptive risk assessment of the within as well as
between group transmission of ASFV. This discussion concludes with a brief reflection on the
implications of the findings described in this thesis and suggestions for future work on the
topic of ASFV transmission.

Descriptive risk assessment of infection by ASFV
Data present in the different chapters of this thesis provide insight into the dynamics of
the infection in pigs and pig populations under experimental conditions. Here we discuss
the contribution of various routes of ASFV transmission within a group of pigs and between
groups of pigs. The first represents the situation of pigs in the same pen, whereas the latter
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represents transmission between pigs housed in different rooms or even on different farms.
Although a quantitative risk assessment of ASFV transmission was beyond the scope of this
thesis, the information gathered on ASFV transmission can be compared with those gathered
for CSFV that have been applied to a risk model (Weesendorp, 2010; Weesendorp et al., 2011b).
In that way similarities and differences of ASFV in comparison with CSFV can be discussed with
regard to transmission within and between farms. Although the risk model by Weesendorp et
al. (2011b) focused on the impact of excretions and secretions on CSFV transmission within
farms, some conclusions can also be derived for between farm transmission of CSFV. Such a
comparison with CSFV might give us more insight in ASFV transmission, because in contrast
to ASFV, transmission of CSFV has been extensively characterized in the field, within as well
as between farms (Boender et al., 2008; Stegeman et al., 1999a; Stegeman et al., 1999b).
Because, in contrast to CSFV, ASFV is also vector-borne (Costard et al., 2013; Plowright
et al., 1994), the importance of the tick-borne transmission route has been added to risk
assessment described here.
In Figure 1 the three considered transmission routes of ASFV are shown: 1) within groups,
2) between groups, and 3) tick vectors. The impact of each route on the overall probability of
Towards
an improved
understanding
of African
swine fever virus transmission
ASFV
infection
is discussed
in the following
sections.
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Figure 1. Risk assessment model for within group/pen, between group/pen and tick transmission of African
swine fever. Adapted from Weesendorp et al. (2011b)
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Exposure assessment – Transmission within groups

Table 1. Mean total titres in different excretions, secretions and blood (in log10 TCID50 equiv. standardised
to 1 g or ml or m3/day) analysed by qPCR based on the area under the curve (AUC),and range of transmission
parameter β calculated based on experimental data using different assumptions.
ASFV isolate †
Brazil’78
OPF
Conjunctival fluid
Nasal fluid
Faeces
Urine
Whole Blood
Air*
Transmission parameter β**

3.8
1.8
3.3
3.6
n. a.
6.4
3.6
n. a.

CSFV strain ††

Malta’78 Netherlands’86 Brescia
4.4
n. a.
n. a.
3.1
n. a.
6.8
3.4
0.5-3.6***

4.7
n. a.
n. a.
2.8
n. a.
6.8
3.7
0.5-0.9

8.8
8.7
8.3
8.6
6.7
10.0
3.9
2.0-27.5

Paderborn

Zoelen

5.9-9.7 §
4.4-8.6 §
5.4-9.8 §
6.4-8.9 §
2.7-7.9 §
6.9-9.2 §
3.2-3.8 ¤
1.1-5.4***

5.3
2.0
4.4
3.5
1.4
5.4
(-)
0
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Within a group of pigs transmission occurs when susceptible pigs come into direct contact
with infected pigs or into contact with the excretions and secretions that such pigs have
deposited in the pen, drinking- or feeding trough or on other materials present (see Figure 1
“Transmission within group”). The daily probability of transmission by direct contact will be
determined by amounts of excretions and secretions, virus concentration therein, and the
fraction of excretions removed from the pen. While the amounts and removal rates of the
excretions and secretions may be assumed as similar for ASFV and CSFV-infected pigs, the virus
concentration found in different excretions and secretions shows considerable differences.
For CSFV, data on the total amounts of virus present in oropharyngeal fluid, conjuctival fluid,
nasal fluid, faeces and urine for strains with high, moderate and low virulence (Weesendorp
et al., 2009b) is shown in Table 1. This table shows that higher amounts of virus have been
detected in excretions and secretions of CSFV-infected pigs than in those of ASFV-infected
pigs, irrespective of the isolate. CSFV titres in blood of pigs infected with highly virulent strains
(thus excluding the Zoelen strain) were also comparatively higher than ASFV amounts in blood
(Table 1) (Weesendorp et al., 2009b). Finally, amounts of airborne ASFV (chapter 3) and virus
half-life in the air were both similar to results reported for CSFV (Weesendorp et al., 2009c).
However, there are some limitations to comparing ASFV to CSFV amounts present in
excretions and secretions. First, comparison of virus amounts in excretions and secretions

† From chapters 2, 3 and 4 of this thesis
†† (Weesendorp et al., 2009a; Weesendorp et al., 2009b; Weesendorp et al., 2009c)
OPF=oropharyngeal fluid
n. a. = data not available
No virus found is shown by (-)
§ Refers to a range of average total excretion amounts for recovered and chronic pigs
¤ Refers to a range of average total excretion amounts following a high a low inoculation dose
*Mean area under the curve (AUC) of virus found in the air (m 3) in rooms housing infected pigs
**Range of average estimation of transmission rate parameter calculated using different assumptions
***Transmission parameter corresponding to range calculated using different doses and assumptions
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(chapter 2 of this thesis) between ASFV and CSFV is hampered because of differences in
diagnostic methods; secondly, insufficient data is available on the excretion of ASFV in urine
(chapter 5); and finally, it should be noted that differences in isolates or strains and differences
in the course of infection (e.g. acute versus chronic) are associated with variations in excreted
amounts of virus, both for ASFV (chapter 2) and CSFV (Weesendorp et al., 2011a; Weesendorp
et al., 2009b).
Still, based on the results present in Table 1, virus amounts in excretions are not likely to be
higher in ASFV-infected pigs than in CSFV-infected pigs, as consequence, there will probably
be either less or comparable amounts of virus available for direct contact within a pen in case of
ASFV infection than in case of CSFV infection.
The daily probability of indirect contact to virus will also be dependent on the amount of
virus produced on previous days and the rate at which it is inactivated and removed. From the
above it follows that it is unlikely that the amount of virus produced on previous days is higher
for ASFV than for CSFV, while the removal rate of secretions and excretions is assumed to be
similar. Although literature reports that ASFV is more stable than CSFV (Gale, 2004; Haas et al.,
1995), data presented in this thesis (chapter 5) does not support a longer survival rate for ASFV
in excretions in comparison with CSFV. Therefore, given that the amount of virus in excreta and
secreta is not likely to be higher for ASFV than for CSFV, and assuming a similar removal and
survival rate for both viruses, it is most likely that the total amount of virus available for indirect
contact to infected excretions and secretions is not higher for ASFV than for CSFV.

Exposure assessment – Transmission between groups
Between groups, transmission can occur by contact with fomites (people, equipment,
vehicles, etc.) contaminated with excretions and secretions (e.g. faeces, urine) or blood
originating from ASF-infected pigs (Costard et al., 2013; Sanchez-Vizcaino et al., 2012). Another
common infection source is by feeding ASFV contaminated pig products (swill) to susceptible
pigs (Sanchez-Vizcaino, 2006).
The probability of infection between groups will be largely dependent on the contaminating
dose of ASFV and on the inactivation rate of ASFV on each matrix under the specific
environmental conditions (see Figure 1: “Transmission between groups”). As mentioned
previously, excretions and secretions from ASFV-infected pigs will probably have a lower titre
and similar inactivation rate than those from CSFV-infected pigs. Therefore, it most likely that
less virus will be introduced into a group of pigs through fomites contaminated with ASFV than
through those contaminated with CSFV. However, exposure to fomites contaminated with ASFpositive blood may not present a lower indirect contact risk in comparison with other ASFpositive excretions and secretions, as a result of the comparable (chapter 2) or even higher
titres than for CSFV ( Greig and Plowright, 1970; Plowright et al., 1968), and virus stability in
blood (Plowright and Parker, 1967).
Swill feeding is a well-known route of indirect transmission for both ASFV and CSFV. The
probability of transmission depends on the amounts of virus present in the tissues and the

survival rate of the virus in different pig products (Farez and Morley, 1997). Although reports
show very high titres (>8 log10 TCID50/g or ml) for ASFV after infection with highly virulent isolates
(McVicar, 1984; Mebus et al., 1993; Plowright et al., 1968), our results show that the range of virus
titres in the tissues upon ASFV infection (chapter 5) is comparable to those upon CSFV infection
(Weesendorp et al., 2010). Specific treatments done to pig products, by applying different
drying, curing or freezing processes; can be either more favourable to survival of ASFV (Parma
ham) or to survival of CSFV (Iberian hams and loins, salami and frozen meat) (Farez and Morley,
1997; McKercher et al., 1978; Mebus et al., 1993). Furthermore, the survival of ASFV (chapter 5)
in decomposing organs is similar to that of CSFV (Weesendorp et al., 2010). Therefore, both
viruses probably present a similar exposure risk for transmission by swill feeding.
Considering all forms of indirect contact mentioned previously, the probability of virus
introduced into a group of pigs for ASFV may be lower, than that for CSFV, but is certainly not
expected to be higher in case of fomites contaminated with secreta and excreta of infected
pigs. In case of swill feeding the probabilities of virus introduction of ASFV and CSFV are most
likely similar.

Exposure assessment – Transmission by ticks

Summarizing discussion

ASFV transmission by ticks (see Figure 1: “Transmission by ticks”) is conditional on tick exposure
to ASFV, virus maintenance and/or replication in the tick, and, finally, contact with a susceptible
pig (Labuda and Nuttall, 2004). Factors affecting ticks exposure to ASFV can be divided into
tick-specific factors and swine-specific factors. Tick-specific factors include tick behaviour,
geographical distribution, habitat, host preference, certain physiological factors and the ASFV
infectious dose (infection threshold) necessary to sustain ASFV in tick tissues (Burrage, 2013;
Plowright et al., 1994; Thomson, 1985). Swine-specific factors affecting the likelihood of a tick
feeding on an ASF infected host include the amount of ASFV present in the host at the time of
(tick) feeding, the number of infected pigs and the type of farmingand housing (i.e. extensive,
semi-intensive, intensive) (Plowright et al., 1994).
However, ASFV transmission through a tick vector can only occur if the infected tick
subsequently feeds on a susceptible pig, inoculating the pig with a sufficient contact dose.
The development stage (whether it is an adult, a nymph or larvae) and the type of feeding
behaviour (interrupted or continuous), seasonal factors conditioning tick activity (temperature,
photoperiod, humidity) will determine when a tick when re-feed on a pig, and it can vary
between a few hours (e.g. interrupted feeding in a female due to dislodging from the host) and
several weeks (nymphs in diapause). Tick feeding will again be dependent on the pig farming
practices, and on tick behaviour and physiology.
Soft ticks have been the source of sporadic outbreaks in regions where ASF was historically
present. Survival of the virus in such regions is associated with tick’s longevity and environmental
resistance, vertical transmission and the use of extensive or semi-extensive pig husbandry
practices (Boinas et al., 2011; Penrith et al., 2013). Nevertheless, soft ticks are not considered
important for geographical spread of ASFV (EFSA Panel on Animal and Welfare, 2010).
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To this date, there have been no reports of tick involvement in the maintenance of ASFV
in free-ranging pigs in the Russian Federation, although the presence of soft ticks, such as
O. tholozani and O. tartakovski, has been described in the affected regions (EFSA Panel on
Animal and Welfare, 2010). However, after feeding different Ornithodoros species with the
Caucasian ASFV isolate Georgia 2007/1, replication occurred in O.erraticus (Diaz et al., 2012) but
not in O. moubata (chapter 6). This differences in ASFV biological vectorial capacity probably
result from a specific relationship between tick species/sublineages and virus isolates, which
can further limit ASFV transmission by soft ticks.
In the Russian Federation, while the risk of soft ticks contacting domestic pigs is unknown,
the risk of contact between soft ticks and wild boar is considered to be very low, because there
is no overlap between their habitat (EFSA Panel on Animal and Welfare, 2010). On the other
hand, hard ticks (Hyalomma spp., Rhipicephalus spp., Dermacentor spp., Ixodes spp.) feed
on wild boar (Ruiz-Fons et al., 2006) and possibly on free-ranging pigs, but their role in ASF
epidemiology will depend on the capacity of hard ticks of harbouring and/or replicating ASFV.
Results presented in this thesis (chapter 6) on hard ticks showed no evidence of biological
vector competence (progressive decrease/no increase in ASFV titres) for ASFV in Dermacentor
reticulatus and Ixodes ricinus, corroborating results previously reported for other hard ticks
(Groocock et al., 1980; Plowright, 1977; Plowright et al., 1994; Sanchez Botija, 1963). Moreover,
regarding tick-host interactions, given the feeding habits of I. ricinus ticks (questing on vegetation
waiting for hosts) and behaviour (field dwelling, non-nidiculous) (Sonenshine, 1991), these ticks
are not likely to contact pigs in intensive production systems. Furthermore, while D. reticulatus
adults feed on larger animals, D. reticulatus nymphs feed mostly on rodents (Gray et al., 2009),
which may exclude the possibility of D. reticulatus nymphs acting as biological vectors for ASFV.
Despite the absence of vector competence, hard ticks may still act as a mechanical vector
of ASFV. Given that there is evidence from another study that viable ASFV is quite stable in ticks
(Kleiboeker et al., 1999), and that intracellular digestion (Sonenshine, 1991) may not affect the
viability of ASFV, adult hard ticks that have fed on infected pigs may be able to sustain viable
ASFV for a period of time that allows for transmission to other pigs through regurgitation of the
blood meal. Although ticks are not considered to be as efficient mechanical vectors as other
arthropods because of their feeding behaviour (Kuno and Chang, 2005), recent studies have
shown that Lumpy skin disease virus (LSDV), also a DNA virus, can be mechanically transmitted
by hard ticks (Tuppurainen et al., 2012; Tuppurainen et al., 2011). Further studies are necessary to
identify the potential of mechanical (passive) transmission of ASFV by hard ticks. Nevertheless,
because of above mentioned habitats of the ticks, the amount of virus exposure by ticks in
intensive pig production systems will be negligible for this route of infection.

Probability of infection based on contact dose
and exponential dose-response
Hazard characterization involves knowledge on contact dose and exponential dose-response
model parameters (related to the pig infectious dose 50% [PID 50]). In comparison with CSFV,
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both the within and between group transmission routes of ASFV do not lead to a higher virus
contact dose. On the other hand, the dose-response parameter for oral/nasal infection is
much higher for ASFV (ID50 > log10 3 TCID50) (chapter 2, Greig, 1972; McVicar, 1984) than for
CSFV (ID50 10-80 TCID50) (Liess, 1987; Terpstra and Wensvoort, 1988). As a consequence, the
probability of infection of a pig within and between group/pen is lower for ASFV than for CSFV.
In this case of transmission by soft ticks, the parental infectious contact dose is much lower
than the dose necessary for oral/nasal infection (ID 50 < 5 TCID50) (McVicar, 1984; Pan and Hess,
1984). However, transmission by ticks is dependent on the simultaneous presence of the factors
mentioned previously (combination of tick-specific and swine-specific factors). While this is
quite common in Africa, in other regions of the world (Western Europe in particular), the risks
associated with ASFV transmission by ticks are likely to be much lower than those associated
with within and between groups transmission routes.

Transmission parameters
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Within pen transmission parameters for ASFV, calculated from transmission experiments using
moderate isolates (chapter 4), showed that the transmission rate of ASFV ranges from 0.45 to
3.63 secondary infections per day, while for CSFV this parameter (Klinkenberg et al., 2002;
Weesendorp et al., 2009a, 2011a) ranges from 0.65 to 27.5 secondary infections per day (excluding
the non-transmissible Zoelen strain) (Table 1). The ranges are quite broad, because they depend
on the course of infection, the virulence of the strain and the assumptions used to calculate the
parameter. Nevertheless, the lower range of transmission rates for ASFV confirms the conclusion
drawn above that within pen transmission of ASFV is probably less efficient than that of CSFV.
Despite the similar exposure risk for both ASFV and CSFV by swill feeding, the risks of
introduction of ASFV into the United Kingdom (Wooldridge et al., 2006) and the United States
of America (Corso, 1997) by swill feeding was considered lower than for CSFV, mostly due to a
lower global prevalence of ASFV than of CSFV (OIE, 2013).
Although transmission parameters between farms are lacking for ASFV, excluding tick
borne transmission, ASFV transmission is likely to be less efficient than CSFV transmission.
The reason is that reduced within-group transmission is associated with a decreased betweengroup transmission (Van Nes et al., 1998).

Implications for control
There is no vaccine available against ASF. Consequently, upon introduction the elimination of
ASFV in a region relies on a stamping out policy, movement bans, zoning, quarantine and hygienic
measures. Given that both within and between farm transmission are likely to be less efficient
for ASFV than CSFV, controlling an ASF outbreak in a country such as the Netherlands, with an
highly industrialized pig farming system, is probably more easy than controlling a CSF outbreak.
Nevertheless, this difference cannot be quantified from the results obtained in this thesis.
In countries such as the Netherlands, with a large pig population and a high pig density and
where export of pigs and pig products is important prompt ASFV detection upon introduction
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is crucial to reduce economic losses. This requires a good early warning system including welltrained veterinarians to support notification of clinical suspicions and adequately equipped
laboratory facilities. Nevertheless, in particular in wild boar and feral swine it is not easy to
quickly detect ASF and consequently they could turn out as a reservoir (see situation in Russia
and Sardinia). A possibility for a non-invasive and cheap monitoring alternative to facilitate
disease detection has been suggested in chapter 5. Given that ASFV DNA is very stable in tissues
and faeces it could serve as a potential sample for ASFV diagnostic strategies in wild boar or
feral pigs. New surveillance programs could be designed for these animals, particularly in areas
where a lot of wild swine movement from affected areas can be expected.
Feeding of swill containing ASFV-contaminated products represents a high risk of infection.
Given the current epidemiological distribution of ASFV (Russian Federation, Sardinia and
Africa), introduction of ASFV into Western Europe will most likely be due to feeding of ASFVcontaminated swill to susceptible pigs. Thus, swill feeding bans in Europe should be maintained.

Future perspectives
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The descriptive risk analysis presented in this chapter gives an impression of the relative risk
of ASFV in comparison with CSFV, with the latter having been the subject of intense research
(Ribbens et al., 2004; Stegeman et al., 1999a; Stegeman et al., 1999b; Weesendorp, 2010). In
order to further quantify the risk of ASFV, as it has been done with CSFV, more information
on the amount of ASFV excreted in urine and inactivation rates of viable ASFV in different
excretions and secretions should be gathered. Next it would be useful to develop a quantitative
risk model for the transmission between farms in order to more accurately describe the spread
in the field and the effectiveness of intervention measures. This would allow for more targeted
control measures and more efficient disease control.
In this thesis, the ASFV isolates used belong to genotype I; whereas the virus isolates
circulating currently in the Russian Federation belong to genotype II. Further research should
focus on characterizing quantitative transmission parameters in these isolates, as these
may represent a higher risk than the isolates described in this thesis (Brazil’78, Malta’78 and
Netherlands’86).
Furthermore, an improved description of the pathogenesis (and mechanisms of
persistence/latency) of ASFV in persistently infected pigs would be particularly relevant,
not only for adequate detection of lower virulence isolates, but also for the developing and
testing of (possible) vaccines and assessing the risk of persistently infected pigs on the spread
of ASFV. In order to improve detection of ASFV isolates of varying virulence, a reliable and
easy to implement virus isolation tests using (other) cell lines, focusing on reproducibility and
sensitivity are crucial in the implementation of an efficient, early warning system.
Finally, although according to the results in this thesis ASFV transmission by ticks in Western
Europe is unlikely, improved knowledge on the tick distribution, vectorial capacity and possible
ASFV prevalence in both hard and soft ticks warrants further investigation in other European
regions (e.g. Eastern Europe).

Conclusions
•

•
•

Even though excretion dynamics in persistently infected animals are still poorly understood,
these pigs still represent an important risk for the spread of ASFV due to their prolonged
virus excretion.
The transmission rate within farms and between farms are most likely lower for ASFV than
for CSFV.
Tick vectors are unlikely to play an important role in the transmission of ASFV in Western
Europe.
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Afrikaanse varkenspest is een hemorragische ziekte van varkens veroorzaakt door het
Afrikaanse varkenspestvirus (AVPV). Kennis van transmissieparameters (direct of indirect) is
nodig om de verspreiding van het virus te kunnen modelleren en daarmee efficiëntere controle
programma’s te ontwerpen. Het onderzoek beschreven in deze thesis heeft geresulteerd in
kwantitatieve kennis van AVPV-excretie via verschillende routes, transmissiesnelheid en
virusoverleving onder verschillende omstandigheden en ook in inzicht in de rol van twee veel
voorkomende Europese harde teken (I. ricinus en D. reticulatus) als AVPV vectoren.
Onderzoek naar AVPV in excreties en secreties tijdens een periode van 70 dagen na infectie
gaf aan dat noch de dosis noch de infectieroute (geïnoculeerd of via contacts geïnfecteerd) een
significante invloed heeft op AVPV uitscheiding. Na infectie is het virus consistent aanwezig in
oropharyngeale vloeistof en de uitscheiding laat twee pieken zien. De eerste piek valt samen
met het ontstaan van klinische symptomen en koorts en duurt ongeveer 15 dagen. De tweede
piek ontstaat ongeveer 25 dagen na infectie, gaat niet gepaard met het opnieuw voorkomen
van klinische symptomen en koorts en duurt ongeveer 25 dagen. Ook kan AVPV minstens
70 dagen na inoculatie in het bloed aanwezig blijven. Aan de andere kant is AVPV alleen met
tussenpozen aantoonbaar in feces, alhoewel soms met heel hoge virustiters. Lage virustiters
zijn aanwezig in neus-, oog- en vaginale afscheiding. De resultaten laten zien dat een groot
gedeelte van de geïnfecteerde dieren het virus kan verspreiden in de omgeving gedurende
minstens 70 dagen en alhoewel chronisch geïnfecteerde varkens minder virus verspreiden dan
acuut geïnfecteerde varkens vormen ze op deze wijze een relevante besmettingsbron.
Tijdens de infectieproeven kon de hoeveelheid AVPV aanwezig in de lucht gemeten
en gekwantificeerd worden. In ruimtes met geïnfecteerde varkens kon viraal DNA worden
aangetoond vanaf dag 4 na besmetting. Tijdens acute ziekte werden virustiters van ongeveer
103.2 median tissue culture infective dose equivalents (TCID 50 eq.)/ m3 aangetoond en AVPV
bleef aantoonbaar in de lucht in de chronische fase van de infectie. De halfwaardetijd van AVPV
in de lucht bleek gemiddeld 19 min met qPCR en 14 min met virustitratie. Deze getallen zijn
vergelijkbaar met die van klassieke varkenspest virus (KVPV).
De transmissiesnelheid van AVPV middels direct contact varieerde onder experimentele
condities van 0.45 tot 3.63 nieuwe besmettingen per besmettelijk varken per dag. Deze hoge
transmissiesnelheid toont het belang van direct contact tussen dieren aan bij de verspreiding
van AVPV. Afhankelijk van de aanname over de besmettelijkheid van chronisch geïnfecteerde
varkens varieert de lente van de infectieuze periode van 6 a 7 dagen (chronisch geïnfecteerde
varkens zijn niet besmettelijk) tot 20 a 40 dagen (chronisch geïnfecteerde varkens zijn
besmettelijk).
De schatting van de reproductie ratio (R), het gemiddeld aantal geïnfecteerde varkens
besmet door één geïnfecteerd varken gedurende de gehele besmettelijke periode, was
afhankelijk van de gebruikte AVPV-stam en de aanname voor de lengte van de infectieuze
periode (minimaal of maximaal) en varieerde tussen 4.9 tot 24.2 voor de minimale infectieuze
periode en tussen 9.8 tot 66.3 voor de maximale infectieuze periode. Alhoewel deze schattingen
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van de transmissiesnelheid, infectieuze periode, en R gebaseerd zijn op experimentele
condities, bevestigen de resultaten niet alleen de te verwachte hoge transmissiesnelheid van
AVPV maar geven ook de mogelijke impact van chronische geïnfecteerde varkens aan als hun
besmettelijkheid vergelijkbaar is met die van acuut geïnfecteerde varkens.
Een ander relevant aspect van AVPV transmissie is de inactivatiesnelheid van AVPV in
verschillende besmette materialen onder verschillende condities. De resultaten gepresenteerd
in deze thesis tonen aan dat bij een temperatuur van 20°C levensvatbaar AVPV gedetecteerd
kan worden tot 7, 5, 3 en 2 dagen na infectie in respectievelijk de milt, retropharyngeale lymfe
klieren,parotide lymfe klieren, keel amandelen en de lever. De halfwaardetijd van levensvatbaar
AVPV in feces varieerde van 1.7 dagen bij 5°C tot 0,2 dag bij 30°C, maar de resultaten zijn niet erg
precies vanwege beperkte data.
Virus DNA kan langer gedetecteerd worden dan repliceerbaar virus. In weefselmonsters
bij 20°C varieerde de halfwaardetijd van AVPV DNA van 1.7 tot 7.4 dagen. In urinemonsters
varieerde de halfwaardetijd van AVPV DNA van 19 tot 5 dagen bij temperaturen van 5°C tot 30°C.
In feces bleek dehalfwaardetijd van AVPV DNA langer dan in urine of weefsel monsters, in het
bijzonder bij temperaturen van 5 of 12°C, waarbij gedurende het onderzoek geen afname van
AVPV DNA gedetecteerd kon worden.
Rekening houdend met het feit dat AVPV ook verspreid kan worden door teken, is het
cruciaal om te bepalen welke teken mogelijk als vectoren van AVPV beschouwd kunnen worden.
In West Europa is een betere karakterisering van de vectorcapaciteit van de veel voorkomende
harde teken Ixodes ricinus en Dermacentor reticulatus relevant. De experimenten beschreven
in deze thesis tonen aan dat er geen bewijs is van AVPV replicatie in I. ricinus en D. reticulatus.
Desalniettemin kunnen I. ricinus en D. reticulatus niet worden uitgesloten als mechanische
vectoren van AVPV.

Conclusies
•

•
•

•
•
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Alhoewel de kennis van de excretiedynamiek in chronisch geïnfecteerde varkens nog
steeds lacunes vertoont, kunnen deze varkens vanwege hun langdurige virusexcretie
worden beschouwd als een belangrijk risico voor de verspreiding van AVPV.
AVPV kan gedetecteerd worden in de lucht van ruimtes waar besmette varkens verblijven.
Transmissie door indirect contact met excreta en secreta is waarschijnlijk minder efficiënt
voor AVPV dan voor KVP, het risico van transmissie door indirect contact tussen boerderijen
is daarom naar alle waarschijnlijkheid lager voor AVPV dan voor KVP.
Het risico op infectie door producten afkomstig van besmette varkens is waarschijnlijk
vergelijkbaar voor AVPV en KVPV.
Het is onwaarschijnlijk dat teken een belangrijke rol spelen in de verspreiding van AVPV in
West Europa.

Acknowledgements
Supervision team and co-authors
I would like to start by thanking my daily supervisor Willie Loeffen. When I started my PhD I had
a plenty of plans and ideas about research, and Willie has helped me develop critical reasoning,
thus enabling me to carry on my work in an independent, autonomous and yet efficient way.
I would also like to thank Eefke Weesendorp, whose example of organization, work ethics
and determination have provided me the motivation to complete this thesis.
My promotor Arjan Stegeman has been of immense help in putting this thesis together.
I am deeply grateful for Arjan’s inspiration, support and commitment during the complex thesis
writing process.
I would to add a special thanks to Frans Jongejan, whose refreshing attitude, enthusiastic
nature and wealth of knowledge have made working with ticks exciting and fulfilling.
Working with Jantien Backer was a very rewarding learning experience. Thank you Jantien
for your patience and dedication!
Don Klinkenberg’s participation and cooperation was greatly appreciated. Thank you for
your valuable input in our discussions!
Annemarie Bouma and Armin Elbers are also thanked for providing interesting insights and
critical advice during our project meetings.

Technical staff

Addendum

Many, many thanks to the staff both inside (diagnostics team, animal technicians, technical
service) and outside (receptionists, secretaries) the high-containment unit who have helped me
cope with all sorts of practical matters, while also showing me how to work efficiently and joyfully.
Their support, patience and goodwill were crucial, and for that I am very grateful.
A particular thanks to the KVP lab staff:
Sjaak, Bernie, Yvon, Klaas, Froukje - Heel veel dank voor jullie hulp en morele steun, ik zal
jullie en de gezelligheid nooit vergeten!
Thanks to the Utrecht Centre for Tick-borne diseases staff (particularly Sara Zuquete
and Michiel Wijnveld) for facilitating the process of setting up a modest tick lab in the highcontainment unit.

&

Colleagues at the CVI
I would also like to thank the QVERA group for giving me the opportunity to be involved in
interesting and stimulating discussions during their meetings.
I would like to send a special thanks to my fellow PhD candidates, many of which became
much more than just colleagues: Amos, Alan, Akis, Bram, Carla, Cindy, Francesca, Franceschina,
Femke, Jose, Jos, Vijay, Teesfa…

Colleagues at the UU
I am also very grateful to the professors, post-docs and PhD students at the Farm Animal
Department for welcoming me warmly and the providing me with a wonderful writing
environment.
125

Family and friends
A word of gratitude to my family, who believed in what I was doing and gave me all the support
they could!
A todos aqueles que sempre estiveram do meu lado, apesar da distância:
Mãe, Inês, Pedro, Zé, Avó Isilda, Avô Américo (que pena não puder estar entre nós)
Pai, João, Rita, Darinho, André, Daniel, Miguel, Diogo, David, Alex, Catarina e Tatiana, Avó
Jesus, Tia Alda e Tio Zé, Tia Luísa e Tio Luís, Tia Suzete, Prima Ana, Primo Luís, Prima Marta e
Primo Nuno (e família)
Um grande abraço e muito, muito obrigada!
I was lucky enough to find home away from home and for that I must thank Rempe (and I
should also thank his Dad – Bedankt Bram!) for always being there for me when I needed him
(couldn’t have done it without you, Love).
And of course, you always get by with a little help from your friends!

Obrigada
Ana, Chris, Natália, Paulinha, Pipas, Sara, Teresa, Vera

Bedankt / Thank you / Grazie / Tak / Gracias / σας ευχαριστώ / Tack

&
Addendum

126

Akis and Viviana, Alan, Francesca and Adriano, Jan and Gill, Otto and Joyce, Sammy, Rempy,
Sjaak, Stefan, the AMITU folks …
… and all those that in one way or the other have motivated me to persevere!

Curriculum Vitae
Helena Cardoso de Carvalho Ferreira was born in Lisbon, on the 10 th of May of 1983. Helena
finished High School in Escola Secundária Sebastião e Silva (Oeiras) in 2001.
In 2002, after attending the first year of the MSc course in Computer Sciences and
Engineering, she started her Veterinary Sciences Education at the Technical University of
Lisbon (UTL).
In 2007, in the last year of her integrated MSc in Veterinary Sciences, Helena came to the
Netherlands to start an internship at the Institute for Risk Assessment Sciences (IRAS), as part of
the ERASMUS exchange program. After presenting her Master thesis on “Antibioresistance of
Extended-Spectrum β-Lactamase producer Enterobacteriaceae strains from broiler samples”
in October 2008, Helena started working in March 2009 at the Central Veterinary Institute
(CVI) as a PhD candidate.
While doing her PhD, Helena also completed an MSc in Epidemiology in 2012, specializing in
Infectious Disease Epidemiology at the University Medical Centre Utrecht (UMC Utrecht). The
work carried out during her PhD is described on this thesis.
Since August 2013, Helena has started working as post-doc at the Plum Island Animal
Disease Center (PIADC) in New York State, USA.

&
Addendum

127

