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Scope of this thesis 

Lipids are key to cellular life. They form the building blocks of membranes by which 
cells compartmentalize the chemical reactions that sustain the living state. Furthermore, 
lipids can act as messengers in signal transduction pathways and provide a means to 
store metabolic energy. Our current knowledge on the composition of cellular 
membranes and the processes of cellular lipid homeostasis (polar lipid synthesis, fatty 
acid transport and storage of neutral lipids) is mostly based on biochemical data. These 
data are obtained by lipid analysis of subcellular fractions and studies using fluorescent 
lipid analogs. While the molecular analysis of cellular fractions can shed light on the lipid 
composition of subcellular organelles and the mechanisms by which cells control 
membrane lipid homeostasis, a major shortcoming of this approach is that pure 
organelles are hard to obtain. Moreover, cell lysis and subsequent processing of 
membranes may cause substantial changes in lipid organization and turnover. 
Fluorescent lipid analogs have been used to monitor inter-organellar trafficking and 
distribution of lipids in living cells, but these fluorescent probes provide limited spatial 
resolution and have been reported to behave differently from the lipids they are 
supposed to mimic. 

Since transmission electron microscopy uses electrons instead of photons, it has a 
much higher spatial resolution compared to light or fluorescence microscopy. 
Furthermore, the magnification range of a transmission electron microscope is sufficient 
to image individual membrane leaflets within cells. In this thesis, cellular lipids, lipid 
droplets and lipoproteins were studied, exploring the use of transmission electron 
microscopy as a tool to gain insight in the subcellular distribution and processes 
involved in cellular lipid homeostasis at the ultrastructural level. In order to do this, many 
electron microscopical technique challenges had to be dealt with, since the existing 
experimental approaches were often not suitable for this kind of research. 

Biological specimens must be fixed and processed first in order to allow their 
visualization in an electron microscope. In Chapter 1, we discuss several sample 
preparation methods for transmission electron microscopy. We discuss the level of lipid 
preservation for these sample preparation procedures, based on the information 
available in the literature. From this we derive those parameters that drive lipid 
extraction, which allows us to better assess the lipid retention in a given sample 
preparation procedure. This information is used to select those sample preparation 
procedures which have the highest level of lipid preservation. 

The knowledge obtained in chapter 1 serves as a basis for the studies reported in 
Chapter 2. Here approaches to visualize the biogenesis of lipid droplets and the 
interactions of these neutral lipid storing organelles with other cellular organelles are 
studied. By combining several sample preparation and imaging techniques we find 
indications that the biogenesis of lipid droplets takes place in the mitochondria-
associated ER membranes, thereby making critical progress in visualizing the initial 
stages of lipid droplet formation. The interaction between lipid droplets and other cellular 
organelles is assessed using electron tomography. By reconstructing the 3d volumes 
from recorded tilt-series we could reveal membrane contacts between organelles within 
the section, which would be missed using conventional transmission electron 
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microscopy. This allows us to show direct membrane contacts between LDs and ER 
membrane and between an LD and a lysosome. 

In Chapter 3 we investigated the formation of very low density lipoproteins, the main 
carriers of neutral lipid in the blood circulation and an important risk factor in 
cardiovascular disease. Immuno-gold labeling on ApoB, the main apo-protein on VLDL, 
could in principle be used to determine where in the synthesis route of VLDL the second 
lipidation step takes place. However, initial experiments were faced with a loss of 
antigenicity of ApoB. We show that this loss is most likely due to the lipid scavenging 
action of bovine serum albumin, used as a blocking agent during the labeling procedure. 
This shows that lipid loss does not only occur during sample preparation but can also 
take place during the subsequent processing steps. By reducing de-lipidation of ApoB 
within the sections by albumin we are able to successfully localize ApoB by immuno-
gold labeling.  

In Chapter 4 we study an alternative to fluorescent lipid analogs. The use of a 
clickable fatty acid, combined with an optimized specimen preparation procedure, allows 
us to trace the flow of de-novo synthesized cellular lipid at the ultrastructural level. Using 
specific inhibitors against the triacylglycerol synthase DGAT2 and the Golgi stabilizing 
protein Arf1p we are able to change and re-direct this lipid flow. We visualized these 
changes within the cell by immuno-gold labeling, validating the use of clickable fatty 
acids as a suitable tool for imaging lipid flows on the nanometer scale. 

In Chapter 5 we explore a novel method that allows cryo-immobilization and frozen 
hydrated sectioning of adherent growing cells. Using this method, cells can be high-
pressure frozen and sectioned while still being attached to the substrate they were 
grown on. This provides a faster and less artifact-prone method for freezing samples for 
frozen hydrated sectioning, cryo-electron microscopy of vitreous sections (CEMOVIS) 
and VIS2FIX. The method described reduces sample preparation time, making the use 
of shorter incubation times possible. Next to this, the method it brings CEMOVIS one 
step closer to the ultimate goal: visualizing cells in their native state at high resolution. 

In Chapter 6 the findings presented in this thesis are discussed in a broader 
context. We consider the significance of technical advances for future studies. 
Furthermore, we elaborate on the relationship between lipid droplets and lipoproteins 
and the possible connections and similarities in the biogenesis mechanisms of these 
neutral lipid inclusions. 
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Abstract 

Using transmission electron microscopy cells and tissues can be studied at the 
ultrastructrural level. However during sample preparation lipids, which provide an 
essential part in the cell’s ultrastructure, can be extracted. In the literature the data on 
lipid extraction during EM sample preparation is limited. Here we provide an overview on 
what is known in terms of lipid extraction for a number of commonly used sample 
preparation techniques. Furthermore we analyze the underlying processes within the 
preparation techniques to identify the mechanisms causing lipid extraction. Using the 
dielectric constant as a measurement for polarity, we show that this parameter can to a 
large extent explain the differences in lipid retention between the preparation processes.   

Introduction 

Transmission electron microscopy allows samples to be studied at the nanometer 
scale. However, for biological specimens this is not straightforward. First of all, 
transmission electron microscopes (TEMs) operate at a high vacuum, in which water 
inside a specimen would rapidly evaporate and thereby destroy the sample. Secondly, 
the resolution obtained by transmission electron microscopy decreases with increasing 
sample thickness and most cells and tissues are too thick to be directly analyzed in the 
TEM. Therefore, preparation of biological samples for electron microscopy is aimed at 
either immobilizing or removing water within the sample while retaining the 
ultrastructural organization of the cell, and providing the specimen with enough rigidity to 
be sectioned into electron translucent slices without compromising the internal 
structures. Although the ultimate goal is to observe a sample at high resolution in the 
native state, the preceding preparation procedure could introduce artifacts, or as stated 
in one of the textbooks on EM sample preparation; “An electron micrograph is an image 
of an altered specimen compared with its living state. The degree of alteration shown by 
a specimen apparently varies depending on the preparatory procedure used. Because 
one examines an altered specimen out of necessity, it is important to understand the 
process that causes the alterations.”[1]  

Lipids together with membrane proteins form the basic structure of cellular 
membranes, which in turn provide a boundary between the cellular compartments that 
characterize the ultrastructural architecture of the cell. As one can imagine, extraction of 
these lipids can seriously disturb the structural integrity and appearance of membranes 
and of other lipid-rich structures. So in terms of obtaining high resolution images that 
closely represent the native ultrastructure using transmission electron microscopy, it 
pays to put effort in finding the optimal sample preparation procedure with regard to lipid 
extraction. Especially when one is interested in the ultrastructural localization of lipids, 
the issue is not only prevention of lipid extraction but also retention of the spatial 
distribution of lipids within the sample [2]. The literature offers only a few comprehensive 
articles dealing with the preservation of lipids during sample preparation for transmission 
electron microscopy. Most of these are from the early seventies and discuss chemical 
fixation and resin embedding protocols. Data about lipid loss in more recently 
established preparation procedures is scarce and often incomplete. Here we provide an 
overview on what is known about lipid retention in commonly used sample preparation 
techniques and, by comparing these, try to find those parameters that allow us to 
explain the level of lipid extraction in a given sample preparation procedure. 
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Reported lipid extraction in TEM sample preparation methods 

Chemical fixation, dehydration and resin embedding 
In the earliest application of electron microscopy on biological specimens, osmium 

tetroxide was used to stabilize the specimen and increase its resistance to the potential 
damaging effect of the electron beam [3]. Osmium remained the primary fixative for 
electron microscopy [4] until the introduction of aldehydes as fixatives by Sabatini et al. 
[5] in 1963. While osmium provided adequate ultrastructural preservation, it is 
incompatible with cytochemistry due to its oxidative nature [5]. Since then, chemical 
fixation for resin embedded samples is mostly carried out using an aldehyde as primary 
fixative and post-fixation with osmium tetroxide. This is followed by dehydration in an 
organic solvent (mostly ethanol or acetone) and infiltration with the resin of choice. 
There appear to be as many chemical fixation protocols as electron-microscopists, each 
of the protocols having slight changes in fixatives, buffers and additives which all could 
influence lipid retention. Most published papers about lipid extraction provide data for 
only one approach, either by comparing which lipids can be extracted before and after 
fixation using chloroform/methanol extraction [6,7] or by examining the loss of 
radiolabeled lipid during sample processing [8–10]. The first method gives some insights 
in the degree of cross-linking of lipids while the latter provides more practical data: which 
lipids are actually lost during every step of the sample preparation procedure. The 
extensive work of Cope and Williams is a good example of the latter category and 
compares a number of fixation and embedding protocols on the retention of the polar 
[11,12] and neutral lipids [13]. 

For the most commonly used fixation procedure (fixation by glutaraldehyde followed 
by osmium tetroxide, dehydration and embedding in epoxy resin), Cope and Williams 
reported a loss of 1% phosphatidylethanolamine (PE), 11% phosphatidylcholine (PC) 
and 57% of the neutral lipids, most of which is extracted during dehydration and the first 
resin infiltration steps [11,13]. Omission of the osmium post fixation increased the lipid 
loss to 47% for PE, 100% for PC and 70% for neutral lipids. In contrast, after fixation 
with only osmium, 2.6% PE and 2.5% PC was lost, indicating that aldehyde fixation has 
only little effect on the retention of both polar and neutral lipids. In fact, only a few polar 
lipids are considered to be fixed by aldehydes [6]. Phosphatidylserine (PS) and PE 
contain an amino-group that reacts with aldehydes but the product of this reaction would 
run differently on a thin layer chromatography plate and can therefore not be recognized 
as PS or PE using this method. 

Lipid retention observed with these methods does not necessarily mean retention in-
situ; lipids could be displaced within the sample without being extracted into the 
processing fluids. When observing the ultrastructure of chemically fixed and resin 
embedded samples, lipid droplets often appear extracted or deformed. A simultaneous 
fixation with glutaraldehyde and osmium [14,15] provides better ultrastructural 
preservation of lipid droplets, suggesting an increase in neutral lipid retention. However 
there are no data on lipid retention for this method. 
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Tokuyasu cryo-sections 
After the invention of the cryo-ultramicrotome, which allows samples to be sectioned 

at sub-zero temperatures, a completely different sample preparation procedure was 
developed by Tokuyasu [16]. Instead of dehydration and resin embedding, chemically 
fixed cells are embedded in gelatin, infiltrated with sucrose and snap-frozen in liquid 
nitrogen. These blocks are sectioned in a cryo-ultramicrotome and sections are picked 
up and transferred to grids using either a drop of sucrose or methylcellulose / 
sucrose [17]. Sections can subsequently be immuno-labeled, and are stabilized in 
methylcellulose containing uranyl acetate.  

There are no direct data on lipid retention for this technique though some estimation 
on the level of lipid retention can be made. Roozemond [18] measured the release of 
lipids from cryostat sections of unfixed rat brain into water or 4% PFA with or without 1% 
CaCl2 (Table 1). In water, phospholipid extraction was measured to be about 7.1%, with 
the different phospholipid classes extracted in ratio to their abundance. In 4% PFA the 
extraction was reduced to 2.7% and since this fixative reacts mainly with PS and PE, it 
changed the ratio in which the phospholipids were extracted. Addition of 1% CaCl2 to the 
fixative further decreased the lipid extraction to 1.3% but also changed the ratio of 
extraction. For Tokuyasu cryo-sections, the lipid extraction is most likely comparable or 
lower than the amount of lipid extracted in PFA + CaCl2 observed by Roozemond. In the 
Tokuyasu method, the sample is fixed and cryo-protected before freezing. Therefore, the 
membrane will not be damaged by the formation of ice crystals, which could cause 
extraction. There are no data on lipid losses during further processing of these sections 
for immuno-labeling. Although this method was not found to be suited for efficient 
labeling of glycolipids [19], Tokuyasu cryo-sections have been used to study the 
localization of cholesterol [20]. Because of the amphipathic nature of cholesterol the 
procedure had to be optimized by either addition of uranyl acetate to the fixative or by 
omitting gelatin infiltration and keeping sections at 4°C during the labeling procedure 
and thereby minimizing cholesterol loss. 

Table 1 Phospholipid released from Cryostat sections of rat hypothalamus.  
Values derived from Roozemond (1969) for the release of phospholipids from cryostat sections into water or 
4% formaldehyde with or without 1% CaCl2. Values for individual phospholipids represent percentages of total 
extracted lipid phosphorus. 

 

Cryo-immobilization and freeze-substitution 
The main drawback of chemical fixation is that cellular processes are not stopped 

instantaneously. It takes time for fixatives to penetrate into the specimen and fix the 
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cellular content. Using cryo-immobilization, samples are immobilized within milliseconds, 
fast enough to capture transient processes such as the formation and docking of 
membrane vesicles. The main requirement is that samples are frozen in a vitreous state, 
without ice-crystals which disturb the cellular ultrastructure. Plunge-freezing, jet freezing 
and metal mirror (slam) freezing allow for vitrification of samples up to 10-20 µm, which 
is not enough for most mammalian cell types. Using high-pressure freezing [21], it is 
possible to vitrify samples up to 200 µm in thickness. However, for observation in the 
transmission electron microscope these samples need to be processed first. Freeze-
substitution is often the method of choice. Here water is replaced by an organic solvent, 
usually containing fixatives, at sub-zero temperatures (-90°C). Effectively, the sample is 
dehydrated and fixed at the same time, while the lipids and proteins are still 
immobilized. After substitution, samples are most often embedded in resin, either at low 
temperature (down to -80°C) using Lowicryl resins or at ambient temperature using 
epoxy resins. 

At present there are only four studies dealing with lipid extraction during freeze-
substitution of cryo-immobilized specimens; Humbel (1984) using erythrocyte ghosts 
substituted in methanol [22], Weibull (1984) using pre-fixed A. Laidlawii cells and ghosts 
substituted in methanol or acetone [23], van Genderen (1991) measuring the loss of 
Forssman glycolipid from pre-fixed Madin-Darby Canine Kidney (MDCK) cells 
substituted in methanol containing 0.5% uranyl acetate [19] and Maneta-Peyret (1999) 
using rat brain and liver either fixed or unfixed, substituted in ethanol [24]. Humbel 
reported a loss of 9% of total phospholipids when embedding at -70°C and 15% when 
embedding at -30°C. The extraction was reduced to 2% and 4% respectively when 0.5% 
uranyl acetate was added to the methanol. Weibull showed an extraction of 5% of 
cellular lipid for substitution with acetone and embedding at -70°C and 15-45% 
extraction when using methanol as substitution medium. For substitution of pre-fixed 
cells in methanol containing uranyl acetate and embedding at -45°C van Genderen 
observed 100% retention of Forssman glycolipid. Maneta-Peyret reported lipid losses of 
55-60% for substitution in ethanol and embedding at -80°C, which was reduced to 24% 
if 0.5% uranyl acetate was added to the substitution medium. For pre-fixed tissue, lipid 
extraction was close to 80% with little effect of uranyl acetate. 

CEMOVIS 
Cryo-Electron Microscopy Of Vitreous Sections (CEMOVIS)[25] can be considered 

to be the holy grail in sample preparation. In short, a sample is high-pressure frozen, 
cryo-sectioned and observed in the transmission electron microscope at liquid nitrogen 
temperatures. The only artifacts in this method are those introduced during sectioning 
(compression, knife marks, crevasses and chatter) and specimen handling (ice 
contamination)[26]. Since there is no additional specimen preparation, there is no lipid 
extraction. Though this method allows the observation of the native ultrastructure, at the 
moment cellular components can only be identified by their morphology. 

VIS2FIX 
Recently a new specimen preparation procedure for high-pressure frozen samples 

was developed, combining frozen hydrated sectioning, on-section fixation and freeze-
substitution - rehydration. This method, called VIS2FIX[27], comes in two flavors; one in 
which frozen hydrated sections are freeze-substituted, rehydrated and stabilized with 
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methylcellulose / uranyl acetate (VIS2FIXFS) and a hydrated method in which frozen 
hydrated sections are placed on frozen fixative (containing uranyl acetate) at -90°C, 
thawed to 0°C, fixed and stabilized with methylcellulose / uranyl acetate (VIS2FIXH). 
Since VIS2FIXFS is essentially a rapid freeze-substitution, the level of lipid extraction is 
most likely comparable to that found for freeze-substitution of whole cells. For VIS2FIXH 
the level of lipid extraction will depend on the fixative used. A combination of 
glutaraldehyhde and uranyl acetate resulted in well preserved membranes. Addition of 
osmium tetroxide to this mixture allowed the preservation of the hydrophobic core of 
lipid droplets [27] indicating an increased level of neutral lipid retention using this 
technique.  

Table 2 Lipid extraction in commonly used sample preparation procedures 
Percentages of lipid extracted in commonly used EM sample preparation procedures. Values derived from the 
studies of Cope and Williams (1968, 1969) (a); based on Roozemond (1969) (b); Weibull (1984)(c);  Maneta-
Peyret (1999)(d);  Humbel (1984)(e). 

 

Discussion 

The sample preparation procedures discussed here each have different levels of 
lipid retention (Table 2), but by taking a closer look at the processes within these 
preparation methods we may be able to identify the underlying mechanisms determining 
the level of lipid retention. 

In the sample preparation procedures where a resin is used to embed the samples 
(chemical fixation and freeze-substitution), water is replaced by an organic solvent to 
improve resin infiltration and polymerization. Most of the lipid extraction takes place 
during this dehydration step and the choice of solvent has a profound impact on the 
level of lipid retention. The main difference between the solvents used for dehydration is 
their polarity. As formulated by Reichardt [28]; “The ‘polarity’ of a solvent is determined 
by its solvation behavior which in turn depends on the action of intermolecular forces 
(Coulomb, directional, inductive, dispersion, and charge-transfer forces, as well as 
hydrogen-bonding forces) between the solvent and the solute.” Currently here are many 
approaches to measure polarity. Here we will use the dielectric constant to represent 
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polarity. Although this measurement represents only one of the aspects of polarity [28], it 
is the one for which most data are available. 

As mentioned before, during dehydration water is replaced by an organic solvent. 
But like all other cellular components, polar lipid head-groups are able to bind water. 
Above 0°C the water molecules in this so called hydration shell are exchanged rapidly 
with the surrounding bulk water [29]. Thus during dehydration at room temperature when 
water mixes with the solvent, the solvent can directly interact with the membranes, 
allowing the extraction of lipids to take place (in practice extraction increases from 70 - 
100% solvent).  

Since with membrane lipids the head-group is first in contact with the solvent, it is 
likely to be the main determinant for extraction. As known from biochemistry, the rate of 
extraction depends on polarity; polar solvents preferably extract polar lipids, while non-
polar solvents preferably extract non-polar lipids. If the polarity of the head-group is 
close to that of the solvent it will have a higher affinity for the solvent than for the lipid 
bilayer. The polarity of the various lipid head-groups can be derived from their relative 
migration on thin layer chromatography (TLC), though this is a measure of lipid polarity 
in the particular solvent system used for the TLC. A more reliable value for the polarity of 
membrane lipids can be obtained from direct measurements on liposomes and lipid 
micelles. The dielectric constant of PC and PS liposomes has been calculated to be 34, 
using the Stokes shift of DPE fluorescence [30]. This value stayed constant when the 
liposomes were above their phase transition temperature. Others have calculated the 
values of the dielectric constant for the polar region of model membranes to be between 
27 and 30 [31].  

Table 3 Solubility of fatty acids in dehydration solvents (g FA/100g solvent) 
Values derived from Ralston & Hoerr (1942, 1944), Kolb (1954)* and Hoerr & Harwood (1952)** for the 
solubility of fatty acids in ethanol, methanol and acetone at 0 to 20°C. Solubility depends on the level of 
unsaturation and the length of the acyl chains. 
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If the lipid head-group has an affinity for the solvent, the composition of the acyl 
chains determines whether the lipid will go in solution or stay within the membrane. 
There are a few reports on the solubility of a number of fatty acids in organic solvents 
[32–35]. Although the actual values might not be of use here, there are certain trends in 
the solubility data that can be extrapolated to our case: shorter acyl-chains are extracted 
more easily than longer chains, while the presence of unsaturated bonds makes fatty 
acids even more extractable (Table 3). Experimental data show that for dehydration at 
room temperature the level of lipid extraction appears to be correlated to the polarity of 
the solvent used for dehydration. Dehydration by ethanol, with a dielectric constant of 
25.3 at 20°C, extracted more phospholipids from liver than dehydration using acetone 
with a dielectric constant of 21.0 at 20°C [8]. 

Table 4 Polarity of commonly used organic solvents compared to water 
Temperature dependency of the dielectric constant of organic solvents and water derived from the handbook 
of chemistry and physics 92th edition, section 6. 

 

The polarity of organic solvents is temperature dependent (Table 4): with decreasing 
temperature the dielectric constant of the solvent rises. This is reflected by the decrease 
in solubility of fatty acids in solvents with decreasing temperature [34] (Table 5). This 
increase in solvent polarity is likely to affect the rate of lipid extraction during freeze-
substitution. At the low temperatures employed during freeze-substitution not much is 
known about the dielectric constant of lipids. For pure PC and PE liposomes the 
dielectric constant of the head-group drops to 4, the estimated value for the acyl chains, 
when these lipids are brought below their phase transition temperature [30]. For cellular 
membranes such a transition temperature is difficult to establish since these membranes 
contain many lipid species with different acyl-chain compositions. Also the question 
remains whether this drop in dielectric constant occurs when samples are cryo-
immobilized by high-pressure freezing. One of the main contributing factors to the 
dielectric constant of membrane lipids is the head-group rotation [31]. After cryo-
immobilization it can be expected that this rotation is limited therefore suggesting a 
decrease in the dielectric constant. If this is the case, the acyl chain composition will 
have more influence on the extraction of lipids during freeze-substitution than during 
room temperature dehydration. 
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Table 5 Solubility of fatty acids in substitution solvents (g FA/100g solvent) 
Values derived from Kolb (1954) for the solubility of fatty acids in acetone or methanol, at sub-zero 
temperatures. Solubility of fatty acids decreases with lower temperatures. The level of unsaturation and the 
length of the acyl chains still determine the solubility. 

 

Another difference between dehydration at room temperature and freeze-
substitution is that in the latter, water is in a solid phase. During freeze-substitution the 
ice has to be substituted first before the solvent can interact with the membrane. 
Methanol has a high polarity at -90°C (Table 3) and is able to remove most water (bulk 
water and water in the hydration shells of proteins, lipids and glycans) at this 
temperature. This would explain the increase in lipid extraction during substitution to 
higher temperatures observed by Humbel [22]. Acetone, on the contrary, has a much 
lower polarity at -90°C and can only accommodate 1% water at that temperature. 
Therefore substitution of bulk and bound water takes much longer and lipid extraction 
will start later. Humbel also observed that during freeze-substitution of erythrocyte 
ghosts mainly PE was extracted [22]. Erythrocytes contain about 27% PE and 30% PC 
[36], and during room temperature preparation PC is extracted more easily than PE 
[6,11]. This effect can be explained if one assumes that the water shell around the 
phospholipid head-groups needs to be substituted before the lipid can be extracted. PE 
has been calculated to bind about 8 whereas PC is able to bind about 32 water 
molecules [37]. This is strengthened by the 100% retention of Forssman glycolipid as 
found by van Genderen, since glycolipids are capable of binding many more water 
molecules due to the presence of the sugar chains [37,38]. The lower polarity of acetone 
compared to methanol at substitution temperatures would also imply a slight increase in 
the extraction of unsaturated lipids when acetone is used as the substitution medium 
(Table 5). The only conflicting data are those found by Maneta-Peyret; since the polarity 
of ethanol is between those of methanol and acetone one would expect the lipid 
extraction to be between the values found for those solvents, however the rates of 
extraction reported are much higher. This discrepancy could be due to the preparation 
procedure used in the study of Maneta-Peyret. Samples were slam-frozen, thus only 
well frozen up to 20 µm within the sample. Furthermore freeze-substitution started at -
80°C, the temperature at which cubic ice recrystallizes to hexagonal ice. Therefore the 
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increased levels of lipid extraction could also be due to ice-crystal damage within the 
samples and loss of cellular material in the substitution medium.  

Since both the Tokuyasu technique and the VIS2FIXH method lack a dehydration 
step, lipid retention in these samples is expected to be much higher compared to resin 
embedded samples. The small loss of lipid during fixation can be negated by the 
addition of CaCl2 to the fixative. The effect of CaCl2 on the retention of polar lipids during 
fixation [18] also depends on polarity. Ca2+ binds to negatively charged (PS, PI) and 
zwitterionic phospholipids [39] and alters their polarity [30]. During the pickup of 
Tokuyasu cryo-sections using methylcellulose/sucrose the sections are slightly stretched 
[17]. This can cause loss of weakly fixed material, such as lipids. For both Tokuyasu 
cryo-sections and VIS2FIXH processed sections, further lipid loss may still occur during 
further processing of the sections for immuno-labeling. Especially after thawing of the 
sections, when in Tokuyasu cryo-sections polar lipids might re-organize to cover the 
exposed hydrophobic surface [20].  

The use of uranyl acetate, either during freeze-substitution or as a secondary 
fixative, was observed to increase lipid retention [10,20,22,24]. Uranyl ions have been 
shown to bind to the phosphorus groups of phospholipids [40,41] with the exception of 
phosphatidic acid (PA)[40]. One uranyl ion can bind up to four lipid phosphorus groups 
[42], effectively cross-linking membrane phospholipids and inhibiting lateral lipid 
diffusion. Additionally, binding of the positively charged uranyl ions to the membrane 
affects the polarity of the lipids and thereby their extractability. Although uranyl acetate 
has been reported not to react with glycosphingolipids or cholesterol [40], the use of 
uranyl acetate did improve cholesterol retention [20], though this could be a synergistic 
effect of increased sphingomyelin retention. The binding of uranyl ions to lipids is an 
electrostatic interaction and completely reversible. Also it has been reported not to alter 
the migration of lipids on TLC [10].  

Conclusion 

Both for chemical fixation and freeze-substitution, lipid retention depends 
heavily on the fixation procedure and the solvent used for dehydration [11–13]. 
The differences in lipid loss between these methods can be explained by 
considering the polarity of both the solvent and the lipids. Reactions with 
fixatives can either cross-link lipids or alter the head-group polarity (aldehydes 
and uranyl acetate) or the degree of unsaturation of the lipids (osmium tetroxide) 
and thereby influence lipid retention. It appears that besides fixing cellular 
content, reaction of aldehydes or osmium tetroxide with lipids can also make 
them more prone to extraction [13,18,23,24], this again is most likely caused by 
changes in the polarity of these lipids. For PFA fixation, this effect can be 
countered to a certain extent by addition of 1% CaCl2 to the fixative [6,18]. In the 
case of freeze-substitution, lipid retention is increased by the presence of uranyl 
acetate [22,24] and a lower embedding temperature [22]. Here, also polarity 
appears to be the main determinant of lipid extraction, with the difference that not 
the polarity of lipid head-groups but the amount of bound water determines 
whether a lipid is prone to extraction. The use of uranyl acetate as a fixative 
should be considered essential for the preservation of lateral lipid distribution 
since it can bind up to four phospholipids per uranyl molecule [42]. Methods that 
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do not rely on dehydration have increased lipid retention during sample 
preparation but might not be able to preserve the lateral organization of lipids 
after sectioning. Once again, the addition of uranyl acetate to the fixative (as is the 
case for VIS2FIX) could alleviate this problem. 

Combining the information on lipid retention with the level of ultrastructural 
preservation, cryo-immobilization by high-pressure freezing followed either by 
VIS2FIX or freeze-substitution and low temperature embedding are currently the 
methods of choice to study lipids and lipid-rich structures by transmission 
electron microscopy. 
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Abstract 

Lipid droplets (LDs) play an important role in cellular lipid homeostasis. These 
storage organelles for neutral lipids are surrounded by a phospholipid monolayer and 
have been suggested to function in various other cellular processes. LDs have been 
found in close association with a number of other cellular organelles, but the nature of 
these interactions has not been well studied. How lipid droplets are formed also remains 
an enigma, though it is a widely held view that their biogenesis occurs in the 
endoplasmic reticulum (ER). Here we explore the use of transmission electron 
microscopy and tomography to investigate the early stages of LD formation and gain 
insight into the association of LDs with other organelles. Taking advantage of an 
experimental cell system in which nascent LDs can be accumulated, we found the first 
indications that LD formation is initiated in ER membranes preferentially those 
associated to mitochondria.  

Introduction 

Fatty acids (FAs) are used for the synthesis of polar lipids but also provide a potent 
source of energy in all cells. As an excessive amount of free FAs and sterols can 
seriously disturb cellular homeostasis, these molecules are stored in an esterified form 
as neutral triacylglycerol (TAG) or sterol-esters in specialized storage organelles, called 
lipid droplets (LDs). LDs contain a neutral lipid core surrounded by a phospholipid 
monolayer with a specific lipid composition [1], which is stabilized by a number of 
amphipathic helix-containing proteins, called PAT proteins [2] or perilipins [3]. The 
amount and composition of PAT proteins on a lipid droplet is not constant (see also the 
review by Wolins et al. (2006) [4]. Of the PAT proteins, only perilipin (perilipin 1) and 
adipophilin (perilipin 2) are tightly bound to the LD surface. TIP47 (perilipin 3), S3-12 
(perilipin 4) and Oxpat (perilipin 5) can also exist in a cytosolic form. In adipocytes, the 
composition of PAT proteins also regulates the release of fatty acid from lipid droplets by 
lipases [5].  

The presence of a phospholipid monolayer instead of a lipid bilayer makes the lipid 
droplet a unique organelle within the cell. Lipid droplets are thought to have other 
functions besides the storage of neutral lipids, such as assisting in the breakdown of 
hydrophobic proteins [6,7] and in cellular trafficking [8,9]. LDs have been implicated in 
the pathogenesis of several cardiovascular and muscle diseases. Furthermore, ectopic 
lipid storage has been linked to reduced insulin sensitivity and Diabetes type 2.  

Lipid droplets within a cell can differ in lipid composition and even within a single 
lipid droplet the neutral lipid appears to be organized, with unsaturated lipids and 
cholesterol in the periphery and the most saturated lipids in the center [10]. This packing 
could account for the appearance of ‘layers’ within lipid droplets in freeze-fracture 
replicas [11]. Though these differences in lipid composition between lipid droplets have 
been observed for 3T3-L1 cells and adipocytes, newly synthesized TAG appears to be 
uniformly incorporated into existing lipid droplets in other cell types [12]. 

LDs are by no means static storage organelles. Even in the earliest studies using 
electron microscopy, LDs have been shown to interact with the cytoskeleton and other 
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cellular organelles such as ER, mitochondria, peroxisomes, endosomes and lysosomes 
[13,14]. Although some of these interactions could be based on artifacts from the sample 
preparation, as is the case for the so-called ER inclusions in LDs reported by McGookey 
[15], which upon close inspection appear to be exactly like myelin figures caused by 
dehydration. Whether the LD organelle interactions are just close associations or actual 
membrane contacts is difficult to assess using standard TEM analysis of thin sections 
and ask for other approaches such as Electron Tomography. 

Until now the precise mechanism by which LDs are formed is still unknown. A 
widely-held view is that the endoplasmic reticulum (ER), which contains the TAG-
synthesizing diacylglycerol acyltransferases (DGATs) [16,17] (Figure 1), plays a crucial 
role in LD biogenesis. DGAT1 is an ER-resident transmembrane protein with a broad 
acyl-CoA-transferase activity that besides TAG can also synthesize monoacylglycerol 
(MAG) and diacylglycerol (DAG) [22]. DGAT2 belongs to an entirely different family of 
acyl-transferases and is dedicated to the synthesis of TAG. DGAT2 has two predicted 
isoforms. The main difference between these is the absence of a transmembrane region 
in isoform 2. DGAT2 has been shown to localize to lipid droplets (LDs) after stimulation 
with fatty acid [17], suggesting that this enzyme can mediate the synthesis of TAG on 
the surface of pre-existing LDs. 

Figure 1. Lipid droplet formation according to the budding model The budding model is the most widely 
accepted model for lipid droplet biogenesis. (A) Triacylglycerol (TAG) synthesized by DGAT accumulates 
between the membrane leaflets and causes a change in the membrane curvature. This curvature is stabilized 
by PAT proteins(*) like TIP47. (B) Stabilization of the lipid lens by the PAT proteins facilitates expansion of the 
lens towards the cytosol. (C) The lipid lens approaches its critical size and a neck region starts to form. (D) 
The nascent lipid droplet buds out of the ER and becomes a cytosolic lipid droplet. 
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There are a number of theories on lipid droplet formation. The most widely accepted 
theory is the budding model [18,19] (Figure 1). This model postulates that newly 
synthesized TAG accumulates between the two leaflets of the ER membrane, forming a 
lens like structure which, when it has reached a critical size, buds off from the ER 
membrane [20]. This process is thought to be assisted by proteins that help stabilize 
membrane curvature. One of these proteins is the PAT protein TIP47 or perilipin 3. 
Consistent with a role in an early stage of LD formation, TIP47 has been reported to 
localize to DAG rich areas in the ER membrane [21] whereas a reduction of TIP47 
protein levels by RNA interference was shown to abolish formation of mature LDs 
without changing the level of TAG synthesis [22].  

The polar lipid composition of membrane leaflets surrounding the lipid lens could 
also contribute to the budding of the lipid droplet. Recently, cytosolic phospholipase A2 
alpha (cPLA2α) has been implicated to be essential for the formation of lipid droplets 
[23] and inhibition of this lipase resulted in a 60-70% decrease of LD formation after 
arachidonic acid stimulation [24]. After activation, cPLA2α hydrolyzes phospholipids to 
lysophospholipids [25] and could thereby assist in inducing the membrane curvature 
required for transforming the lipid lens into a lipid droplet. These lipid lenses or nascent 
LDs have been calculated to be about 12 nm in diameter [26] though this model did not 
take into account the stabilizing effect of PAT proteins. Nascent LDs are most likely very 
small in size, making it difficult to detect these structures even with an electron 
microscope. This could be overcome by either labeling these structures or by increasing 
their abundance. 

An alternative model for lipid droplet formation is based on the similarity between 
lipid droplets and lipoproteins. Like the formation of lipoproteins, which will be discussed 
in Chapter 3, the formation of LDs could take place outside the membrane bilayer. First, 
polar lipids are bound to a lipid binding protein, after which neutral lipids are loaded 
within the micelle formed by the polar lipids. However, there is little experimental 
evidence for this model.  

To visualize the early stages of LD formation at the ultrastructural level, we applied a 
combination of electron microscopy techniques on a cell system in which this process 
can be manipulated. To this end, we used human HeLa cells in which expression of the 
PAT protein TIP47 is knocked down by ± 70% by stable expression of a short interfering 
hairpin RNA [22]. The TIP47kd cell line converts oleic acid into TAG without forming 
LDs, most likely because the budding of nascent LDs from the ER membrane is 
blocked. Feeding TIP47kd cells with oleic acid would thus provide a means to 
accumulate nascent LDs. To visualize these structures, TIP47kd and control cells were 
subjected to transmission electron tomography, staining of lipid inclusions by 
imidazole/osmium-tetroxide, and immuno-localization of remaining TIP47. Transmission 
electron tomography creates a three-dimensional reconstruction of a sample by back-
projection of transmission images taken at different tilt angles [27,28]. The resolution of 
this technique allows determining membrane contacts and continuities and thereby 
provides important information on the organization of structures within a sample. For this 
reason it was used to study the association of LDs with other cellular organelles. 
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Results and Discussion 

Setting the time-frame for LD biogenesis 
Inclusions of TAG can be stained by lipid specific dyes, though some of these have 

been shown to induce LD fusion [29]., We used the fluorescent stain Nile Red, which 
does not induce fusion, [30] to monitor LD formation and pick an optimal time point for 
chemical fixation and EM analysis. The emission spectrum of Nile Red depends on the 
polarity of its surrounding medium [31]. When exposed to neutral lipid, the dye emits 
gold-yellow light that can best be observed in the green channel (excitation, 450-500 
nm; emission, greater than 528 nm). After staining with Nile Red, numerous LDs could 
be observed in human HeLa cells grown in medium supplemented with 10% FCS 
(Figure 2A). To stimulate formation of new LDs rather than expanding pre-existing LDs, 
we decided to pre-incubate the cells in medium supplemented with delipidated FCS. 
After overnight incubation in lipid-free medium, the number of lipid droplets within the 
cell was drastically reduced (Figure 2B). When 100 µM oleic-acid complexed to albumin 
was added to these cells, large lipid droplets could be observed after 20 min of 
incubation (Figure 2C). This time period was used in all subsequent experiments with 
control and TIP47kd HeLa cells. 

Figure 2. Setting a rough time-scale for LD formation HeLa cells were grown on coverslips and incubated 
overnight in delipidated culture medium. The next day cells were incubated with 100 µM oleic acid bound to 
albumin. At specific time points cells were fixed with 4% formaldehyde and stained with nile-red before being 
imaged by fluorescence microscopy. (A) HeLa cells grown on culture medium containing 10% fetal calf serum. 
Using the green channel, lipid droplets can be visualized. (B) After overnight incubation in culture medium 
containing 10% delipidated serum the amount of lipid droplets is drastically decreased. (C) 20 min after 
addition of 100 µm oleic acid, newly formed lipid droplets can be observed throughout the cells.  All images 
were taken at 40x magnification. 

TEM tomography on HeLa TIP47kd cells 
As a pilot experiment, HeLa TIP47kd cells were loaded for 20 min with oleic-acid 

before chemical fixation. To obtain an optimal ultrastructural preservation of LDs, cells 
were fixed with glutaraldehyde and osmium tetroxide (OsO4) simultaneously [32,33] as 
discussed in Chapter 1. Before dehydration and embedding in Epon, the intrinsic 
contrast of the samples was enhanced by post-fixation with tannic-acid followed by 
osmium tetroxide (TAMOI) [34]. This provides optimal contrast throughout the sample, 
which is a prerequisite for tomographic reconstruction. 500 nm sections were first 
analyzed by conventional TEM to identify regions containing ER membranes, the site 
where LD formation is thought to occur. Of these regions dual axis tilt series were 
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recorded and reconstructed. Interestingly, in several tomograms (3 out of 5), lens like 
structures could be observed in the ER membrane (Figure 3, dashed circles). These 
structures were not observed in HeLa TIP47kd cells that had not been incubated with 
oleic acid (3 tomograms analyzed). The lenses typically measured up to 15 nm in 
thickness and 17 nm in length. These dimensions are slightly larger than the calculated 
critical size for spontaneously budding LDs [26]. 

 
Figure 3. Lens like structures in the ER in tomograms of chemically fixed TIP47kd HeLa cells  
HeLa TIP47kd cells grown on aclar were incubated for 20 min with100 µm oleic acid before chemical fixation 
with 2% glutaraldehyde and 2% osmium tetroxide in 0.1M cacodylate buffer, followed by contrast 
enhancement using the TAMOI method. Samples were dehydrated in ethanol and embedded in Epon. (A-D) 
Electron tomography on 350 nm sections revealed lens like structures in the ER membrane (dashed white 
circles) which were also visible in the X-Z, Y-Z view.  
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To rule out that these lens-like structures are artifacts caused by chemical fixation, 
we avoided this step and physically fixed the oleic acid-treated HeLa TIP47kd cells by 
high-pressure freezing followed by freeze-substitution, TAMOI and embedding in Epon. 
In tomographic reconstructions from these samples (3 tomograms analyzed), we were 
unable to find lens-like structures in the ER. This result raised the possibility that the 
lens-like structures observed previously are induced by chemical fixation and may not 
correspond to initial stages of LD formation. However, at this point we cannot exclude 
two alternative possibilities. First, we may have not analyzed sufficient tomograms of 
high-pressure frozen, freeze-substituted cells to detect the lipid lenses. Second, lipid 
lenses may be less apparent in freeze-substituted samples compared to chemically 
fixed material, since freeze-substitution preserves the cellular ultrastructure to such an 
extent that the lens-like structures could be easily obscured by nearby cellular 
components. As an alternative approach to visualize early stages of LD formation at the 
ultrastructural level, we next explored the use of imidazole as a specific stain for lipid 
inclusions. 

Staining of lipid inclusions 
A combination of osmium tetroxide with imidazole has previously been shown to 

intensify the staining of lipid droplets [35]. Since a transmission electron micrograph is in 
essence the sum of all the information in the z-direction of the section, it is often difficult 
to assess the identity of individual structures in a micrograph of a thick section. The 
increase in contrast of lipid inclusions provided by the imidazole-osmium stain might aid 
us in the detection of nascent LDs in thick sections intended for electron tomography. 
We first tested this method in combination with our optimized chemical fixation protocol 
(see above) before exploring the suitability of this method in freeze-substitution. In thin 
sections of control HeLa cells, lipid droplets were indeed stained after using imidazole 
as a mordant (Figure 4A). However, also lipid inclusions in lysosomes appeared to be 
intensely stained (Figure 4B). Attempts to use this technique as a tool to pin-point the 
location of early lipid droplets within thick resin sections resulted in to many false-
positives during the identification of the regions of interest for electron tomography. 
Therefore, we decided to try to identify the site of lipid droplet biogenesis by immuno-
localization of one of the proteins involved in in this process.   
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Figure 4. Staining of neutral lipid inclusions using imidazole-osmium 
HeLa cells grown on aclar were incubated for 20 min with 100 µm oleic acid before chemical fixation with 2% 
glutaraldehyde and 2% osmium tetroxide in 0.1 M cacodylate buffer, followed by imidazole-osmium staining,  
dehydration in ethanol and embedding in Epon. (A) After imidazole-osmium treatment lipid droplets appear 
intensely stained. ER membranes can be identified in close association with the LDs. (B) At lower 
magnification however it becomes clear that not only LDs but also lipid inclusions in multivesicular bodies are 
intensely stained. *: multivesicular body, er: endoplasmic reticulum, g: Golgi, ld: lipid droplet, m: mitochondria.  
All scale bars represent 500 nm. 

Immuno-localization of TIP47  
A complementary method to localize early LDs at the ultrastructural level would be 

the immuno-localization of TIP47. This protein is required for efficient LD formation [22]. 
TIP47 localizes to ER membranes enriched in DAG [21], which is the precursor for TAG. 
Immuno-gold labeling of TIP47 may thus help pinpoint sites of LD formation. We tested 
antibodies against TIP47 on Tokuyasu cryo-sections [36] of oleic acid-treated HeLa 
cells. Immuno-gold labeling of TIP47 showed the presence of TIP47 on the periphery of 
LDs (Figure 5A). As discussed in Chapter 1, the hydrated VIS2FIX method [37] allows 
for efficient immuno-labeling and combines rapid cryo-immobilization with good lipid 
retention. Therefore, we tried to localize TIP47 on sections processed via the VIS2FIXH 
method. While the labeling of TIP47 on the periphery of LDs was reproducible, at first 
there was still considerable background label on the nucleus, mitochondria and the 
formvar film. Changing the block buffer from 1% BSA to 0.5% acetylated BSA (BSA-c) 
reduced most of this background (Figure 5B). In oleic acid-treated TIP47kd cells, we 
expected the remaining TIP47 to localize primarily to the site of TAG synthesis to 
stabilize newly formed lipid lenses. When immuno-labeling VIS2FIXH sections of these 
cells, hardly any TIP47 could be detected (Figure 5C), as expected. However, we did 
observe sparse gold label on the periphery LDs as well as on small electron translucent 
structures in mitochondria-associated regions of the ER membrane (Figure 5D, dashed 
white circles). Since the TAG synthase DGAT2 has been reported to reside in these 
membranes [17], the structures observed here may well correspond to early LDs. More 
quantitative experiments are needed to validate these preliminary results. For example, 
in TIP47kd HeLa cells grown in delipidated medium, TIP47 should be absent from the 
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mitochondria-associated ER membranes. Furthermore, TEM tomography may be used 
to provide more insight in the TIP47 positive structures present in the mitochondria-
associated ER after oleic acid stimulation. 

 
Figure 5. Immuno-localization of TIP47 on control and TIP47kd HeLa cells 
Tokuyasu cryo-sections and VIS2FIXH sections of HeLa cells (A,B) and TIP47kd HeLa cells (C,D) were labeled 
for TIP47 using specific antibodies. (A) Tokuyasu cryo-section of HeLa cells incubated with oleic acid and 
labeled for TIP47. Gold label can be detected in the cytosol and on the periphery of lipid droplets. (B) This 
result was reproducible on VIS2FIXH sections, though these required a more stringent blocking step to reduce 
background label. (C) Hardly any TIP47 could be detected on VIS2FIXH sections of TIP47kd cells. (D) In some 
sections specific label could be detected on small electron translucent structures in the mitochondria 
associated ER membrane (dashed white circles). er: endoplasmic reticulum, ld: lipid droplet, m: mitochondria, 
n: nucleus.  All scale bars represent 500 nm. 
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Validation of LD-organelle interactions using TEM tomography 
TEM tomography provides a tool to validate the interactions between LDs and other 

organelles previously observed in transmission electron micrographs of thin sections. 
Tilt-series were recorded from 500 nm sections of high-pressure frozen, freeze-
substituted and Epon embedded HeLa cells, loaded for 60 min with oleic acid to assure 
the presence of large LDs. In the reconstructions of these tilt-series we observed close 
association of LDs with mitochondria, ER membranes, lysosomes and multivesicular 
bodies. For ER membranes, membrane contact sites between ER and LD could be 
observed. (Figure 6A, B). The LDs themselves appeared electron translucent, as if most 
of the neutral lipid content had been extracted during substitution and embedding. As 
discussed in Chapter 1, when freeze-substitution is combined with low temperature 
embedding using Lowicryl resin instead of Epon embedding, the extraction of neutral 
lipids should be reduced. Additionally, immuno-labeling can be performed on Lowicryl 
sections. This would allow us to identify organelles based on specific immuno-labeling 
rather than on ultrastructure alone. Therefore, we decided to apply freeze-substitution 
and low temperature embedding with Lowicryl HM20 at -50°C. We first analyzed thin 
sections of these samples and found that part of the neutral lipids in the core of the LD 
was retained during substitution, while those more to the periphery were still extracted in 
the process (Figure 6C). The partial extraction of the neutral lipid content made it difficult 
to define the LD’s phospholipid monolayer in tomographic reconstructions, thus limiting 
the suitability of this method to define LD-organelle interactions. 

 The latter problem might be circumvented by the use of the VIS2FIXH method [37]. 
While this method combines a well-preserved ultrastructure with efficient immuno-
labeling, the section thickness is limited to a maximum of about 100 nm due to the 
sectioning properties of the vitreous ice. Furthermore, it is unknown whether sections 
obtained with this technique could withstand the extended exposure to the electron 
beam during the recording of the tilt-series. To test this, we used a section of THP-1 
monocytes immuno-labeled for the lysosomal protein LAMP2. In this section, a LAMP2 
positive lysosome was observed in close association with a lipid droplet (Figure 6D). A 
tilt-series was recorded and re-constructed using the gold-label as fiducial marker. In the 
reconstructed tilt-series, the interface between the LD and the lysosome resembled a 
phospholipid monolayer, suggesting that the lysosome had partially fused with the LD’s 
phospholipid monolayer (Figure 6E, F). This type of hemi-fusion has also been proposed 
for peroxisome-LD interactions in yeast [38]. The direct contact shown here between the 
lysosome and the LD closely resembles the mechanism for micro-autophagy reported in 
the literature [39,40]. This suggests that the involvement of autophagy in LD metabolism 
[41] might also be mediated via micro-autophagy. 
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Figure 6. Validation of LD - organelle interactions using electron tomography 
(A) Direct membrane contact between ER and LD could be observed in reconstructed tilt-series from high-
pressure frozen, freeze-substituted and Epon embedded HeLa cells (arrowheads). (B) Model of the 
reconstructed tomogram showing LDs (light blue), ER membranes (pink), MVB (blue) with internal vesicles 
(red), mitochondria (green) and the nuclear envelope (purple).  While membrane contrast was sufficient to 
allow for efficient reconstruction of the tilt series, LDs appeared extracted. (C) Using low temperature 
embedding with Lowicryl HM20 extraction of the LD content was reduced, though the rim of the LD still 
appeared extracted (arrowheads).  (D) In a hydrated VIS2FIX section of THP-1 cells labeled for LAMP2 a 
LAMP2 positive lysosome appeared in close association with an LD. (E) Tomographic reconstruction revealed 
that the interface between LD and lysosome resembles a phospholipid monolayer, suggesting a hemi-fusion 
between LD and lysosome (arrowhead). (F) Model of the reconstructed tomogram showing the LD (light blue), 
ER membrane (pink), lysosome (red) with internal vesicles (blue) , mitochondria (green) and the gold label for 
LAMP2 (yellow).  er: endoplasmic reticulum, g: Golgi, L: lysosome, ld: lipid droplet, m: mitochondria, MVB: 
multivesicular body, n: nucleus.  All scale bars represent 500 nm. 

Concluding remarks 

Since all enzymes involved in the synthesis of TAG are located in the ER 
membrane, it is generally believed that the biogenesis of lipid droplets takes place 
in this organelle. Inclusions of TAG between the membrane leaflets would bud 
out, stabilized by PAT proteins such as TIP47, to form a lipid droplet. The goal of 
the present study was to explore new approaches to visualize this process at the 
ultrastructural level, in order to gain further insight in the underlying mechanism. 
Initial experiments with chemically fixed samples indeed revealed the presence of 
small lens-like structures in the ER of oleic acid-stimulated TIP47kd HeLa cells, 
which were absent in untreated cells. However, the presence of these structures 
could not be verified in high-pressure frozen freeze-substituted samples. Immuno-
gold labeling of a potential marker of nascent LDs, TIP47, on hydrated VIS2FIX 
sections of oleic acid-stimulated TIP47kd HeLa cells showed gold label in ER 
membranes, especially those associated with mitochondria. Addressing whether 
LD biogenesis indeed occurs preferentially in these mitochondria-associated ER 
membranes will require a more detailed and quantitative analysis. If mitochondria-
associated ER membranes are indeed the site of LD biogenesis, TIP47 should no 
longer present on these membranes when TIP47kd HeLa cells are grown in 
delipidated medium. In addition, electron tomography on oleic acid stimulated 
TIP47kd HeLa cells labeled for TIP47 should be used to visualize neutral lipid 
inclusions in these ER subdomains. Ultimately, in control HeLa cells, TIP47 
should also localize to the mitochondria-associated ER membranes shortly after 
oleic acid treatment. Finally, a method that would allow the labeling of individual 
lipid molecules (see chapter 4) might be used to directly demonstrate the 
presence of neutral lipid in the lens-like structures.  

Using electron tomography, we were able to better characterize the nature of 
LD-organelle interactions. For most organelles these were mainly close 
appositions to the LD without involving direct membrane contact. For both ER 
and lysosomes however, direct membrane contacts could be observed. The 
mechanism for micro-autophagy, as reported in the literature, bears a close 
resemblance to the contact between the lysosome and the LD observed here. This 
suggests that the reported role for autophagy in LD metabolism may also be 
micro-autophagy mediated. 
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Materials and methods 

Reagents 
Oleic acid (Sigma-Aldrich, St. Louis, MO) was bound to bovine albumin in a 6:1 

molar ratio, as described in Van Greevenbroek et al. (1995)[42] Briefly; 20% w/v bovine 
serum albumin (essentially fatty acid free, Sigma-Aldrich) was dissolved in culture 
medium at RT and subsequently cooled down to 4ºC. Fatty acid in 96% ethanol was 
added to 100 mM NaOH in 96% ethanol to a final concentration of 12 mM FA. The 
ethanol was evaporated under N2 flow, the resulting FA/NaOH pellet dissolved in 0.5 ml 
AD at 55°C, followed by the addition of 0.5 ml 20% BSA in culture medium. The 
FA/Albumin solution was stored at -20°C until used at a final concentration of 100 μM 
FA, in FA free medium.  

FA-free medium was prepared by supplementing low glucose DMEM with 10% FCS 
delipidated by chemical extraction with (2:1) di-isopropylether (Sigma-Aldrich) : 1-
butanol (Sigma-Aldrich) as described by Cham & Knowles (1976)[29]. After extraction, 
FCS was subjected to nitrogen flow for 2 hours before dialyzing three times overnight 
against PBS. 

Cell culture 
Control HeLa and HeLa TIP47kd cells (a kind gift of Dr. Stephan Höning, Köln 

University) were cultured in low glucose DMEM (PAA, Pasching, Austria) with 10% fetal 
bovine serum (PPA). All experiments were carried out between passage 5 to 7. 

Chemical fixation and imidazole-osmium staining 
HeLa cells grown on aclar pieces were incubated for 20 minutes with 100 µM oleic 

acid complexed to albumin (6:1 molar ratio) before chemical fixation with 2% 
glutaraldehyde and 2% osmium tetroxide in 0.1 M cacodylate buffer for 2 hours before 
dehydration in ethanol and stepwise infiltration and embedding in Epon. For samples 
intended for TEM tomography, contrast was enhanced using the TAMOI method [34] 
before dehydration. In case of imidazole-osmium staining the fixative was replaced after 
15 min with 0.1M imidazole in 0.1 M cacodylate buffer and incubated for 15 min. Next 
the imidazole was replaced with fresh fixative and the cells were fixed for 1¾ hours 
before dehydration in ethanol and embedding in Epon. 

Tokuyasu cryo-sections 
HeLa cells at 80% confluence were incubated with 100 µM oleic acid complexed to 

albumin (6:1 molar ratio) for 20 minutes to stimulate LD formation. Cells were fixed for 
24 hours with 2% PFA + 0.5% GA in phosphate buffer (pH7.4), scraped and pelleted in 
12% gelatin. After solidifying at 4°C the pellet was cut in small blocks, infiltrated 
overnight with 2.3 M sucrose, mounted on aluminum pins and snap-frozen in liquid 
nitrogen. 90 nm sections were cut on a cryo-ultramicrotome (UC6/FC6, Leica 
microsystems, Vienna, Austria) at -120°C. The sections were picked up with a drop of 
1.15 M methylcellulose / 1% sucrose and mounted on a grid. 
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High-pressure freezing 
Samples for freeze-substitution 

HeLa cells were grown to 80% confluence on Aclar discs glued to the bottom of a 
Petri dish using matrigel [43]. Cells were incubated overnight with FA free medium and 
challenged the next day with 100 µM oleic acid complexed to albumin (6:1 molar ratio) 
for 20 minutes to stimulate LD formation. Aclar discs were placed in the 100 µm deep 
recess of a type A platelet (Engineering office M.Wohlwend, Senwald, Switzerland) filled 
with culture medium and covered with a type B platelet (Engineering office 
M.Wohlwend), flat side down. The specimen sandwich was placed in the standard 
holder and high-pressure frozen in an EMHPF (Leica Microsystems) operating at 2100 
bar. 

Samples for VIS2FIX 

HeLa cells at 80% confluence were incubated overnight with FA free medium and 
challenged the next day with 100 µM oleic acid complexed to albumin (6:1 molar ratio) 
for 20 minutes to stimulate LD formation. Cells were gently trypsinized and pelleted (154 
rcf, 37°C). Part of the cell pellet was re-suspended in medium containing dextran at a 
final concentration of 15%. The resulting cell suspension was high-pressure frozen in 
copper tubes in an EMHPF (Leica Microsystems) operating at 2100 bar, using a 
modified specimen holder. All samples were frozen within 8 minutes after re-suspension 
to prevent possible endocytosis of dextran. 

Freeze-substitution and Epon embedding 
Samples were freeze substituted from -90 to 0°C in an AFS2 (Leica Microsystems) 

using anhydrous acetone (Seccosolv, Merck) containing 2% osmium tetroxide (EMS, 
Hatfield, PA) and 3% H2O.  At 0°C, samples were washed in pure anhydrous acetone, 
contrast was enhanced using the TAMOI method [34]. Samples were gradually infiltrated 
with increasing concentrations of Epon (EMS) in anhydrous acetone and subsequently 
embedded in pure Epon. Samples were polymerized 60°C for 3 days. 50 nm sections 
were cut on an ultramicrotome (Ultracut E, Reichert-Jung, now Leica microsystems) 
using a diamond knife (Diatome, Biel/Bienne, Switzerland) and placed on a grid. 

Freeze-substitution and low temperature Lowicryl embedding 
Samples were freeze substituted from -90 to -50°C in an AFS2 (Leica 

Microsystems) using anhydrous acetone (Seccosolv, Merck) containing 0.2% uranyl 
acetate (Merck).  At -50°C, samples were washed in pure anhydrous acetone and 
gradually infiltrated with increasing concentrations of Lowicryl HM20 (EMS) in 
anhydrous acetone and subsequently embedded in pure Lowicryl. Samples were 
polymerized by UV irradiation at -50°C for 5 days. 50 nm sections were cut on an 
ultramicrotome (Ultracut E, Reichert-Jung, now Leica microsystems) using a diamond 
knife (Diatome, Biel/Bienne, Switserland) and placed on a grid. 

VIS2FIXH 
Tubes were transferred from liquid nitrogen to a cryo-ultramicrotome (UC6/FC6, 

Leica micro-systems) set to -150°C, and subsequently trimmed to a pyramidal block 
face.  80 nm frozen-hydrated sections were cut and directly attached to the grid by 
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electrostatic force using the Crion system (Leica microsystems).  Grids were processed 
according to the VIS2FIXH method [24] using 0.2% uranyl acetate and 0.2% 
glutaraldehyde in 0.1MPhem (pH6.9) as fixative. 

Immuno-labeling 
Sections were blocked using either 1% lipid free BSA (#A7906, Sigma-Aldrich, St. 

Louis, MO), 0.5% BSA-c (Aurion, Wageningen, NL) diluted in 0.1 M Phem. Grids 
containing Tokuyasu cryo-sections were blocked for 5 min, grids with VIS2FIXH sections 
were blocked for 20 min. Sections were subsequently labeled for TIP47 using Rabbit 
anti-full length TIP47 (a kind gift of Dr. Stephan Höning, Köln university) followed by 10 
nm protein-A gold (CMC UMCUtrecht). Antibodies were diluted in block buffer. Sections 
were contrasted with uranyl oxalate (pH 7) and stabilized in 1.8% methylcellulose / 0.4% 
uranyl acetate. 

Imaging 
TEM micrographs were recorded on a Tecnai 12 120 kV transmission electron 

microscope (FEI Company) at 80 kV equipped with a sidemounted Megaview II CCD 
camera (SIS, Münster, Germany). When needed, the TEM images were scaled for 
optimal contrast by employing linear adjustments of the levels for the entire image. 

For electron tomography, tilt series were automatically recorded at 200 kV using a 
Tecnai-20 equipped with a bottom-mounted slow-scan CCD camera (Tem-Cam 
F214;TVIPS GmbH, Gauting, Germany) and a motorized goniometer. Specimens were 
tilted about two orthogonal axes at 1° intervals from −65° to +65°, resulting in two 
datasets of 131 high-resolution images (1×1 K). Images were aligned, tomograms 
computed and the two single-axes tomograms merged into one using the program 
package IMOD [44].  
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Abstract 

High levels of very low density lipoprotein (VLDL) in the blood circulation are 
considered to be a risk factor for cardiovascular disease. Insights in the assembly of 
VLDL could aid in the development of new intervention strategies to lower the VLDL 
level. These insights could be provided by immuno-transmission electron microscopy. 
However, the current 'on-section’-labeling strategies often suffer from a loss of 
antigenicity of ApoB, the main apo-lipoprotein of VLDL.  By using Tokuyasu cryo-
sections of HepG2 Hepatoma cells, we show that this loss of antigenicity is most likely 
due to delipidation of ApoB during the labeling procedure. On sections blocked with lipid 
free BSA, the amount of specific label was marginally higher than the background. The 
use of non delipidating blocking agents; CFG, lipidated BSA or BSA-c greatly improved 
the labeling efficiency. For improved ultrastructural preservation, cryo-immobilization is 
preferred over chemical fixation. Therefore we compared two other sample preparation 
procedures using cryo-immobilized samples for immuno-transmission electron 
microscopy. Both methods provided samples with a well preserved ultrastructure. After 
immuno-labeling, sections of high-pressure frozen, freeze-substituted and Lowicryl 
HM20 embedded HepG2 cells hardly showed any specific label for ApoB. Labeling on 
frozen hydrated sections processed according to the hydrated VIS2FIX method showed 
efficient labeling. 

Introduction 

In chapter 2 we discussed the storage of lipids within the cell in cytosolic lipid 
droplets. In the blood circulation lipids are transported either as fatty acids bound to 
albumin or in the form of lipid globules called lipoproteins. Like lipid droplets, these 
lipoproteins consist of a combination of neutral lipids surrounded by a polar lipid 
monolayer, which is stabilized by apo-proteins. The different classes of lipoproteins each 
have specific functions and can be distinguished by differences in apo-proteins, lipid 
composition and their relative density. The following lipoproteins can be distinguished, in 
increasing density and decreasing triacylglycerol content: chylomicrons, very low density 
lipoprotein (VLDL), low density lipoprotein (LDL) and high density lipoprotein (HDL) (for 
a review see Olson (1997) [1]. VLDL is synthesized postprandially by the liver and 
transports triacylglycerol from the liver to the peripheral tissues. VLDL can be identified 
by its main apo-protein ApoB100. Being a precursor for the low density lipoprotein 
(LDL), a high level of VLDL is considered to be a risk factor for atherosclerosis and 
cardiovascular disease [1–3]. 

VLDL formation is assumed to be a two-step process [4,5]. First, ApoB is co-
translationally lipidated in the ER by the microsomal triglyceride transfer protein (MTP) 
[6,7]  (figure 1A). This lipidation step is essential for correct folding of ApoB and inhibition 
of lipidation leads to ubiquitination and degradation of ApoB [8,9] The neutral lipids 
(triacylglycerol and sterol-esters) used in this lipidation step are either synthesised de-
novo in the ER by DGAT1 [10] or, alternatively, might be derived from cytosolic lipid 
droplets (LDs) (figure 1B), which function as storage sites for neutral lipids. Blocking ER 
to Golgi transport with Brefeldin A induces aggregation of ApoB in ER membranes 
around lipid droplets [11,12]  indicating a tight connection between LDs and ApoB 
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lipidation.  

Lipidated ApoB assembles to form VLDL2 particles which travel through the Golgi. 
The formation of triglyceride-rich VLDL1 particles, which are excreted, requires a second 
lipidation step (figure 1C). However, where this lipidation step takes place and whether 
the required triglycerides are synthesised de-novo or transferred from LDs to the VLDL2 
particle is still under debate. 

 
Figure 1. Co-translational lipidation of ApoB and VLDL Assembly  
ApoB  is Co-translationally lipidated  by the action of the Microsomal Transfer Protein (MTP). First polar lipids 
are added, followed by the addition of a hydrophobic core of neutral lipids. (A) These neutral lipids are either 
directly synthesized by DGAT1 or (B) could be transferred from a cytosolic lipid droplet  to the partially 
lipidated ApoB, thereby  forming a VLDL2 particle. (C) The formation of triglyceride rich VLDL1 from VLDL2 
requires an additional lipidation step, however it remains unclear where or how this lipidation step takes place. 

Since ApoB is the main protein component of VLDL, immuno-localization of ApoB 
using transmission electron microscopy can provide valuable insights on the molecular 
and ultrastructural details of VLDL synthesis. This knowledge could subsequently aid in 
the development of new intervention strategies in cardiovascular disease. 

Immuno-localization for electron microscopy is usually performed using either ‘pre-
embedment’- or ‘on-section’-labeling methods. In ‘pre-embedment’-labeling the antibody 
binding takes place between fixation and dehydration of the sample. Therefore, only 
changes in the epitope due to the fixation process can interfere with or inhibit antibody 
binding. However, this technique relies on membrane permeabilisation, which has 
detrimental effects on the preservation of ultrastructural details. In ‘on-section’-labeling 
the entire sample is first processed, embedded and sectioned before the immuno-
labeling takes place, ensuring optimal ultrastructural preservation but with a higher risk 
of losing antigenicity during one of the processing steps. The method of labeling on 
thawed cryo-sections (Tokuyasu cryo-sections)[13–15], allows for labeling ‘on-section’ 
before the sample is embedded and without any dehydration steps reducing the chance 
of losing antigenicity. However, despite of this, attempts to use thawed cryo-sections for 
immuno-localization of ApoB were hampered by the loss of antigenicity of ApoB or 
displacement of entire VLDL particles on the section surface during sectioning [16]. 
Immuno-labeling on sections of chemically fixed, snap frozen, freeze-substituted and 
Lowicryl HM20 embedded specimens, has been used as an alternative [16]. Although 
the authors report efficient labeling in ER, and Golgi membranes using this technique, 
their results also show abundant gold label for ApoB within the hydrophobic core of lipid 
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droplets. 

Because of the need for proper labeling of ApoB, we wondered what could be the 
cause of the reported loss of antigenicity of ApoB in Tokuyasu cryo-sections. In most 
cases the loss of antigenicity of proteins is caused by strong fixation, steric hindrance or 
protein denaturation, all of which are generally avoided using the Tokuyasu technique. 
Since lipidation of ApoB is essential for correct folding of the protein, as discussed 
above, we hypothesized that potential extraction of lipid from ApoB during sample 
preparation might destabilize the structure of the protein and thereby altering its 3D 
conformation. This in turn would result in loss of the epitopes recognized by antibodies 
and thereby causing a loss in antigenicity of ApoB. We identified two potentially 
delipidating steps in the protocol for immuno-labeling on Tokuyasu cryo-sections. The 
first one is when the grids containing sections are placed on buffer at 37°C to melt away 
the gelatin, used to prepare the specimen block, and the methylcellulose, used in the 
pickup process. This process is potentially delipidating since 37°C is well above the 
phase transition temperature of most lipids in mammalian cells. Due to the open 
structure of the cryo-sections, lipids could be washed out during the melting process. 
This has been shown to be the case for cholesterol when labeling on Tokuyasu cryo-
sections [17] and we suspect this could also be the case for other lipids. 

The second potentially lipid removing step is during the blocking step, which is used 
to reduce non-specific antibody binding [18]. This is often carried out using a solution of 
lipid-free bovine serum albumin (BSA). Albumin is also known to function as a lipid 
scavenger and one molecule of albumin can bind up to 11 lipid molecules [19]. We 
suspected that by using lipid free BSA for the blocking step, ApoB is effectively 
delipidated by the lipid scavenging action of BSA, thereby changing the conformation of 
the protein causing loss of antigenicity. 

To test these hypotheses we performed immuno-labeling for ApoB on Tokuyasu 
cryo-sections of HepG2 cells. To test the effect of melting at 37°C, Tokuyasu cryo-
sections were picked up in a drop of methylcellulose/sucrose or directly adhered to a 
grid using electrostatic charge and placed on frozen buffer (0.1M PBS), thawed and 
labeled for ApoB. The effect of blocking on labeling efficiency was tested by using the 
following blocking agents; 1% lipid-free BSA, 1% lipidated BSA (BSA-L), 1% cold-fish-
skin gelatin (CFG), and 1% poly-acetylated BSA (BSA-c).  

As mentioned earlier, chemical fixation followed by snap-freezing and freeze-
substitution has been used as an alternative for Tokuyasu cryo-sections. A more ideal 
approach would be cryo-immobilization by high-pressure freezing followed by freeze-
substitution. With high-pressure freezing, samples can be almost instantaneously 
immobilized, providing improved ultrastructural preservation compared to chemical 
fixation [20,21]. After freeze-substitution and resin embedding, sections can be immuno-
labeled. This is often carried out using Lowicryl resins [22], since antigens tend to be 
more exposed on the section surface using Lowicryl compared to epoxy resins [23]. In 
our personal experience though, only a few antibodies work on sections from freeze 
substituted and Lowicryl embedded samples. Recently a new method called VIS2FIX 
[24] has been introduced which provides samples that are well suited for immuno-
labeling. With VIS2FIX, samples are cryo-immobilized by high-pressure freezing, 
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subsequently sectioned and the sections are fixed either by freeze-substitution and 
rehydration (VIS2FIXFS) or by thawing the sections on frozen fixative (VIS2FIXH or 
hydrated VIS2FIX). This method has been successfully used to label for various proteins 
and even lipids and could provide a good alternative for freeze-substitution to Lowicryl. 
To test both methods, we processed high-pressure frozen HepG2 cells either by freeze-
substitution to Lowicryl HM20 or according to the hydrated VIS2FIX method [24] and 
subsequently performed ‘on-section’-labeling for ApoB. 

Results and Discussion 

For the immuno-localization of ApoB we used the HepG2 hepatoma cell line. The 
rate of VLDL synthesis and ApoB protein levels varies between cells, depending on the 
cell cycle and/or the availability of triacylglycerol. Therefore we incubated HepG2 cells 
for 90 minutes with oleic-acid complexed to albumin to stimulate VLDL assembly [25]. 
Secreted VLDL is also taken up again by the cells, so for studying the labeling efficiency 
we analysed both the exocytic pathway (ER, Golgi) and the endo/lysosomal system. 
Results were obtained from three independent immuno-labeling experiments on 
sections from the same sample block. 

As expected, after stimulation with oleic-acid/albumin a large percentage of the cells 
showed a clear expansion of the Golgi system, indicative of an active excretion pathway. 
For immuno-labeling of ApoB we first applied our standard protocol for labeling on 
Tokuyasu cryo-sections, using 1% lipid free BSA as blocking buffer [15]. After immuno-
labeling for ApoB hardly any gold label could be detected using 1% lipid free BSA as 
block buffer (figure 2A) despite the morphological indication of an active excretion 
pathway. This is consistent with the results reported in the literature [16]. 

Next we changed the blocking solution from 1% lipid free BSA to 0.5% cold water 
fish skin gelatin (CFG). Gelatin molecules do not contain hydrophobic pockets; therefore 
CFG is incapable of extracting lipids. After immuno-labeling for ApoB (using the same 
cells and the same antibody) a clear increase in the amount of labeled organelles and 
the quantity of specific label could be detected for the ER membranes, the Golgi system 
(figure 2B) and in multivesicular bodies either belonging to the secretory or the 
endosomal pathway (figure 2C).  

To prove that the effect of changing the block buffer on the amount of specific label 
is due to a decrease in lipid extraction and not due to other differing properties between 
BSA and gelatin, we performed the labeling procedure using either 1% (partially) 
lipidated BSA (BSA-l) or 1% BSA-c as block buffer. In BSA-c the poly-acetylation 
prevents protein folding, thereby abolishing the capacity of BSA to bind lipids.  

Both the use of 1% BSA-l and 1% BSA-c as blocking agent clearly increased the 
amount of labeled organelles and the quantity of specific label for ApoB in the ER, Golgi 
and endo/lysosomal system, compared to the BSA blocking protocol (figure 2D). These 
results were also reproducible when using a primary antibody against ApoB from a 
different host species (data not shown). When comparing the density of specific label 
per organelle between the different block reagents, blocking with either 0.5% CFG or 1% 
BSA-c was found to give the best ratio of specific label to background (figure 2D).  
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Figure 2. Loss of antigenicity of ApoB is due to lipid scavenging by Albumin 
Ultra-thin cryo-sections of HepG2 cells fixed with 4% PFA were immuno-labeled for ApoB using either 1% lipid 
free BSA, 0.5% CFG, 1% lipidated BSA  or 1% BSA-c  as blocking agent. (A) After blocking with 1% lipid free 
BSA hardly any gold label could be detected, in Golgi membranes and multivesicular bodies. (B,C) Using 0.5% 
CFG as blocking agent resulted in a clear increase in labeling efficiency of ApoB. Almost all cells were labeled 
and label could be detected throughout the entire exocytic pathway. (D) Scatterplot of the amount of gold label 
for each blocking agent in the different cellular compartments, counted from the results of three independent 
experiments using sections from the same sample block.  Gold label on the nucleus, mitochondria and cytosol 
was counted as background. The amount of specific label on sections blocked with lipid free BSA was 
marginally higher than the background within the same micrograph. The use of CFG, lipidated BSA or BSA-c 
greatly improved the labeling efficiency, in some cases up to 3 fold .  *: multivesicular body, er: endoplasmic 
reticulum, g: Golgi, m: mitochondria.  All scale bars represent 500 nm. 
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As mentioned earlier, the melting step at 37°C can in theory contribute to the loss of 
lipid from the sections, leading to reduced labeling efficiency of ApoB. We avoided this 
melting step by directly adhering the cryo-sections to a grid using electro-static charge 
instead of the methylcellulose/sucrose pickup. Sections were labeled for ApoB using 
0.5% CFG as block buffer. Omission of the melting step did not further increase labeling 
efficiency. However the washout of cellular contents, a known feature of Tokuyasu cryo-
sections from cells fixed with paraformaldehyde (PFA) only, was greatly reduced (Figure 
3A). Overall the ultrastructure more resembled that of samples fixed with a combination 
of glutaraldehyde and PFA.  

For labeling on sections from Lowicryl embedded samples and VIS2FIXh processed 
samples we used the best blocking buffers as identified on the Tokuyasu sections; 0.5% 
CFG or 1% BSA-c. Sections were blocked for 20 minutes to prevent background 
labeling on the Lowicryl and the formvar film. Lowicryl sections were not post-stained 
after labeling, allowing better visualization of the gold label on the micrographs. Since 
the cells were trypsinized before freezing, which could interfere with cellular trafficking, 
we only analysed those cells that still had intact cell-cell contact areas (about 75% of all 
cells present in the section). Lowicryl embedded samples showed a well preserved 
ultrastructure and the nuclei showed no signs of ice-crystal damage, indicative of a well 
frozen sample. The labeling efficiency however was only marginally better compared to 
the Tokuyasu sections blocked with lipid free BSA (figure 4B). Also background label 
could still be detected on mitochondria and the resin itself.  

Sections processed according to the hydrated VIS2FIX method (figure 4C, D) had a 
level of ultrastructural preservation which was at the least comparable to that of the 
freeze substituted and Lowicryl embedded samples. Some cellular compartments, such 
as the trans-Golgi network, were much more apparent in VIS2FIXH processed cells than 
in Lowicryl sections. In terms of labeling efficiency the VIS2FIXH sections were 
comparable to and sometimes even better than Tokuyasu sections blocked with either 
CFG or BSA-c. This combination of excellent ultrastructural preservation and labeling 
efficiency may be used, in future research, to provide valuable insights in the 
mechanisms underlying VLDL synthesis and maturation. 
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Figure 3. Improving ultrastructural preservation 
(A) Ultra-thin cryo-sections of HepG2 cells fixed with 4% PFA were transferred to a grid using the Crion 
system, subsequently placed on frozen buffer and thawed to room temperature. Sections were labeled for 
ApoB using 0.5% CFG as blocking agent. No difference in labeling efficiency could be observed between the 
sections processed in this way and those picked up using methylcellulose/sucrose. However the loss of 
cellular content is much reduced. Golgi areas do not show empty spaces often seen in Tokuyasu cryo-
sections. (B) High-pressure frozen and freeze-substituted HepG2 cells were embedded in Lowicryl HM20. 50 
nm sections were cut and subsequently labeled for ApoB using 1% BSA-c as blocking agent. Sections were 
imaged without post-staining.  The labeling efficiency is lower than on Tokuyasu sections using a non-
delipidating blocking agent. The expanded Golgi is devoid of label and some background label can be seen on 
the mitochondria. (C,D) Frozen hydrated sections from high-pressure frozen HepG2 cells processed according 
to the hydrated VIS2FIX method. Sections were labeled for ApoB using 1% BSA-c as blocking agent. The 
labeling efficiency is comparable to Tokuyasu cryo-sections blocked with BSA-c or CFG, but the ultrastructure 
is much better preserved.  *: multivesicular body, er: endoplasmic reticulum , G: Golgi, ld: lipid droplet, m; 
mitochondria.  All scale bars represent 500 nm. 
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Conclusion 

Here we have shown that loss of antigenicity of ApoB in Tokuyasu cryo-
sections is caused by the lipid scavenging action of Albumin during the blocking 
step. This could be counteracted by using cold water fish skin gelatin or 
acetylated BSA as blocking agent. Avoiding thawing of the sections at 37°C by 
directly adhering the sections to the grid has no effect on labeling efficiency but 
greatly improves the retention of cellular components, otherwise washed out. 
This allows the use of mildly fixed samples, which often have better labeling 
efficiency, without the reduction in morphological details that is often associated 
with mild fixation. Freeze-substitution and embedding in Lowicryl HM20, 
suggested in the literature to have better labeling properties, was shown not to 
label efficiently. The recently developed hydrated VIS2FIX method [24] combined 
with a non-delipidating block buffer provided a good alternative, combining both 
efficient labeling with good ultrastructural preservation. The use of these 
improved methods may provide valuable insights in the ultrastructural details of 
VLDL synthesis, thereby increasing our understanding of this process and 
possibly allow the development of new intervention strategies to lower the risk of 
cardiovascular disease associated with high VLDL levels. Additionally the 
reduction or prevention of delipidation during labeling procedures is of interest 
for any protein whose 3D conformation depends on binding of lipids. 



 

50 

 

Materials and Methods 

Cell culture 
HepG2 cells (ATCC, passage 3)(kind gift from CMC, UMCUtrecht, NL) were cultured 

in low glucose DMEM (#E15-891, PAA, Pasching, Austria) with 10% fetal bovine serum 
(#A15-151, PPA). All experiments were carried out between passage 5 to 7. 

Tokuyasu cryo-sections 
HepG2 cells at 80% confluence were incubated with 100 µM oleic acid complexed 

to albumin (6:1 molar ratio) for 90 min to stimulate VLDL production. Cells were fixed for 
24 hours with 4% PFA in phosphate buffer (pH7.4) containing 1% CaCl2, scraped and 
pelleted in 12% gelatin. After solidifying at 4°C the pellet was cut in small blocks, 
infiltrated overnight with 2.3M sucrose, mounted on Aluminium pins and snap-frozen in 
liquid nitrogen. 100 nm sections were cut on a cryo-ultramicrotome (UC6/FC6, Leica 
microsystems, Vienna, Austria) at -120°C. The sections were picked up with a drop of 
1.15 M methylcellulose / 1% sucrose and mounted on a grid. Alternatively sections were 
directly attached to the grid by electrostatic force using the Crion system (Leica 
microsystems), placed on frozen buffer and warmed up to room temperature. 

High-pressure freezing 
HepG2 cells at 80% confluence were incubated with 100 µM Oleic acid complexed 

to albumin (6:1 molar ratio) for 90 min to stimulate VLDL production. Cells were gently 
trypsinized and pelleted (154 rcf, 37°C). For samples intended for freeze-substitution, 
part of the cell pellet was re-suspended in medium containing type IX ultra-low gelling 
temperature agarose (#A5030, Sigma-Aldrich, St. Louis, MO) at a final concentration of 
0.5%. The resulting cell suspension was high-pressure frozen in 100 µm deep 
aluminium platelets (M.Wohlwend, Sennwald, Switserland) in an EMHPF (Leica 
Microsystems) operating at 2100 bar.  For samples intended for VIS2FIX, part of the cell 
pellet was re-suspended in medium containing dextran at a final concentration of 15%. 
The resulting cell suspension was high-pressure frozen in copper tubes. All samples 
were frozen within 8 min after re-suspension to prevent possible endocytosis of dextran. 

Freeze-substitution 
Samples were freeze substituted from -90 to -50°C in an AFS2 (Leica 

Microsystems) using anhydrous acetone (Seccosolv, Merck) containing 0.2% uranyl 
acetate (Merck). At -50°C, samples were gradually infiltrated with increasing 
concentrations of Lowicryl HM20 (#14340, EMS, Hatfield, PA) in anhydrous acetone 
subsequently embedded in pure HM20. Samples were polymerized by UV irradiation at 
-50°C for 5 days. 50 nm sections were cut on an ultramicrotome (Ultracut E, Reichert-
Jung, now Leica microsystems) using a diamond knife (Diatome, Biel/Bienne, 
Switserland) and placed on a grid. 

VIS2FIXH 

Tubes were transferred from liquid nitrogen to a cryo-ultramicrotome (UC6/FC6, 
Leica micro-systems) set to -150°C, and subsequently trimmed to a pyramidal block 
face.  80 nm frozen-hydrated sections were cut and directly attached to the grid by 



 

51 

 

electrostatic force using the Crion system (Leica microsystems). Grids were processed 
according to the VIS2FIXH method [24] using 0.2% uranyl acetate and 0.2% 
glutaraldehyde in 0.1 M Phem (pH6.9) as fixative. 

Immuno-labeling 
Sections were blocked using either 1% lipid free BSA (#A7906, Sigma-Aldrich, St. 

Louis, MO), 1% lipidated BSA (#05482, Fluka, Buchs, Switzerland), 0.5% CFG 
(#G7765, Sigma-Aldrich) or 1% BSA-c (Aurion, Wageningen, NL) diluted in 0.1 M Phem. 
Grids containing Tokuyasu cryo-sections were blocked for 5 min, grids with VIS2FIXH 
and Lowicryl sections were blocked for 20 minutes. Sections were subsequently labeled 
for ApoB using either Goat anti-ApoB (#600.100.101, Rockland Immunochemicals, 
Gilbertsville, PA) followed by Rabbit anti-Goat IgG (Nordic Immunological Laboratories, 
Eindhoven, NL ) or Sheep anti-ApoB (#PC086 The binding site, Birmingham, UK) 
followed by Rabbit anti-Sheep IgG (Nordic Immunological Laboratories, Eindhoven, NL). 
Both were visualized using 10 nm protein-A gold (CMC UMCUtrecht). Antibodies were 
diluted in block buffer. Sections were contrasted with uranyl oxalate (pH7) and stabilized 
in 1.8% methylcellulose / 0.4% uranyl acetate. 

Imaging 
TEM micrographs were recorded on a Tecnai 12 120 kV transmission electron 

microscope (FEI Company) at 80 kV with a bottom mount TEMCam-F214 (Tietz Video 
and Image processing systems) CCD camera. When needed, the TEM images were 
scaled for optimal contrast by employing linear adjustments of the levels for the entire 
image. The gold label density was assessed by counting the number of gold particles on 
labeled organelles in micrographs from three independent labeling experiments. Within 
the micrograph, labeled organelles of comparable size were selected (10 of each type 
per condition) and the number of gold particles counted using Fiji (ImageJ). 
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Abstract 

Our current understanding of metabolic lipid flows in cells is primarily based on the 
analysis of lipid compositions of isolated subcellular organelles and imaging of 
fluorescent lipid analogues in cells. While these methods have their merits, they are ill 
suited to provide insight into lipid organization at the ultrastructural level. By combining 
click-chemistry with a recently developed sample preparation method for transmission 
electron microscopy, we here traced the localization of individual lipid molecules inside 
cells at the nanometer-scale. To this end, HepG2 cells were metabolically labeled with a 
clickable fatty acid and the subcellular distribution of this fatty acid, as it was 
incorporated into polar membrane lipids or stored as triacylglycerol in lipid droplets, was 
assessed using immuno-gold labeling. We show that pre-treatment of cells with various 
inhibitors of lipid metabolism causes substantial changes in localization patterns. Our 
results indicate that clickable fatty acids are valuable tools for analysing cellular lipid 
flows at the ultrastructural level. 

Introduction 

Cells contain hundreds of different lipid species that are implicated in a wide array of 
cellular processes, ranging from membrane organization, molecular sorting and energy 
metabolism to cell signalling [1]. Precise information on their subcellular distribution is 
crucial for a proper understanding of the function of individual lipid species. Fluorescent 
lipid analogs, such as lipids labeled with a fluorophore (see Maier 2002 [2] for a 
comprehensive review) or fluorescent polyene lipids [3], have been used to investigate 
the localization and trafficking of specific lipids. A disadvantage of fluorescent lipid 
analogs is that they sometimes behave differently from the molecules they are supposed 
to mimic [4–6]. Furthermore, the limited spatial resolution of fluorescence microscopy 
makes these probes unsuited for localization studies at the ultrastructural level. 

Electron microscopy combined with conventional immuno-gold labeling would 
provide a better alternative. However, very few antibodies exist against individual lipid 
species whereas most of these antibodies are directed against glycolipids, such as 
Forssman glycolipid, and the gangliosides GM1 and GM3. The use of lipid-binding 
toxins such as cholera toxin (GM1), Shiga toxin (Gb3) or Theta toxin (cholesterol), on 
the other hand, can induce artificial clustering of their targets due to the presence of 
multiple lipid-binding sites. 

Recently, Jao et al.[7] described an alternative method based on labeling of a bio-
orthogonal chemical reporter, also known as Click-chemistry labeling [8]. Cells were 
metabolically labeled with propargylcholine as a clickable PC headgroup donor and 
subsequently covalently linked to a reporter molecule using azide alkyne Huisgen 
cycloaddition [9] with Cu(1) as catalyst. Using this technique Jao et al. were able to 
show the ultrastructural localization of phospatidylcholine (PC) on Tokuyasu cryo-
sections of aldehyde fixed cells. This provided a first demonstration of the potential of 
click chemistry for labeling of polar lipids. However, the method of labeling on thawed 
cryo-sections is not well suited for ultrastructural localization of lipids [10]. During 
thawing, membrane lipids undergo a redistribution to cover the hydrophobic area that 
becomes exposed following left after section through the membrane, resulting in lipid re-
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distribution [10,11]. Also, since lipids are not efficiently fixed by aldehydes [12], lipids can 
re-localize in the plane of the membrane during the subsequent specimen preparation 
procedure. To acquire meaningful data on lipid localization, it is essential that both types 
of re-distribution do not take place [13]. This can be achieved if cells are cryo-
immobilized and subsequently fixed from this frozen state. For optimal lipid preservation 
during sample preparation for transmission electron microscopy, we therefore decided to 
use cells immobilized by high pressure freezing. This was followed by either freeze-
substitution and low temperature embedding in Lowycryl HM20 or processing according 
to the novel hydrated VIS2FIX method [14]. Both methods have a high level of lipid 
retention and in both procedures samples are treated with uranyl acetate, which 
stabilizes the distribution of phospholipids within the membrane [15–17]. Whereas for 
freeze-substituted samples the cells are embedded in resin before sectioning and 
labeling, in samples processed according to the hydrated VIS2FIX method labeling is 
carried out before embedding. This has been shown to allow for highly efficient immuno-
labeling [14]. 

To allow a more comprehensive study of metabolic lipid flows in cells at nanometer 
scale, we labeled liver HepG2 cells with a clickable fatty acid (cFA) and monitored the 
localization of newly-synthesized lipids using click-chemistry and immune electron 
microscopy. As a model system we used the HepG2 hepatoma cell line. The liver plays 
a prominent role in lipid homeostasis. Fatty acid bound to albumin is rapidly taken up 
and metabolized by liver cells and used for the formation of polar lipids, or esterified to 
triacylglycerol. This is stored in lipid droplets or excreted in very low density lipoproteins 
(VLDL). A study by Pohl et al.[18] showed that after a 5 minute incubation with radio-
labeled oleate bound to albumin 67.6 ± 8.3% of the incorporated [3H]oleic acid was 
esterified to triglycerides (TAG) and other complex lipids. 15.7 ± 6.8% was recovered as 
acyl-CoA esters, while free oleic acid was virtually undetectable. According to Gibbons 
et al. [19] the capacity of HepG2 cells to synthesize TAG from extracellular oleate is 
about 30 fold higher than its capacity for phospholipid synthesis. We expect the cFA to 
behave in a similar fashion, being primarily incorporated in TAG, and, to a lesser extent, 
into polar lipids or used as energy substrate in the form of an acyl-CoA ester. 
Subsequently to modulate the lipid flow, we pre-incubated the cells with either the 
DGAT2 inhibitor Niacin to limit the synthesis of triacylglycerol or Brefeldin A to disrupt the 
secretory pathway and thereby VLDL formation. 

Results and Discussion 

Application of clickable fatty acid (cFA) to determine the subcellular distribution of newly 
synthesized lipids at the ultrastructural level 

In this study, we used a bifunctional 15 carbon-long (C15) clickable fatty acid (cFA). 
This fatty acid also contains a photoactivatable diazirine ring, which can be used for UV-
crosslinking [20], though this feature was not used in this study. To prevent accidental 
activation of the diazerine ring, the cFA was shielded from light at all times. 

As proof of principle, HepG2 cells were metabolically loaded for 10 min with100uM 
cFA complexed to BSA. Cells incubated with 100uM BSA-bound oleic acid (OA) served 
as negative control. After loading, the cells were gently trypsinized, high pressure frozen 
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and subsequently either freeze-substituted and embedded in lowicryl HM20 or 
processed via the hydrated VIS2FIX method [14]. We modified the labeling protocol 
from Jao et al.[7] using Phem buffer (pH6.9) without EGTA instead of Tris-HCl (pH 8). 
The click-reaction was performed on sections of lowicryl HM20 embedded HepG2 cells 
loaded with OA complexed to albumin, by incubating the sections for one hour on 
droplets containing biotin-azide, Cu(II) and ascorbic acid to reduce Cu(II) to Cu(I). 
Subsequently the biotin label was detected by immuno-gold labeling using rabbit anti-
biotin and protein A gold. After labeling, background gold label could be observed on the 
resin and the cells. This background was dependent on the presence of Cu(I) (Figure 
1A). In the presence of Cu(1) the biotin-azide appeared to react with one of the 
compounds in the HM20 resin, making this sample preparation method incompatible 
with click-chemistry. Instead, we decided to use these samples for analysis of possible 
ultrastructural changes caused by the various treatments. 

On VIS2FIX sections, use of ascorbic acid for the reduction of Cu(II) considerably 
etched the sections. Replacing ascorbic acid by 100µM Tris[(1-benzyl-1H-1,2,3-triazol-4-
yl)methyl]amine (TBTA), a stabilizing agent for Cu(I), was found to be adequate to obtain 
efficient labeling. Sections from HepG2 cells loaded with OA/albumin were essentially 
devoid of label (Figure 1B). Moreover, the low level of labeling observed in OA-loaded 
cells was entirely independent of TBTA or Cu(II), two essential cofactors in the click 
reaction that attaches biotin to the cFA. This shows that direct labeling of fatty acid 
molecules using click-chemistry is possible using samples processed according to the 
hydrated VIS2FIX method. 

Figure 1 Validation of the optimal sample preparation method for click-labeling.  
HepG2 cells, loaded with oleic acid/albumin for 10 min, were gently trypsinized and high-pressure frozen. 
Samples were either freeze-substituted and embedded in lowicryl HM20 at -50°C or processed according to 
the VIS2FIXH method as described in Materials and Methods. Both Lowicryl and VIS2FIX sections were 
incubated for 1 h with biotin-azide in the presence of Cu(1), followed by immunodetection using Rabbit anti 
biotin and Protein-A gold. (A) Freeze-substituted samples embedded in Lowicryl HM20 showed background 
labeling on both the cells and the resin in the absence of cFA (circles). The background label depends on the 
presence of Cu(1) making this sample preparation method incompatible with click-labeling. (B) Hydrated 
VIS2FIX sections were devoid of label in the absence of cFA. 
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Figure 2 Cellular ultrastructure and localization of newly synthesized lipids using click-labeling. 
HepG2 cells, loaded with cFA/albumin for 10 min, were gently trypsinized and high-pressure frozen. (A,B) 
Cells freeze-substituted and embedded in Lowicryl HM20 show a well preserved ultrastructure. The 
endoplasmic reticulum appeared to be slightly swollen, which is often associated with lipid loading. (C) 
Hydrated VIS2FIX sections of HepG2 cells loaded with cFA/albumin labeled for the presence of cFA using 
biotin-azide, Rabbit-anti biotin and protein-A gold. Cells loaded show gold label in ER, Golgi, LDs, MVBs and 
mitochondria. (D) Scatterplot of the amount of gold label for the different cellular compartments. All scale-bars 
represent 500 nm. er: endoplasmic reticulum, g: Golgi, ld: lipid droplet, m: mitochondria, mvb: multivesicular 
body, n: nucleus, ne: nuclear envelope. 
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Use of cFA as tool to monitor alterations in cellular lipid flows in response to DGAT 
inhibitor Niacin  

Click-labeling on sections of HepG2 cells loaded with cFA showed gold label in the 
ER, Golgi complex, multi-vesicular bodies (MVB)s, mitochondrial outer membrane and 
lipid droplets (LDs) (Figure 2 C,D), indicating the presence of cFA or cFA-derived de 
novo-synthesized lipids in these compartments. Labeling of the mitochondria can be 
either due to an active uptake of cFA-CoA for β-oxidation or due to metabolic 
incorporation of cFA into polar lipids. Gold-label in the lipid droplets is most likely due to 
metabolic incorporation of cFA into TAG. 

In mammalian cells, triacylglycerol (TAG) can be synthesized by 2 distinct enzymes, 
DGAT1 and DGAT2. The latter enzyme is mainly expressed in liver and adipose tissue 
[21,22]. In vivo studies showed that overexpression of DGAT1 in the liver resulted in 
increased very low-density lipoprotein (VLDL) secretion, whereas DGAT2 
overexpression resulted in an increase of hepatic LD content [23]. This suggests that 
TAG synthesized by the two different enzymes also has a different cellular destination. 
To test if we could steer the direction of the lipid flow, we pre-incubated HepG2 cells for 
50 min with the DGAT2 inhibitor [24]. Inhibition of DGAT2 should not only disrupt LD 
biogenesis, but may also enhance the formation of TAG by DGAT1 and thereby direct 
the lipid flux into the formation of VLDL. 

After incubation with Niacin, the Golgi network appeared to be enlarged in most cells 
(Figure 3A). This could indicate hyper-activation of the secretory pathway. Compared to 
untreated cells, less LDs were present in the cells treated with Niacin (Figure 3B). Apart 
from these changes, the cellular morphology resembled that of untreated control cells. 
Results from the click labeling (Figure 3C,D) showed less gold label on the LDs present 
in the section, suggesting that LDs in Niacin-treated cells had incorporated less TAG 
synthesized from cFA. Overall, a slight increase in immuno-gold labeling of the Golgi 
complex in Niacin-treated cells could be observed. Furthermore, the amount of gold 
label on MVBs was increased compared to the untreated control cells. This could 
indicate an elevated incorporation of cFA into VLDL. An increase in labeling could also 
be observed for mitochondria, which could represent incorporation of cFA into acyl-CoA. 
These results show that cFA can be used to trace alterations in metabolic lipid flows at 
the ultrastructural level.  

Impact of BFA on cellular ultrastructure and the localization of newly synthesized lipids 
As inhibition of DGAT2 appears to increase the production of VLDL at the expense 

of LD formation, we reasoned that inhibition of VLDL assembly may redirect the lipid 
flow in favour of LD formation.  Incubation of cells with Brefeldin A (BFA) inhibits the 
small GTPase Arf1p [25], which in turn destabilizes the Golgi complex and thereby 
disrupts VLDL secretion, which would reduce the amount of gold label in MVBs. 
Previously, BFA treatment has been shown to cause accumulation of TAG in LDs [26]. 
As shown in Figure 4A and -B, treatment of HepG2 cells with BFA destabilized the Golgi 
complex, caused a swelling of the ER and the nuclear envelope, and appeared to 
stimulate LD formation. Indeed, after preforming click labeling to visualize the 
incorporation of cFA, the LDs in BFA-treated cells contained more gold-label in 
comparison to those of Niacin-treated cells. However the amount of gold-label on LDs  
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Figure 3 Impact of the DGAT2 inhibitor Niacin on cellular ultrastructure and the localization of newly 
synthesized clickable lipids. HepG2 cells were treated for 50 min with Niacin before being loaded with cFA 
and subsequently cryo-immobilized by high-pressure freezing. (A,B) Cells freeze-substituted and embedded in 
Lowicryl HM20 show a clear expansion of the Golgi system and less and smaller lipid droplets. (C) Click 
labeling on hydrated VIS2FIX sections reveals a decrease in label on LDs. The amount of gold-label on the 
Golgi appears to be slightly increased though this increase is more prominent or MVBs and mitochondria. (D) 
Scatterplot of the amount of gold label for the different cellular compartments. All scale-bars represent 500 nm. 
er: endoplasmic reticulum, g: Golgi, ld: lipid droplet, m: mitochondria, mvb: multivesicular body, n: nucleus, ne: 
nuclear envelope. 

did not reach the level previously observed for untreated cells. This could indicate that 
BFA treatment also influences LD formation [27]. As expected, the amount of gold label 
on MVBs was much reduced, most likely due to the decrease in VLDL excretion. Once 
again there was a clear increase in gold label on mitochondria compared to untreated 
cells. This could indicate that the flow of cFA is shunted to the formation of acyl-CoA. 
Alternatively, DGAT2 has been shown to localize to the mitochondria associated ER 
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membranes [28], thus the increased labeling on mitochondria could be due to the 
formation of TAG in the mitochondria associated ER membranes. 

 
Figure 4 Impact of BFA on cellular ultrastructure and the localization of newly synthesized clickable 
lipids. HepG2 cells were treated for 50 min with Niacin before being loaded with cFA and subsequently cryo-
immobilized by high-pressure freezing. (A,B) Cells freeze-substituted and embedded in Lowicryl HM20 show a 
disrupted Golgi system and characteristic swelling of the endoplasmic reticulum and nuclear envelope. Lipid 
droplets appear to be more abundant. (C) Click labeling on hydrated VIS2FIX sections shows an increase in 
gold label on LDs compared to cells treated with Niacin, also the label on mitochondria appears to be 
increased. (D) Scatterplot of the amount of gold label for the different cellular compartments. All scale-bars 
represent 500 nm. er: endoplasmic reticulum, g: Golgi, ld: lipid droplet, m: mitochondria, mvb: multivesicular 
body, n: nucleus, ne: nuclear envelope. 

Effects of Niacin treatment on VLDL secretion 
In HepG2 cells, fatty acids can be used for the synthesis of polar lipids or can be 

converted into TAG. TAG is either stored in LDs or excreted from the cell incorporated in 
VLDL. Inhibition of DGAT2 by Niacin partially inhibits the storage of cFA as TAG in lipid 
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droplets (see above). This, combined with the observed enlargement of the Golgi 
complex and increased labeling of MVBs suggests an increase in VLDL production. To 
verify this possibility, we performed immuno-labeling against ApoB, the main Apo-
lipoprotein in VLDL, in Niacin-treated and control cells. The results however showed no 
increase in the amount of VLDL present in the secretory pathway compared to control 
cells (data not shown). However, it is known that HepG2 cells mostly produce VLDL with 
a low TAG content [29]. These results suggest that an increased incorporation of cFA 
into VLDL does not necessarily require an increase of VLDL particles. 

Conclusion 

Precise information on the localization of individual lipid molecules in cells is 
essential for a proper understanding of cellular lipid flows and function of the 
individual lipid species. Studies using fluorescent lipid analogs are limited by the 
spatial resolution of fluorescence microscopy. Furthermore, these fluorescent 
lipids do not always behave as their natural counterparts. The use of transmission 
electron microscopy would in principle allow localization of single lipid molecules 
at the ultrastructural level, but this technique is hampered by the lack of lipid-
specific antibodies and the tendency of lipids to undergo redistribution during 
sample preparation. In the current study we have demonstrated that clickable 
fatty acids (cFAs) can be used in combination with optimized specimen 
preparation technique and immunogold labeling to localize individual lipid 
molecules at the nanometer scale. Importantly, our method also allows the 
visualization of cFA stored as TAG in lipid droplets. To our knowledge, this is the 
first study demonstrating the localization of individual lipid molecules in a LD at 
the ultrastructural level. Secondly we were able to visualize the changes in 
cellular lipid flows caused by inhibition of the triacylglycerol synthase DGAT2 or 
by disrupting the secretory pathway by incubation with Brefeldin A. Both 
treatments affected the amount of cFA incorporated as TAG into lipid droplets. 
The flow of lipid was re-directed to VLDL synthesis in case of DGAT2 inhibition. 
Treatment with Brefeldin A shunted to the lipid flow to the mitochondria. This 
shows the possibilities of using clickable fatty acids combined with the VIS2FIX 
method to localize lipids at the ultrastructural level and visualize changes in lipid 
flow. Using this technique alongside more traditional biochemical methods may 
provide valuable data on the mechanisms involved in lipid metabolism and verify 
the cellular localization of these processes. Using shorter incubation times, for 
instance, would allow one to study the mechanism of lipid uptake. In addition, 
approaches based on this method could provide insight in the changes in lipid 
flow during the pathogenesis of disorders associated with changes in lipid 
metabolism.  

With the current sample preparation method, though, there is always a lag of 5 
minutes because cells need to be trypsinized into a cell suspension. If cells could 
be cultured on a substrate that is compatible with both high-pressure freezing and 
frozen hydrated sectioning this lag can be avoided. 
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Materials and methods 

Preparation of FA/albumin stocks 
Bi-functional C15 (cFA) was synthesized as described Haberkant et al. 

(submitted)[20].  

Oleic acid (Sigma-Aldrich, St. Louis, MO) and cFA were bound to bovine albumin in 
a 6:1 molar ratio, as described in Van Greevenbroek  et al. (1995)[30] Briefly, 20% w/v 
Bovine serum albumin (essentially fatty acid free, Sigma-Aldrich) was dissolved in 
culture medium at RT and subsequently cooled down to 4ºC. Fatty acid in 96% ethanol 
was added to 100 mM NaOH in 96% Ethanol to a final concentration of 12mM FA. The 
ethanol was evaporated under N2 flow, the resulting FA/NaOH pellet dissolved in 0.5ml 
AD at 55°C, followed by the addition of 0.5ml 20% BSA in culture medium. The 
FA/Albumin solution was stored at -20°C until used at a final concentration of 100μM FA, 
in FA free medium.  

FA-free medium was prepared by supplementing low glucose DMEM with 10% FCS 
delipidated by chemical extraction with (2:1) di-Isopropylether (Sigma-Aldrich): 1-butanol 
(Sigma-Aldrich) as described by Cham & Knowles (1976)[31]. After extraction, FCS was 
subjected to nitrogen flow for 2 h before dialyzing three times overnight against PBS. 

Inhibitors 
Niacin (Sigma-Aldrich) was used in a final concentration of 3mM as described in 

Ganji et al. (2004)[24]. Brefeldin A (Sigma-Aldrich) was dissolved in ethanol to 1mg/ml, 
and used in a final concentration of 100 ng/ml.  

Cell culture 
HepG2 cells (ATCC, passage 3)(kind gift from CMC, UMCUtrecht, NL) were cultured 

in low glucose DMEM (PAA, Pasching,  Austria) with 10% fetal bovine serum (PPA). All 
experiments were carried out between passage 5 to 7. 

Lipid loading and high-pressure freezing 
Cells were incubated with or without inhibitor for 50 min. Next, cFA/albumin or 

OA/albumin was added. Both were used at a final concentration of 100μM FA, in FA free 
medium.  After 10 min incubation cells were gently trypsinized and spun down (150 rcf, 
37°C).  

Samples for VIS2FIX:  
Supernatant was removed and the pellet was resuspended and mixed 1:1 with a 

solution of 30% dextran in culture medium.  The resulting cell-suspension was loaded 
into copper tubes and frozen in a EMHPF operating at 2100 bar. Of each preparation 4 
samples were frozen within 6 min after addition of the dextran, to prevent dextran 
endocytosis. 

Samples for FS to Lowicryl (HM20): 
Supernatant was removed and the pellet was resuspended and mixed 1:1 with a 

solution of 1% type IX agarose in culture medium.  The resulting cell-suspension was 
loaded into 200 µM deep membrane carriers and frozen in a EMHPF (Leica 
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Microsystems, Vienna, Austria.)  operating at 2100bar. Of each preparation 4 samples 
were frozen within 6 min after addition of the type IX agarose. 

VIS2FIX 
Hydrated VIS2FIX was performed as described in Karreman et al. (2010)[14]. 

Briefly;  80 nm frozen hydrated sections cut at -150°C using a cryo-ultramicrotome (UC6 
FC6, Leica Microsystems) were adhered to copper grids with a carboncoated formvar 
support film by electro-static force using the Crion system (Leica Microsystems), 
transferred to an AFS2 (Leica Microsystems) at -90°C and placed on frozen fixative 
containing 0.2% Uranyl acetate, 0.2% Glutaraldehyde in 0.1M Phem. The fixative with 
the grids was thawed in 4.5 min on a stretching plate set to 40°C and subsequently 
incubated on ice for 10 min. 

Freeze-substitution 
Freeze-substitution was carried out in anhydrous acetone (SeccoSolv®, Merck, 

Darmstadt, Germany) containing 0.1% UA (Merck), from -90°C to -50°C, in an AFS2 
(Leica Microsystems) Stepwise infiltration with HM20  (EMS, Hatfield, PA) at -50°C 
followed by polymerization by UV irradiation at -50°C for 5 days.  After polymerization 50 
nm sections were cut using a ultramicrotome (Ultracut E, Reichert-Jung now Leica 
Microsystems) and placed on copper grids with a carboncoated formvar support film. 
Sections were post-stained for 5 min with 4% aqueous uranyl acetate followed by 2 min 
Reynolds lead citrate. 

Click-reaction and immuno-labeling 
For immuno-localization of cFA, grids were placed on phem/glycin for 10 min and 

subsequently washed on 0.1 M phem -EGTA. Next the click reaction was performed by 
incubating the grids on droplets of 0.1 M Phem -EGTA, supplemented with 20µM Biotin-
azide, 100 µM TBTA and 1 mM CuSO4 for 1 h at room temperature. Grids were washed 
on drops of 0.1 M Phem, blocked for 20 min with 0.5% CFG (G7765, Sigma-Aldrich) in 
0.1 M Phem and labeled using Rabbit anti-Biotin (100-4198,Rockland 
Immunochemicals, Gilbertsville, PA) followed by 10 nm Protein A gold (CMC, 
UMCUtrecht, NL). VIS2FIXH sections were contrasted with uranyl oxalate (pH7) and 
stabilized in 1.8% methylcellulose / 0.4% uranyl acetate. 

For immuno-localization of ApoB, sections were blocked for 20 min with 0.5% CFG 
0.1 M Phem. Sections were subsequently labeled for ApoB using Goat anti-ApoB 
(#600.100.101, Rockland Immunochemicals, Gilbertsville, PA) followed by Rabbit anti-
Goat IgG (Nordic Immunological Laboratories, Eindhoven, NL) followed by 10 nm 
protein-A gold (CMC UMCUtrecht). Antibodies were diluted in block buffer. Sections 
were contrasted with uranyl oxalate (pH7) and stabilized in 1.8% methylcellulose / 0.4% 
uranyl acetate. 

Imaging 
TEM micrographs were recorded on a Tecnai 12 120 kV transmission electron 

microscope (FEI Company) at 80 kV with a bottom mount TEMCam-F214 CCD camera 
(Tietz Video and Imageprocessing systems). In all figures, the TEM images are scaled 
for optimal contrast by employing linear adjustments of the levels of the entire image. 
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The number of gold particles per organelle surface area was counted (ten organelles for 
each experimental condition) using micrographs from three independent semi-blind 
labeling experiments in Fiji (ImageJ). The micrograph was overlaid with a 100 nm grid 
(using the Grid plugin) to assess the surface area for the various organelles.  
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Abstract 

With the development of Cryo Electron Microscopy Of Vitreous Sections 
(CEMOVIS), imaging cells in a close to native state has become a reality. However 
with the commonly used carriers for high-pressure freezing and cryo-sectioning, 
adherent grown cells need to be detached from their substrate or grown on 
dextran beads. Here a new method is presented for high-pressure freezing 
adherent growing cells for frozen-hydrated sectioning, CEMOVIS and VIS2FIX. 
Cells are cultured on golden grids, containing a carbon coated Formvar film, and 
frozen on a membrane carrier which provides the grids with the structural support 
needed to withstand the strain of trimming and cryo-sectioning. This method was 
successfully tested for the two different types of high-pressure freezers, those 
using a pressure chamber (HPM010, EMHPF, Wohlwend Compact 01/02, HPM100) 
and those directly pressurizing the sample (EMPact series). 

Introduction 

Cryo Electron Microscopy Of Vitreous Sections (CEMOVIS) allows the observation 
of samples in a frozen hydrated state, providing close to native ultrastructural details [1]. 
The main requirement for samples is that they can be frozen vitreous, usually by high 
pressure freezing, and can be sectioned in a cryo-ultramicrotome. This is done either by 
sectioning the sample within the carrier or by removing the carrier under liquid nitrogen 
and gluing the sample to a specimen pin [2] in the cryo-ultramicrotome at -145°C using 
cryo-glue [3]. The recently developed VIS2FIX method [4] also makes use of these 
frozen hydrated sections. 

Currently there are three types of HPF carriers that can be sectioned without 
damaging the diamond knife; copper tubes, dome shaped gold plated carriers and the 
gold plated copper membrane carriers. Tubes are often used to freeze cell suspensions 
and they are relatively easy to mount and trim in a cryo-ultramicrotome. However in 
case of a sparse sample it is not possible to assess the location of the sample within the 
tube before sectioning. Previously we modified a specimen holder to allow the freezing 
of tubes in our HPF (Figure 1). Tube holders for the HPM010, EMHPF and Wohlwend 
Compact series, based on our design, are now commercially available directly from 
Engineering office M.Wohlwend (Sennwald, Switserland) or distributed via Technotrade 
Inc.  

 
Figure 1 Modified EMHPF specimen holder for freezing copper tubesTo allow the freezing of copper tubes 
in our HPF we modified a standard platelet specimen holder to fit a copper tube of 8.3 mm in length (half the 
length of a tube used in the EMPact). Tubes are frozen with one end closed. Specimen holders based on our 
design, are now commercially available for the HPM010, EMHPF and Wohlwend Compact series high-
pressure freezers, either directly from Engineering office M.Wohlwend (Sennwald, Switserland) or distributed 
via Technotrade Inc.  
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The dome shaped carriers were originally designed for freeze fracturing and can be 
used for freezing cell suspensions and tissues [5]. After high-pressure freezing these 
carriers are taken apart and the flat carrier containing the exposed sample is mounted in 
the cryo-ultramicrotome.  
The membrane carriers are available in two depths, 100 and 200 µm, and can be used 
to freeze both cell suspensions and tissues, provided that they fit within the inner-
dimensions of the carrier. With tissue, orientation of the sample within the membrane 
carriers is possible. Trimming of these carriers in the cryo-ultramicrotome however is a 
time consuming process due to the fact that membrane carriers have a 0.65 mm rim, 
which needs to be removed to expose the sample. Trimming should be done with care 
as not to damage the sample in the process. 

The current carriers work well for cell suspensions and tissues but for adherent 
growing cells until now the most commonly used options for CEMOVIS specimen 
preparation are scraping [6] or trypsinizing [5] the cells to make a cell suspension. This 
of course can introduce artifacts or changes in the cellular ultrastructure. The best 
approach would be to grow the cells on a support that can be frozen and sectioned. This 
is not possible with the supports commonly used for freeze substitution, such as 
sapphire discs [7,8], Aclar [9,10], filter membranes [11]. The one exception to this are 
dextran spheres (Cytodex)[12] which can be used as a support for adhered cells for 
CEMOVIS, as shown by Hagen & Grünewald [13]. However these spheres were 
reported to have a low surface to volume ratio which resulted in a low cell density per 
section. Trials with a different geometry dextran carrier, which had a closer packing 
within the tube did not freeze well. This is most likely due to the high thermal capacity of 
these carriers. 

 In theory adhering cells can be cultured inside membrane carriers. In practice this 
met with two main problems: First, the level of confluence could only be assessed by 
looking at the cells growing around the carrier, since the carriers are not translucent. 
Secondly, although membrane carriers are gold plated, a small area of copper is 
exposed when the carriers are cut from the strip they are supplied in. This exposed area 
provides enough free copper to be incompatible with cell growth. 

Here a different approach is used, by growing cells on golden grids with a carbon-
coated formvar film. These grids are frozen on top of 100 or 200 µm deep membrane 
carriers, providing the fragile grids with a sturdy support to withstand the forces 
generated during trimming.  
To test this method HepG2 cells were grown on golden grids on the bottom of 
Petridishes. Grids were placed, cells down, on a membrane carrier filled with 20% 
dextran in culture medium and high-pressure frozen in an EMHPF. Spacer rings were 
used to ensure the sandwich fitted in the standard platelet holder (Figure 2A, B). Since 
the standard platelet holder of our HPF was used, the method can directly be used in all 
other HPFs which are able to freeze platelets. To test the compatibility of this method 
with the EMPact series of high pressure freezers, I also tried freezing of the grid / 
membrane carrier sandwich in an EM-Pact1 using the flat specimen pod (Figure 2C). 
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Figure 2 Freezing the grid / MC sandwiches in the EMHPF and EMpact 
Specimen stacks for freezing the grid / MC sandwiches in the platelet holder (A,B) or the EMPact (C). (A) 
Specimen stack for the 200 µm deep MC consists of a 400 µm thick ring, followed by the MC. After filling the 
MC the grid is placed cells(*) down on the MC. The sandwich is closed with a lecithin coated 200 µm thick 
plate followed by a 200 µm thick ring to ensure a total height of 1 mm. (B) Specimen stack for the 100 µm 
deep MC, here the stack is closed off with a lecithin coated 0/300 (Type B) platelet to ensure a total height of 1 
mm. (C) For freezing the grid/MC sandwich in the EMPact, the grid should lie in the center of the MC. The 
sandwich is carefully loaded into the pod and the pod is tightened with a force of 30Ncm. 

Results / Discussion 

Cryo-electron microscopy on sections from grids frozen in the EMHPF 
Dipping the grids in medium containing dextran before freezing ensures that the ice 

on each side of the grid has the same viscosity. If this is not the case the sectioning 
properties of the ice will differ on either side of the grid. Figure 3a shows a section from 
a grid which has dextran only on the cell-side of the grid. As can be observed, there are 
more crevasses in the ice below the formvar film. This can also lead to curling of the 
ribbon during sectioning. In the section the formvar film can be easily identified (Figure 
3A, B, arrows) and traced throughout the section. This facilitates finding the cells within 
the section. Since cells were frozen at 80% confluence, cell-cell contacts could be 
readily identified (Figure 3C). All samples analyzed appeared vitreous in the diffraction 
image (Figure 3A, D). 

Applicability of the method in the EMPact 
For this method to be compatible with the EMPact, it is essential that the diamond in 

the pod makes a proper seal on the grid / membrane carrier sandwich. This is only the 
case if the rim of the grid falls within the diameter of the diamond. Therefore we used 
formvar coated aperture grids with an outer diameter of 2.3 mm and an inner diameter 
of 1 mm (Veco).  As described in Vanhecke et al.[14] overfilling the membrane carrier 
can lead to bulging out during freezing. Therefore excess medium was blotted from the 
grid before placing it on the pre-filled membrane carrier. Out of the 6 samples frozen in 
the EMPact two were bulged out, most likely due to over-filling of the sample carrier. 
Upon trimming of the carrier the ice appeared to be uniformly black. Again the formvar 
film could be easily identified within the section (Figure 4A). All analyzed samples 
appeared vitreous in the diffraction image (Figure 4B). 

Choice of carrier thickness 
Membrane carriers are available in two depths, 100 and 200 µm. Initially we tested 

this method using the 200 µm deep membrane carriers, to have the sturdiest support for 
the grid during trimming and sectioning. Using this carrier thickness both freezing and 
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trimming were successful. Later trials with the 100 µm carriers showed that also these 
carriers can be used without the risk of bending during trimming, if the feed of the cryo-
ultramicrotome is kept below 100 nm while trimming away the sides of the carrier. 

 
Figure 3 Frozen hydrated sections of cells grown on golden grids and high-pressure frozen in an 
EMHPF The formvar film can be easily identified within the sections (arrowheads) which facilitates finding cells 
within the section. (A) Section from a sample where culture medium containing dextran was only applied to the 
the cell-side of the grid. Crevasses appear more prominent below the Formvar film, likely due to the different 
sectioning properties. The sample appeared to be vitreous in the diffraction pattern (inset).  (B-D) Sections 
from a sample with dextran on both sides of the grid. (B) Since sections were cut without the use of a 
cryosphere, some  suffered from ice contamination though cells could still be identified between the ice 
crystals. (C)  As cells were at 80% confluence, cell-cell contacts were frequently observed. (D) Cellular 
components could be readily identified, again the sample appeared to be vitreous in the diffraction pattern 
(inset). Diffraction pattern taken before the image in panel D, white ring indicates the selected area aperture. 
All micrograph scalebars indicate 500 nm, scalebars for diffractograms indicate 5nm.  er:  endoplasmic 
reticulum, G: Golgi, L: lysosome, ld: lipid droplet, M: mitochondria, pm: plasma membrane, *: desmosome. 
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Figure 4 Frozen hydrated sections of grid / MC 
sandwiches frozen in an EMPact1 Freezing the grid 
/ MC sandwich in the EMPact was tested without cells. 
2.3 mm Ø aperture style grids provided the best seal 
with the diamond in the carrier pod. Again the Formvar 
film (arrowheads) could be traced throughout the 
section and sections appeared vitreous in the 
diffraction image (Inset). White ring indicates the 
selected area aperture. Micrograph scalebar indicates 
500 nm, diffractogram scalebar indicates 5 nm. 

 

 

 

 

 

 

Conclusion 

Here a novel method was demonstrated for high pressure freezing adherent 
cells for frozen hydrated sectioning, applicable in all currently used high pressure 
freezers. These sections can be either directly viewed in the cryo-TEM (CEMOVIS) 
or processed via the VIS2FIX method. Cells grown on golden grids are high 
pressure frozen on a membrane carrier, which provides the fragile grids with the 
support needed during trimming and sectioning. This allows cells to be imaged in 
the cryo-electron microscope without the need of detaching them from the 
surface they were grown on, thereby preventing possible changes in the 
ultrastructure caused by the detachment process. Furthermore the orientation of 
the cells is retained which facilitates the study of polarized cells. This brings 
CEMOVIS one step closer to imaging adhered cells in their native state.  

Although there is still only one layer of cells within the section, the Formvar 
film can be easily identified and traced throughout the section, this facilitates 
finding the cells within the section. Another advantage is that the time required to 
prepare a specimen for freezing is much reduced. This enables the use of short 
incubation times in pulse-chase studies or when using inhibitors or stimulants. 
Since the cells are cultured on a flat translucent surface, cells can be imaged by 
fluorescence microscopy before freezing, making this method readily compatible 
with correlative microscopy.  
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Materials and methods 

Preparation of golden grids for cellculture 
Gold plated grids (Athens broad rim (100# Hexagonal) or Veco 2.3 mm Ø aperture style, Agar 

scientific, Essex, UK) were washed three times in acetone p.a. and dried under nitrogen gas flow. 
Grids were placed dull side down on freshly prepared formvar films floating on water. Films with 
grids were picked up using cleaned 50 µm thick Alcar® strips and dried over-night. The next day a 
thin layer of carbon was evaporated on top of the formvar film and the Aclar strips with grids were 
adhered to the bottom of 6cm Petridishes using matrigel[10]. After solidifying at 37°C dishes were 
sterilized by UV irradiation for 1 hour in a lamellar flow cabinet. 

Cellculture 
HepG2 cells (ATCC, P3) (kind gift from CMC UMC-Utrecht) were cultured in low glucose 

DMEM (#E15-891, PAA, Pasching,  Austria) supplemented with 10% fetal bovine serum (#A15-
151, PAA). All experiments were carried out at passage 5 to 7.  Cells were seeded in 6 cm 
Petridishes, with grids, and allowed to grow for four days. One day before freezing culture medium 
was changed for pre-equilibrated low glucose DMEM supplemented with 10% FBS and 25mM 
Hepes for buffering of the pH during sample preparation. 

High-pressure freezing 
Cells and media were kept at 37°C up until the very moment of high-pressure freezing, using 

a small incubator and a stretching plate as work table. On average samples were loaded and 
frozen within one minute. We were able to freeze 10 samples within 14 minutes, taking into 
account the regeneration time of 1.5 minutes for our HPF. 

Freezing of cells grown on golden grids in the EMHPF 
The sandwich was partially assembled in the standard specimen holder (spacer ring, 

membrane carrier) and the membrane carrier was filled with medium containing 20% dextran 
(40kD, #31389, Fluka, Buchs, Germany). Next a grid containing HepG2 cells at 80% confluence 
was taken out of the petridish, dipped in a drop of medium containing 20% dextran and placed, 
cells down, on the membrane carrier. The sandwich was closed either by adding a lecithin coated 
200 µm thick aluminium plate and a 200 µm thick spacer ring when using 200 µm deep carriers 
(Figure 2A) or a lecithin coated 300/0 platelet when using 100 µm deep carriers (Figure 2B) 
ensuring a specimen stack of 1 mm thick. After closing the specimen holder, the sample was high-
pressure frozen in an EMHPF operating at 2100 bar. 

Freezing of the grid / membrane carrier sandwich in the EMPact 
In the EM-Pact membrane carries are frozen in specialized pods in which the sample cavity is 

closed off by a diamond. In order for the sample to be frozen properly it is essential that the 
sample cavity is completely sealed. Therefore 2.3 mm Ø aperture grids with an inner diameter of 
1mm were used, which are closed off efficiently by the diamond in the carrier pod. For freezing the 
grid /membrane carrier sandwich with medium containing 20% dextran, the guidelines for filling 
membrane carriers given in Vanhecke et al.[14] were followed. Grids were dipped in a in a drop of 
medium containing 20% dextran and excess medium was blotted off by touching the rim of the 
grid with  wetted filter paper. Next the grids were placed, cells down, on the membrane carrier. 
The sandwich was loaded into the pod and sealed by the screw and diamond with a torque force 
of 30Ncm (supplementary figure 1c). The pod was loaded into the EM-Pact1 and frozen. After 
freezing, pods were opened under liquid nitrogen and the carrier was inspected visually. Bulged 
out carriers were discarded. 
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Cryo-ultramicrotomy 
When present, spacer rings and cover-plates were removed under liquid nitrogen and the 

grid-membrane carrier sandwich was transferred to the cryo-ultramicrotome, pre-cooled at -150°C. 
The membrane carrier was mounted horizontally, grid facing up, into a smooth beaked flat 
specimen holder. Here a holder based on the model described in Michel et al. [15] was used, as 
an alternative a cryo-AFM holder can be used. Both allow the sample to be stored liquid nitrogen 
after trimming or sectioning while mounted in the holder. The holder was rotated 91° clockwise 
and the front surface was trimmed at 100 mm/s with100 nm feed to expose the ice using a cryo-
trim 20 diamond knife (Diatiome, Biel/Bienne, Switzerland). The 1 degree angle made sure that 
the grid would not be pushed out of the sandwich while trimming. Next the holder was turned 90° 
clockwise to the horizontal position, grid facing down, and the sides were trimmed down stepwise 
from the side of the carrier at 80 mm/s with100 nm feed to form a stepped pyramid. After trimming 
the sides, the holder was turned clockwise and the bottom of the carrier was trimmed away, 
stepwise at 80 mm/s with100 nm feed, to form a 60 nm wide blockface with the grid almost in the 
center. This prevented the ribbon from curling during sectioning. 50 nm sections were cut on a 35° 
cryo-immuno knife (Diatome) and staticly adhered to a glow-discharged (200# hex) grid (lacy 
carbon or holey carbon) using the Cryon system (Leica microsystems). Grids were collected in a 
small grid box and stored in filtered liquid nitrogen. 

Cryo-electron microscopy and imaging 
Grids were loaded in a pre-cooled cryo-holder (Gatan Inc., Pleasanton, CA) and imaged in a 

Tecnai T12 (FEI Company) operating at 120kV. TEM micrographs were recorded on a bottom 
mount 4k Eagle CCD camera (FEI Company). When needed, the TEM images were scaled for 
optimal contrast by employing linear adjustments of the levels for the entire image. 
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Chapter 6:  

Summarizing Discussion 
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Electron microscopy as a tool to study lipid organization at the 
ultrastructural level 

Lipids are essential for cellular life, functioning either organized as 
bilayer membranes to compartmentalize cellular processes, as signaling 
molecules or as metabolic energy storage. Our current knowledge on lipid 
organization and processes involved in cellular lipid homeostasis is mainly 
based on biochemical data. However, the resolving power of the most 
commonly used biochemical methods (molecular analysis of cellular 
fractions and the use of fluorescent lipid analogs) is limited. To gain further 
insight in the subcellular lipid distribution and processes involved in cellular 
lipid homeostasis would require a high resolution method which allows the 
study of lipids within the cellular context. Here, we explored the use of one 
such approach, transmission electron microscopy, to study cellular lipids, 
lipid droplets and lipoproteins at the ultrastructural level. 

Sample preparation  

Since the introduction of transmission electron microscopy in 1931 by 
Ruska and Knoll and its first use on biological specimens [1] the 
transmission electron microscope has been used to study samples at an 
ever increasing magnification. With a spatial resolution well below the 200 
nm limit of conventional light and fluorescence microscopes, the 
transmission electron microscope provides a tool to study cellular 
components at a magnification that allows the visualization of large 
molecules (proteins, etc). In theory a spatial resolution down to 1-2 Angström 
can be reached. In practice, the effective spatial resolution is limited by the 
thickness of the sample and the way it has been prepared. As discussed in 
Chapter 1, electron microscopes operate at a high vacuum. Therefore 
specialized sample preparation is required to protect specimens against this 
high vacuum by either immobilizing or replacing the water within the 
specimen. Furthermore the specimen can be stained with heavy metals to 
provide additional contrast. However, the preparation steps can also alter the 
ultrastructure of the specimen. The retention of cellular lipids depends 
heavily on the sample preparation procedure. Organic solvents used for 
dehydration of the sample can readily extract the lipids we wish to image. 
During conventional dehydration using ethanol up to 70% of all cellular lipids 
are extracted. The extraction of lipids depends on the polarity of the solvent: 
solvents with low polarity extract less polar lipids compared to more polar 
solvents. For neutral lipids this is the other way around. Solvent polarity 
increases with lower temperatures. Therefore, lipid extraction is reduced at 
low temperatures. Based on data from the literature, the extraction of polar 
lipids during freeze substitution appears to depend on the amount of water 
molecules bound to the polar lipid head-group. This leads us to hypothesize 
that this hydration shell needs to be substituted before the solvent can 



 

81 

 

interact with the lipid head-groups. This reduces the time in which lipids are 
exposed to the solvent, thereby diminishing the lipid extraction. In samples 
freeze-substituted in acetone containing uranyl acetate and embedded in 
Lowicryl HM20 at -50°C, the outer layer of neutral lipid in lipid droplets (LDs) 
appeared to be extracted (Chapter 2). This layer reportedly contains more 
saturated neutral lipids, which have a higher polarity than the unsaturated 
lipids in the core of the LD. Using a lowicryl resin that can be polymerized at 
even lower temperatures (Lowicryl HM23) may prevent this extraction. 
However, at such low infiltration temperatures there is a risk that the acetone 
in the substitution medium might not have dissolved all the water within the 
sample. An alternative can be substitution with methanol at -90°C and 
switching to acetone before the temperature is raised. Preliminary 
experiments with this method show promising results (unpublished data). 

Lipid preservation is the highest in those preparation procedures which 
do not require dehydration; Cryo-electron microscopy of vitreous sections 
(CEMOVIS) [2], hydrated VIS2FIX [3]. An alternative is dehydration at sub-
zero temperatures; freeze-substitution combined with low temperature 
embedding. Reduction of lipid extraction does not necessarily imply that the 
spatial organization of the polar lipids within the cellular membranes is 
retained. Only when using CEMOVIS, in which the sample is observed at 
liquid nitrogen temperatures, this can be assured. In all other sample 
preparation procedures, the use of uranyl acetate is essential to maintain the 
spatial organization of phospholipids since it is able to bind up to four lipid 
phosphorus groups [4,5]. Equipped with this knowledge, we were able to 
label individual lipid molecules within the cell by click-labeling (Chapter 4). 
Using this method we were even able, for the first time, to visualize the 
incorporation of a clickable fatty acid as neutral lipids into lipid droplets 
(LDs). We showed that clickable fatty acids provide a promising new tool for 
studying the distribution of de-novo synthesized lipids and changes in the 
lipid flow. Using the novel method for high-pressure freezing adherent cells 
(Chapter 5) the time between stimulating the cells with fatty acid (FA) and 
freezing can be much reduced. This facilitates the use of clickable fatty acids 
to elucidate the FA uptake route. Additionally, in a model-system which 
allows for more intervention in lipid biosynthetic pathways, such as yeast or 
C. elegans, the use of clickable fatty acids could provide additional insights 
in lipid biosynthesis.  

Lipid droplet biogenesis 

Cellular lipids can be stored in an esterified form as neutral lipids 
(triglycerides or sterol-esters) in lipid droplets. One of the main functions of 
these LDs is that of a buffer in lipid homeostasis, by storing excess lipids in 
an esterified form. FA bound to albumin is rapidly taken up by the cell and 
used in the synthesis of, for instance, phosphatidic acid (PA), the precursor 
for most polar lipids and diacylglycerol (DAG). DAG functions as a signaling 
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molecule involved in insulin signaling and the PI3K-signaling pathway. 
Furthermore DAG is essentially a polar lipid without a head-group, which 
influences membrane curvature. Therefore, an excess of DAG could 
seriously disturb cellular function. DAG is rapidly converted to the inert 
triacylglycerol (TAG) by addition of an extra acyl chain by members of the 
diacylglycerol-acyl-transferase (DGAT) protein family. LDs have been 
implicated in the pathogenesis of several diseases ranging from insulin 
resistance [6,7] to muscle dystrophy [8]. However it is quite straight-forward 
that in any situation in which cellular lipid homeostasis and metabolism is 
disturbed, lipid droplets will be formed to store the excess of lipid in the 
safest possible way. In Chapter 2 we showed direct membrane contacts 
between LDs and the endoplasmic reticulum (ER) membrane using electron 
tomography on sections of high-pressure frozen - freeze-substituted and 
Epon embedded samples. For other cellular organelles these interactions 
were mainly close apposition to the LD. In a VIS2FIXH processed section of 
THP-1 cells labeled for LAMP2, a LAMP2 positive lysosome was found in 
close association with a LD. Tomographic reconstruction of this section 
showed a possible hemi-fusion between the outer membrane of the 
lysosome and the phospholipid monolayer of the LD. This suggests a role for 
micro-autophagy in LD metabolism. 

The early stages of lipid droplet formation remain elusive. However, we 
were able to detect the PAT protein TIP47 in oleic acid stimulated TIP47 
knock-down Hela cells by immuno-labeling on hydrated VIS2FIX sections. 
The gold label indicated the presence of TIP47 on small electron translucent 
structures in the mitochondria-associated ER membrane, where the 
triacylglycerol synthase DGAT2 reportedly resides [9]. These structures may 
very well be early lipid droplets. One other result pointing in this direction 
was obtained in the experiments with clickable fatty acids (Chapter 5) in 
brefeldin A-treated cells. In a preliminary experiment, we tried the click 
labeling on hydrated VIS2FIX sections fixed with glutaraldehyde, uranyl 
acetate and osmium tetroxide. The click labeling itself did not work (likely 
due to the reaction of osmium with the alkyne bond) but we observed a 
pattern of round osmophilic structures on the mitochondria-associated ER 
membranes (Figure 1). These data combined strengthen the theory that LD 
biogenesis takes place in the mitochondria-associated ER. To fully elucidate 
the mechanism of LD formation will require a more detailed and quantitative 
analysis. If mitochondria-associated ER membranes are indeed the site of 
LD biogenesis, TIP47 should no longer be present on these membranes 
when TIP47kd HeLa cells are grown in delipidated medium. In addition, 
electron tomography on oleic acid stimulated TIP47kd HeLa cells labeled for 
TIP47 could be used to determine the nature of the observed electron 
translucent structures in these ER subdomains. Ultimately, in control HeLa 
cells, TIP47 should also localize to the mitochondria-associated ER 
membranes shortly after oleic acid treatment. 
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Figure 1 Osmophilic structures on 
the mitochondria-associated ER 
membrane Frozen hydrated sections of 
HepG2 cells, treated with brefeldin A 
and incubated with clickable fatty acid, 
were processed via the hydrated 
VIS2FIX method using 0.2% 
glutaraldehyde, 0.2% uranyl acetate 
and 0.1% osmium tetroxide in 0.1 M 
Phem as fixative. Round osmophilic 
structures could be detected in the 
mitochondria-associated ER 
membranes. er: endoplasmic reticulum, 
L: lysosome, m: mitochondria. Scale 
bar represents 500 nm. 

 

 

 
 

VLDL assembly 

For transport from the intestine to the liver and from the liver to the 
adipose tissue, in the blood circulation lipids are esterified to neutral lipids 
and packed in lipoproteins (chylomicrons and very low density lipoprotein 
(VLDL)). VLDL is synthesized postprandially by the liver and transports 
triacylglycerol from the liver to the peripheral tissues. VLDL can be identified 
by its main apo-protein ApoB100. Being a precursor for the low density 
lipoprotein (LDL), a high level of VLDL is considered to be a risk factor for 
atherosclerosis and cardiovascular disease [10–12]. The mechanism of 
VLDL assembly is largely unknown and immuno-gold labeling for ApoB could 
provide valuable insights. In the literature however, low labeling efficiency 
and loss of antigenicity of ApoB have been reported [13].  In Chapter 3 we 
found that this reported low labeling efficiency for ApoB on Tokuyasu cryo-
sections [13] is due to the delipidating action of the lipid free bovine serum 
albumin (BSA) used in the blocking step. By changing the blocking solution 
to either acetylated bovine serum albumin (BSA-c) or cold water fish skin 
gelatin (CFG) we were able to retain the antigenicity of ApoB. The loss of 
antigenicity by delipidation, as reported here, may very well occur in other 
proteins that depend on the binding of lipids for their proper 3d conformation. 
Furthermore, we developed an alternative section pickup by statically 
adhering the sections to a grid using the Crion system and thawing the grids 
on buffer. This gave a clear reduction in the loss of cellular content in 
sections from cells fixed in 4% formaldehyde, thereby increasing the level of 
ultrastructural preservation. This method can readily be applied when a high 
degree of structural preservation is needed and fixation with 2% 
formaldehyde and 0.5% glutaraldehyde is impossible due to glutaraldehyde 
sensitive antigens. Where the second lipidation step of ApoB takes place is 
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still unknown; it has been suggested that the VLDL2 particles fuse with each 
other to form VLDL1. Another theory is that there are TAG rich ‘luminal lipid 
droplets’ [14] which fuse with VLDL2 to form a fully lipidated VLDL1 particle. 
It could be that these ‘luminal lipid droplets’ are actually Apo-protein E 
(ApoE) or Apo-protein C (ApoC) positive lipoproteins, since both ApoE and 
ApoC have been shown to be dynamically associated with VLDL.  

Open questions and outlook 

The results from the experiments discussed in the previous chapters 
also gave rise to new questions. Some of these may be readily addressed 
using the technical advances presented in this thesis.  

Does the TAG in VLDL originate from LDs or from de-novo synthesis by 
DGAT1? Work on animal models supports the latter view. Ohsaki et al.[15] 
reported the formation of ApoB crescents around lipid droplets, which 
increased in number upon Brefeldin A (BFA) treatment. It was suggested that 
lipid droplets fused with the ER membrane to stabilize ApoB. However these 
structures could be formed in a number of ways. In the normal situation 
ApoB is co-translationally lipidated by the microsomal transfer protein (MTP) 
(Figure 2A). Upon BFA treatment the inhibition of VLDL maturation could 
cause partially lipidated ApoB to fuse back with the membrane (Figure 2B). 
These small lipid inclusions could aggregate and thereby form an ApoB 
crescent (Figure 2D). Another possible mechanism could be that BFA 
treatment stops the maturation of ApoB, while the synthesis of triacylglycerol 
by DGAT1 continues, thereby forming an ApoB crescent. We did not observe 
ApoB crescents in FA stimulated HepG2 cells when immuno-labeling for 
ApoB (Chapter 4). Even after BFA treatment these structures were not 
observed (Chapter 5). One possible explanation is that in the study of 
Oshaki et al.[15] cells were incubated for 2 hours with FA before fixation, 
whereas we used much shorter incubation times. This suggests that the 
ApoB crescents are formed between 1 and 2 hours incubation with FA. By 
immuno-labeling cells, cryo-immobilized at specific time points between 1 
and 2 hours FA incubation, it should be possible to elucidate the mechanism 
of ApoB crescent formation. If existing LDs truly fuse back, this could be 
shown by first treating the cells with oleic acid to increase the number of 
LDs, after which cells should be treated with both BFA and Niacin. Next cells 
should be challenged with clickable fatty acids for 2 hours before cryo 
immobilization. After click-labeling to localize the clickable FA and immuno-
labeling for ApoB, LDs in ApoB crescents should contain almost no clickable 
lipid if existing lipid droplets were used to form the ApoB crescent. 
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Figure 2 Possible alternative mechanisms for the formation of ApoB crescents around 
LDs (A) In the normal situation ApoB is co-translationally lipidated by MTP to form VLDL2, most 
likely using triacylglycerol synthesized by DGAT1. During incubation with Brefeldin A, maturation 
of the lipidated ApoB is inhibited. This could cause the following situations: (B) While the 
maturation of ApoB is inhibited, the synthesis of triacylglycerol continues, forming an LD. (C) 
Partially lipidated ApoB associates with the luminal leaflet of the ER and starts to aggregate, (D) 
causing the local TAG inclusions to fuse to form an LD. 

Are there parallels between LD and VLDL formation? Based on the 
structural homology between lipoproteins and LDs, a comparable model for 
lipoprotein and LD formation has been suggested. VLDL and chylomicrons 
contain the most TAG of all lipoproteins.  Both are formed by co-translational 
lipidation of ApoB (ApoB100 for hepatic VLDL and ApoB48 for chylomicrons) 
by MTP in the lumen of the ER. While the presence of MTP is necessary for 
the formation of lipidated ApoB, there are reports that the initial binding of 
phospholipids to ApoB is not dependent on MTP [16–18]. For LDs, there are 
two lipid droplet-associated proteins that stay associated with the LD: 
perilipin (perilipin1) and adipose differentiation related protein (ADFP / 
perilipin2). Knockdown of perilipin in animal models does not inhibit lipid 
droplet formation, but rather enhances lipolysis in adipose tissue [19]. 
Knockdown of ADFP in mice reduces hepatic LD content by 60% without 
affecting adipogenesis [20]. The VLDL production was reported to be 
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comparable to wild-type. However, in another study loss of ADFP function 
was almost fully compensated for by an increased expression of TIP47 [21]. 
TIP47 knockdown markedly reduced LD formation while the level of TAG 
remained comparable to wild-type cells [22]. Upon oleic-acid stimulation of 
TIP47-depleted cells, the levels of ADFP increased two- to three-fold [22]. 
TIP47 has been reported to bind to phospholipid packing defects in the 
membrane, which can be caused by increased curvature or increased levels 
of DAG [23]. These results suggest that the role which PAT proteins play in 
LD formation is markedly different from the role of ApoB in VLDL biogenesis.  

How and where are lipid droplets formed? While we obtained initial 
evidence pointing to the mitochondria- associated ER membrane as the site 
of LD biogenesis, we were unable to convincingly show inclusion of neutral 
lipid at this site. Using a combination of electron microscopy techniques on 
TIP47 knockdown cells stimulated with oleic acid, it may be possible to verify 
the inclusion of neutral lipid. One approach would be combining CEMOVIS 
with fluorescence microscopy. Cells incubated with oleic acid and the 
recently developed, more specific, neutral lipid dye LD540 [24] could be 
frozen with the method presented in Chapter 5 to freeze adherent cells for 
frozen hydrated sectioning. After sectioning, the fluorescent signal 
corresponding to the neutral lipid inclusions may be detected by 
fluorescence microscopy, thereby identifying the regions of interest before 
analyzing the sections in the Cryo-electron microscope. This approach 
requires the use of a fluorescence microscope with a cryo-stage or the 
integrated fluorescence - electron microscope (ILEM) [25] equipped with a 
cryo-holder to keep the sections in a vitreous state while imaging. However, 
the dye will have to be functional at liquid nitrogen temperatures and provide 
enough fluorescent signal to be detectable when it is incorporated in the 
small neutral lipid inclusions within the section. Another approach would be 
combining CEMOVIS with VIS2FIX. Since both techniques use frozen 
hydrated sections it would be possible to process one section via the 
hydrated VIS2FIX method and use the next for CEMOVIS. By labeling the 
VIS2FIX section for TIP47 the regions of LD formation could then be 
identified and the corresponding regions imaged in the section intended for 
CEMOVIS. Both methods might also be combined, it would be interesting to 
see whether vitreous sections imaged in the Cryo-TEM could still be 
successfully processed via the hydrated VIS2FIX method. This would allow 
verification of the identity of cellular components found using cryo-
transmission electron microscopy by immuno-labeling.  

In conclusion, we have shown that, with the right sample preparation 
procedures, electron microscopy is a potentially powerful tool to study the 
various aspects of cellular lipid metabolism at the ultrastructural level. In the 
future, combining the information provided by electron microscopy with 
biochemical data may further advance our knowledge on the life of lipids, 
lipid droplets and lipoproteins. 
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Samenvatting 

Lipiden, lipid druppels en lipoproteïnen in hun cellulaire contekst; 
een ultrastructurele aanpak 

Lipiden zijn essentiële bouwstenen voor de cel, de kleinste eenheid van het leven. 
Georganiseerd als dubbellaag membranen dienen ze om cellulaire processen te 
compartimentalizeren, ze kunnen functioneren als signaalmoleculen of als opslag voor 
metabole energie. Onze huidige kennis over de organisatie en cellulaire homeostase 
van lipiden is voornamelijk gebaseerd op biochemische data. Deze biochemische 
methoden kunnen niet alle vragen beantwoorden. Om verder inzicht te krijgen en de 
studie van lipiden in binnen de cel mogelijk te maken is een andere techniek nodig. In 
dit proefschrift onderzoeken we mogelijkheid om met transmissie-elektronen 
microscopie, cellulaire lipiden, lipide druppels en lipoproteïnen te bestuderen op  
ultrastructureel niveau. Door de preparatie technieken te optmaliseren zijn we in staat 
lipiden in de cel te behouden. Dit maakt het mogelijk om meer inzicht te krijgen in de 
vorming van lipide druppels en lipoproteïnen. Ook kunnen we nieuw gevormde lipiden 
aantonen binnen de cel op ultrastructureel niveau, met behulp van een gemodificeerd 
vetzuur. Een nieuwe techniek voor het invriezen van cellen maakt het mogelijk om deze 
met nog mindere externe invloeden te bestuderen. Transmissie-electronen microscopie 
blijkt een krachtig instrument voor het bestuderen van lipiden binnen de cel. In 
toekomstig onderzoek kan het combineren van de informatie die door elektronen 
microscopie verkregen is, met biochemische data onze kennis over de rol van lipiden in 
cellulair leven sterk vergroten. 
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