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Abstract

The rhizosphere of oxygen-releasing wetland plants provides a niche for oxygen-consuming microorganisms such as
chemolithotrophic ammonia-oxidising bacteria. These bacteria are adapted to oxygen limitation with respect to their affinity
for oxygen, ability to survive periods of anoxia, and immediate response to the appearance of oxygen. In this study the
techniques of specific amplification of ammonia oxidiser 16S rDNA fragments by PCR, separation of mixed PCR samples by
denaturing gradient gel electrophoresis (DGGE), and band identification by specific hybridisation with oligonucleotide probes
were combined to allow for the comparison of the community composition of multiple samples over space and time. DGGE
bands of interest were also excised for DNA isolation, reamplification, sequence determination and phylogenetic analysis. We
compared monthly samples from both the root zone and the bare sediment of a shallow lake inhabited by the emergent
macrophyte Glyceria maxima to determine the seasonal effects that the plant roots and the oxygen availability might have on
the B-subgroup ammonia-oxidiser populations present. Similarly, five soil or sediment samples, varying in oxygen availability,
from different locations in the Netherlands were compared. Although the presence of two previously defined Nitrosospira
sequence clusters could be differentially detected in the samples examined, there was no evidence for a particular group which
was specific to periodically anoxic environments. © 1998 Federation of European Microbiological Societies. Published by
Elsevier Science B.V. All rights reserved.
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1. Introduction

Plants rooting in flooded soils and sediments con-
* Corresponding author. Tel.: +31 (26) 479 1314 tain aerenchymatous tissue in their shoots and roots.
Fax: +31 (26) 472 3227; E-mail: gkowal@cto.nioo.knaw.nl This airspace continuum facilitates the movement of
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atmospheric or photosynthetic oxygen to the roots
[1-3]. Thus, root respiration continues, and the ac-
cumulation of reduced phytotoxic compounds (i.e.
Fe?*, Mn?*, S$27) is prevented by radial oxygen
loss into the surrounding soil or sediment. The
plant-released oxygen can be used by a vast number
of chemical as well as biological processes. One of
these processes is the conversion of ammonia into
nitrate by nitrifying bacteria. Since this process can-
not proceed in the absence of oxygen, oxygen-releas-
ing plants can have a major impact on nitrogen cy-
cling in otherwise anoxic soil or sediment layers. The
plant-induced nitrate production can subsequently
lead to enhanced denitrification, thus elevating nitro-
gen loss from the ecosystem.

Stimulation of nitrification by oxygen-releasing
plants has been demonstrated indirectly by most
probable number (MPN) counts [4,5], activity meas-
urements [4,6,7] and evolution of '®N, following ad-
dition of >'NH to microcosms planted with rice [8].
The study of Bodelier et al. [4] showed higher num-
bers and potential activities of both ammonia- and
nitrite-oxidising bacteria in the root zone of the
emergent macrophyte Glyceria maxima (Hartm.)
Holmb. at a freshwater lake location in the Nether-
lands. This stimulation only occurred in spring and
early summer and disappeared later in the growing
season, probably due to plant-induced ammonia lim-
itation. Furthermore, comparison of the oxygen con-
sumption kinetics of the lake sediment ammonia ox-
idisers with those from a permanently oxic dune soil
and two predominantly oxic grassland soils revealed
possible adaptations of the ammonia-oxidising bac-
teria from the lake sediment to sub-oxic or anoxic
habitats.

The seasonal dynamics and adaptations of the am-
monia oxidisers might be reflected by shifts in com-
munity composition in concert with the presence or
absence of key regulatory substrates such as oxygen
and ammonia. However, pure culture isolation
would be an imperative step in addressing directly
the physiological differences between nitrifying bac-
teria occurring under different environmental condi-
tions. Unfortunately, this task has proven extremely
difficult and tedious for this group of microorgan-
isms, and present culture techniques seem to isolate
specifically only a small fraction of the total diversity

within the chemolithotrophic ammonia-oxidising
bacteria [9-11].

The recent application of molecular biological
techniques targeting the 16S rRNA molecule to mi-
crobial ecology has provided a valuable addition to
extant culture-based methods for studying the diver-
sity, composition, and dynamics of microbial com-
munities [12-14]. The ammonia-oxidising bacteria of
the B-subgroup Proteobacteria represent ideal candi-
dates for analysis via a 16S rDNA-based approach
as they comprise a monophyletic group based upon
16S rDNA sequence comparisons, and their labora-
tory cultivation has proven difficult, time-consuming,
and biased for the strains most amenable to the en-
richment conditions used [10,15,16]. A number of
recent studies have exploited various 16S rDNA-
based strategies to study nitrifiers in several natural
habitats [9,11,17-19] as well as in sewage treatment
plants [20-22] and fish culture aquaria [23]. Through
the sequence analysis of cloned 16S rDNA frag-
ments, Stephen et al. [11] revealed that the B-sub-
group ammonia-oxidising bacteria comprise at least
seven phylogenetically distinguishable sequence clus-
ters within the Nitrosomonas and Nitrosospira genera
(the latter encompassing the previous genus designa-
tions Nitrosolobus and Nitrosovibrio [15]) (Fig. 1).

Denaturing gradient gel electrophoresis (DGGE)
offers an alternative to tedious and expensive clon-
ing-based approaches by separating the constituent
sequences of complex mixtures of PCR products
based upon their differential mobility in an acryl-
amide gel with a gradient of denaturing chemicals
[24]. This technique has been adapted for microbial
ecological studies by Muyzer et al. [25], and has been
applied to the study of B-subgroup ammonia-oxidis-
ing communities in coastal sand dune soils by Ko-
walchuk et al. [18]. This latter study also demon-
strated that the DGGE pattern alone was not
sufficient to infer sequence cluster affinity or ascer-
tain the identity of co-migrating fragments. It is,
however, possible to interpret DGGE patterns
more rapidly by the use of oligonucleotide probes
targeting signature sequences contained within PCR
products derived from organisms of interest [26,27],
and a hierarchical set of hybridisation probes for -
subgroup ammonia oxidisers has recently been de-
signed [28].
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Previous molecular studies of -subgroup ammo-
nia oxidisers have shown that specific sequence clus-
ters are associated with certain environments and
that shifts in environmental factors such as pH and
ammonia concentration can affect the sequence clus-
ter composition of the ammonia-oxidising commun-
ity [11,18,28,29]. The aim of this study was to inves-
tigate whether the seasonal dynamics and
adaptations of the ammonia-oxidising community
in the root zone of G. maxima, as was found by
Bodelier et al. [4], are reflected in the sequence clus-
ter composition of these communities. Therefore, the
same sediment and soil samples were analysed using
the PCR, DGGE and hybridisation approach out-
lined above. Where hybridisation results failed to
fully resolve DGGE patterns or where DGGE pat-
terns and hybridisation results were in apparent con-
flict, DGGE bands were excised for subsequent se-
quence determination and phylogenetic analysis.

2. Materials and methods
2.1. Sampling of sediment and soil

As described by Bodelier et al. [4], sediment sam-
ples were collected inside and outside the root zone
of the emergent macrophyte Glyceria maxima
(Hartm.) Holmb. (reed sweet grass) at Lake Dronter-
meer, near the township of Elburg (52°58'N, 5°50’E)
(the Netherlands), in the period from May 1994 to
May 1995. Sample sites within the vegetation have
shown 100% dominance of G. maxima for at least
10 years. The influence of plant-derived oxygen on
the soil environment in these locations has been dem-
onstrated previously by year-round redox potential
measurements, which show seasonal fluctuations in
the root zone, but not in the bare sediment [4]. Five
intact cores (25 cm in depth, 10 cm in diameter) were
taken per sampling event, and the top 5 cm were
excluded from all analyses. The sediment samples
from the root zone of G. maxima collected in May
1995 were compared to soil samples from three other
locations differing in their oxicity profiles: (1) a
coastal dune top (Meijendel, near The Hague, the
Netherlands) (52°08'N, 4°19'E) whose loose, sandy
soil matrix provides permanently oxic conditions, (2)
a chalk grassland soil with high moisture and loess

contents in the Gerendal nature reserve (50°5'N,
5°54'E; 22 years out of production) in the south of
the Netherlands, where high denitrification rates (re-
sults not shown) indicate the presence of anoxic mi-
crosites, and (3) a calcareous grassland soil from a
river levee near the village of Brummen, the Nether-
lands (52°5'N, 6°9’E) that is periodically anoxic due
to seasonal flooding. Five samples were collected per
location, and each sample consisted of 32 cores (5 cm
in depth, 2.5 cm in diameter). Further descriptions
of the sampled locations, sampling methods, and
soil characteristics can be found in Bodelier et al.

[4].
2.2. DNA isolation

DNA from sediment and soil samples was isolated
by a modified protocol of Stephen et al. [11]. Sedi-
ment or soil samples (0.5 g wet weight), 0.5 ml ex-
traction buffer (120 mM KyHPO, [pH 8]; 5% hexa-
decyltrimethylammoniumbromide (CTAB), Sigma),
0.5 g glass beads (0.1 mm, BioSpec Products, Tech-
nolab, Alkmaar, the Netherlands) and 0.5 ml phenol/
chloroform/isoamyl alcohol (25:24:1 v/v, Sigma)
were mixed in a 2-ml destruction tube (Anthos Lab-
tec, Heerhugowaard, the Netherlands).

Samples were shaken three times at 5000 rpm for
30 s in a mini-bead beater (BioSpec). The tubes were
cooled on ice between shaking periods. After centri-
fugation (5 min, 3000Xg), 300 ul of the aqueous
phase was removed and the rest of the tube’s con-
tents re-extracted with an additional 300 pl extrac-
tion buffer. The two resulting aqueous phases were
pooled and twice extracted with 1 volume of chloro-
form/isoamyl alcohol (24:1 v/v). After centrifuga-
tion, the DNA was precipitated for at least 1 h at
—20°C with 0.1 volume 3 M CH3COONa [pH 5.2]
and 1 volume of isopropanol. Centrifugation (15
min, 14000X g) resulted in a pellet which was sub-
sequently washed with 70% ice-cold ethanol. Pellets
were allowed to air dry, and DNA was resuspended
in 40 ul TE buffer (10 mM Tris; 0.1 mM EDTA [pH
8.5]) and 10 ul loading dye. To remove humic
compounds, DNA was loaded on a 1% agarose:1%
polyvinylpolypyrrolidone (PVPP) composite gel
(0.5XTBE; 1XTBE=90 mM Tris-borate, 2 mM
EDTA, pH 8.3) as described by Kowalchuk et al.
[18] and run at 100 V for 2 h.
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DNA longer than 10 kb was excised and isolated
from the agarose using the QIAquick gel extraction
kit (Qiagen, Chatsworth, CA, USA), and DNA was
eluted with 50 pul 10 mM Tris (pH 8.5).

2.3. PCR conditions

PCR was first performed using 10-100 ng template
DNA with the Eubacterial primers pA and pH [30]
using Tbr polymerase (‘Dynazyme’; Finnzymes;
Iploo, Finland) according to the manufacturer’s rec-
ommendations with the following thermocycling pro-
gram: 1X (2 min, 94°C), 30X (30 s, 94°C; 60 s,
55°C and 75 s, +1 s/cycle, 72°C) and 1X (5 min,
72°C) with a reaction volume of 25 ul. PCR products
(all 25 ul) were examined by electrophoresis in a
0.5XTBE 1% low-melting point agarose gel (LM-
MP agarose; Boehringer, Mannheim, Germany) fol-
lowed by ethidium bromide staining. For all samples,
the product of the expected size (1.5 kb) was excised
from the gel (total of 100 mg gel material). The gel
fragment was melted by heating for 5 min at 65°C,
and 1 pl was used as template in a second PCR using
the CTO primers (CTOf189-GC, CTO654r), previ-
ously described to amplify specifically a 465-bp frag-
ment of the 16S rRNA gene from B-Proteobacteria
ammonia-oxidising bacteria [18] with the addition of
a 5" GC-clamp [31]. These 50-ul reactions were per-
formed using Expand High Fidelity polymerase
(Boehringer, Mannheim) according to the manufac-
turer’s specifications using the following thermocy-
cling program: 1X (1 min, 94°C), 25X (30 s,
92°C; 60 s, 57°C and 45 s, +1 s/cycle, 68°C) and
1 X (5 min, 68°C). PCR amplification from plasmid
controls was performed by direct use of the CTO
primers using the conditions described above except
that 5 ng of DNA was used as template and reaction
volumes were 25 pl. All reactions were overlaid with
an equal volume of mineral oil (Sigma, molecular
biology grade) and run on an OmniGene Thermal
Cycler (Hybaid, Teddington, UK). Final PCR prod-
ucts were examined by agarose gel electrophoresis
(1.5% agarose, 0.5X TBE) and stained with ethidium
bromide for visualisation upon UV illumination.

2.4. DGGE, blotting and oligonucleotide hybridisation

PCR products recovered with the CTO primers

were subjected to DGGE according to the protocol
of Muyzer et al. [32] as adapted by Kowalchuk et al.
[18] for the study of ammonia-oxidising bacteria.
Gels contained a 38-50% gradient of denaturing
chemicals with 100% denaturant defined as 7 M
urea and 40% formamide. DNA was visualised after
ethidium bromide staining by UV transillumination,
and gel images were stored using ‘“The Imager’ sys-
tem (Ampligene; Illkirch, France).

DNA in the polyacrylamide gels was blotted to
Hybond-N* Nucleic Acid Transfer Membranes
(Amersham, UK), using a Transblot SD (Bio-Rad)
according to Muyzer et al. [32]. After completion of
the transfer, the DNA was denatured (DNA-side
down) on Whatman 3MM (Whatman) filter paper
soaked with 0.4 M NaOH; 0.6 M NaCl and similarly
neutralised with 1 M NaCl; 0.5 M Tris (pH 8).
Membranes were sealed in plastic and stored at
4°C until further use. Hybridisation analyses were
conducted using the oligonucleotide probes and hy-
bridisation conditions described by Stephen et al.
[28]. Specifically, the probes B-Ammo 223r,
Nsp436r, Nmonas244r, NspCl3-455r and NspCl4-
446r were used to detect 16S rDNA fragments
from all B-subgroup ammonia oxidisers, Nitroso-
spira, Nitrosomonas, cluster 3 Nitrosospira and clus-
ter 4 Nitrosospira, respectively. No attempts to quan-
tify the intensity of radioactive signals were made
during the course of this study.

2.5. Sequence analysis of bands excised from DGGE
gels

Bands chosen for sequence analysis were carefully
excised from the DGGE gel with a scalpel. Only the
centre-most 50% of each band was excised in order
to avoid the lane edges where smearing was ob-
served. DNA extraction, reamplification and DNA
sequencing were as described by Kowalchuk et al.
[18]. DNA sequence manipulations were performed
using the SeqApp program, version 1.9a169 [33], and
phylogenetic analyses were implemented through
PHYLIP 5.57 [34]. Distance matrix analyses were
according to the method of Jukes and Cantor [35]
with a masking function to exclude ambiguous data,
and phylogenetic tree construction was by neighbour
joining [36]. Phylogenetic analysis was performed for
287 positions which could be unambiguously aligned
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for all sequences used in the analysis. Bootstrapping
was conducted with 100 replicates using the program
SeqBoot [34]. Bootstrap supports for the sequence
clusters were similar to those found previously [11].
Recovered sequences were also tested for homology
to known sequences in the EMBL databank using
the FastA program [37].

All unique sequences have been deposited in the
EMBL database under the accession numbers
AJ000271-AJ000280. Bands whose nucleotide se-
quences were determined have been given labels in
Figs. 2 and 3 which correspond to the sequence
names beginning with a ‘B’ in Fig. 1. The addition
of an asterisk to a band label (Figs. 2 and 3) indi-
cates a difference of one base pair from the given
numbered sequence. These differences have been
shown to be introduced at the ambiguous position
of the reverse primer by PCR [18] and have not been
included in the phylogenetic analysis.

3. Results

3.1. Recovery of ammonia-oxidiser 16S rDNA
fragments from sediment and soil samples

Attempts to recover PCR products from direct
amplification with the CTO primer pair, as described
in Kowalchuk et al. [18], were not consistently suc-
cessful for all samples, probably due to the inhibi-
tory effect of some co-purified humic substances
(results not shown). However, after employment of
a nested PCR strategy in which DNA extracted
from soil is first amplified with Eubacterial primers
prior to specific amplification with the CTO primers,
B-subgroup ammonia oxidisers could be detected
from all sediment and soil samples analysed. For
consistency, all DGGE and hybridisation analyses
were therefore conducted using the nested PCR
protocol. The detection of B-subgroup ammonia ox-
idisers is in agreement with previous reports of de-
tectable levels of chemolithotrophic ammonia oxida-
tion for all the sites, and all sampling dates examined
[4]. Thus, the nested PCR strategy employed was
able to detect less than 10% culturable cells g~ dry
sediment, as determined previously by MPN analysis

[4].

3.2. DGGE and hybridisation analysis of Drontermeer
sediment samples

Nested PCR products recovered from the monthly
G. maxima root zone and bare sediment samples
from Lake Drontermeer were subjected to DGGE
analysis along with control fragments derived from
cloned sequences of known cluster affinity (Fig. 2)
[11]. Fragment mobilities from environmental sam-
ples ranged from 44.5 to 47.2% denaturant, whereas
control ammonia-oxidiser fragment mobilities
ranged from 43.0 to 47.0% denaturant concentration.
DGGE patterns from environmental samples were
quite simple with usually between two and six detect-
able bands per sample. In both control and environ-
mental DGGE patterns, bands often occurred in
doublets, which is consistent with previous results
which showed that a single template sequence can
give rise to multiple DGGE bands due to an ambig-
uous position in the CTO reverse primer [18]. Most
samples, except the root zone sample from June 1994
and the bare sediment sample from July 1994, dis-
played a clear double band at approximately 45%
denaturant. Another doublet at approximately 46%
denaturant could be observed in many samples
although its relative intensity was quite variable.
These two doublets correspond well to the band po-
sitions of Nitrosospira clusters 2 or 3 and cluster
4 controls, respectively. There were no apparent
trends in banding patterns with respect to observed
seasonal differences in ammonia oxidiser numbers
and potential nitrification activities [4]. There were
also no consistent differences detected between the
DGGE patterns from root zone versus bare sediment
samples. Both types of samples gave similar results
in the months of August and September 1994 and
March-May 1995, whereas other sampling months
produced clear differences between the two zones.

In order to determine the sequence cluster affinities
of the detected DNA fragments, hybridisation anal-
ysis was performed using both the genus- and clus-
ter-specific probes described by Stephen et al. [28].
All bands, except the lower doublet in the June 1994
root zone sample and the lowest band in the July
1994 bare sediment sample, showed positive hybrid-
isation with the Nitrosospira-specific probe. The Ni-
trosospira-negative bands also failed to hybridise
with the probe designed to detect all B-subgroup
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Fig. 1. Neighbour-joining tree based upon partial 16S rDNA sequences from B-subgroup ammonia oxidisers. Sequence analysis is as de-
scribed in the text using the cluster designations of Stephen et al. [11]. Sequences derived from DGGE bands recovered from soil and
sediment samples, designated with a ‘B’, correspond to the labeled bands in Figs. 2 and 3. Sequence names beginning with ‘pH’ or ‘Env’
refer to clones derived from environmental samples from soil (of the pH indicated) and from marine sediment respectively. Sequence
A1bM3 is derived from a marine sediment enrichment culture [11]. Nitrosospira isolates 40KI, AF, B6, D11, GM4, L115 and T7 were pu-

rified from sewage or soil [49].
-

ammonia oxidisers. All Nitrosospira-like bands could
be further classified by hybridisation analysis into
either Nitrosospira clusters 3 or 4, and labels to the
left of the bands in Fig. 2 indicate predicted cluster
affinity. Neither DGGE banding pattern nor hybrid-
isation results indicated the recovery of detectable
amounts of Nitrosomonas-like rDNA sequences.

Hybridisation results clearly demonstrated that
similar DGGE mobilities were not predictive of com-
mon sequence cluster affinities, as was previously
demonstrated with known control sequences by Ko-
walchuk et al. [18]. For example, the July 1994 root
zone sample contains bands which align well with
the control for Nitrosospira cluster 3, but hybridisa-
tion analysis identified all bands in this sample as
belonging to Nitrosospira cluster 4. Likewise, the
bare sediment samples from June and May 1994
and the root zone sample from November 1995 all
contain bands that co-migrate with the Nitrosospira
cluster 4 control, yet are identified as belonging to
Nitrosospira cluster 3 by hybridisation.

Nitrosomonas  Nitroso. sprr a Mﬂ)" APT

t11515c15c11c12c1.3c1q
42—

~BpmganBalS

49—

3.3. DGGE and hybridisation analysis of soil and
sediment samples with different oxicity profiles

PCR products recovered from five different soil/
sediment types were also examined by DGGE (Fig.
3). All samples gave very similar DGGE patterns
with all bands within the range of 44.5-46.5% dena-
turant. The dominant feature of all DGGE patterns
was a doublet at approximately 45% denaturant,
although some samples contained other bands lower
in the gel. All bands reacted positively with the Ni-
trosospira-specific probe, and there were no Nitroso-
monas-like sequences detected.

As with the Drontermeer samples, hybridisation
analysis revealed the presence of only Nitrosospira
clusters 3 and 4 among the ammonia oxidiser se-
quences detected. Although DGGE banding patterns
were quite similar for the five locations examined,
the distribution of these two sequence clusters clearly
differed, as denoted by the sequence cluster designa-
tions given in Fig. 3. This is exemplified by the top

1994

Nov Sep Aug Jul Jun May
f—’/\q f—’\—\ r—’\—\ r—*—\ f—"*—\

RN AR

Fig. 2. DGGE of Lake Drontermeer monthly samples. DGGE analysis is of PCR products obtained from DNA of Lake Drontermeer
monthly samples using the CTO primer set. Cloned sequences representing the seven previously defined sequence clusters of the B-sub-
group ammonia oxidisers are also shown for comparison with environmental samples [11]. Reference clones were as follows: Nitrosomonas
europaea ATCC 25978, Nitrosomonas, cluster 7; EnvAl-21, Nitrosomonas-like, cluster 5; pH4.2A/23, Nitrosomonas, cluster 6; EnvA2-4,
Nitrosospira-like, cluster 1; pH4.2A/G2, Nitrosospira, cluster 2; pH4.2A/3F, Nitrosospira, cluster 3; pH4.2A/3E, Nitrosospira, cluster 4.
Sediment samples are labeled ‘B’ and ‘R’ for bare sediment and root zone, respectively. Bands with labels were excised for sequence anal-
ysis and their designations correspond to those found in Fig. 1. The first number in each label indicates the cluster designation, and bands
having identical labels produced the same nucleotide sequences. Sequences which are labeled with an asterisk have a 1-bp difference (T
for C) with their namesake bands at position 647 (Escherichia coli numbering [50]) introduced by the ambiguity in the reverse primer.
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Fig. 3. DGGE of soil and sediment samples differing in oxicity. DGGE analysis of five environmental samples differing in their oxicity
profiles, with the same clone references used in Fig. 2. Environmental samples are as follows: Dune top = Meijendel; Cha grl = Gerendal;
Cal grl=Brummen; Dro B=Lake Drontermeer bare sediment; Dro R =Lake Drontermeer root zone. Band labels are as described for
Fig. 2. Bands from environmental samples which were too faint for identification have not been labeled.

doublets for each of the five samples which, although
resolving to similar positions after DGGE, gave dif-
ferent cluster-specific hybridisation results. Both
Drontermeer samples (different cores were used as
in the analysis of the seasonal dynamics) and the
Brummen calcareous grassland soil revealed a pre-
dominance of Nitrosospira cluster 4 with no detect-
able signal from other cluster-specific probes. The
soil samples from the Gerendal chalk grassland and
the Meijendel dune top contained mostly Nitroso-
spira cluster 3, with the latter containing faint bands
which hybridised as cluster 4 Nitrosospira. These re-
sults do not reveal any clear correlation between the
presence of a particular sequence cluster and the ox-
icity profile of the sample.

3.4. Sequence analysis of excised bands

In cases where bands could not be classified by
hybridisation with cluster-specific probes (June
1994; root zone sample) and where hybridisation
results differed from those predicted by DGGE mo-
bility, DGGE bands were excised for DNA isolation,
reamplification and sequence analysis. The bands
which were sequenced have been given names in
Figs. 2 and 3, and asterisks indicate a 1-bp difference
introduced by the reverse primer during PCR. Iden-
tical numbers indicate identical nucleotide sequences

and correspond to the numbers assigned to the ‘B’
sequences shown in Fig. 1.

Phylogenetic analysis of the sequence derived from
the DGGE doublet at 47.2% denaturant for the June
1994 root zone sample revealed that it did not show
direct affinity with the monophyletic group formed
by all known [-subgroup ammonia-oxidiser 16S
rDNA sequences (see Fig. 1). This sequence was
also detected as a minor band in the July 1994
bare sediment sample. Although this sequence shows
the greatest similarity with 16S rDNA sequences
from strains and sequences which fall within the -
subgroup ammonia-oxidiser clade (approximately
92% identity with a number of sequences), its phylo-
genetic position outside this group precludes the as-
sumption that it was derived from an ammonia ox-
idiser. Based upon the Ilimited phylogenetic
information contained within this fragment, it is im-
possible to determine whether this sequence is de-
rived from a novel group of ammonia-oxidising bac-
teria or if it comes from another B-subdivision
Proteobacterium lacking this trait.

Where DGGE mobility and hybridisation analysis
were in apparent conflict, DNA sequence analysis
confirmed hybridisation results for all cases (com-
pare named bands from Figs. 2 and 3 with phyloge-
netic placement in Fig. 1). This result was not un-
expected, as Kowalchuk et al. [18] demonstrated
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overlapping fragment mobilities between some se-
quence clusters.

4. Discussion

4.1. Recovery of ammonia-oxidiser 16S rDNA from
natural samples

The nested PCR strategy employed was successful
in detecting ammonia-oxidiser 16S rDNA from all
soil and sediment samples tested. Previous MPN
analyses of the same samples showed less than 103
culturable ammonia-oxidising bacteria g~! dry sedi-
ment for some samples [4]. Detection of this number
of target cells in a background of at least 10° non-
target cells compares favourably with previous at-
tempts to detect known numbers of inoculated cells
in soils [38,39]. However, as the MPN method de-
tects only culturable cells, this may underestimate
the actual number of target cells present. Unlike
previous comparable studies [18,28], a nested PCR
strategy was used here. Not all samples yielded PCR
product after direct amplification with the CTO
primers, probably due to a combination of inhibi-
tory contaminants and low numbers of target cells.
In samples for which both direct and nested PCR
results could be compared, DGGE banding patterns
showed only minor differences in relative band in-
tensities (results not shown), as might be caused by
random events or small differences in amplification
efficiencies [40]. Furthermore, multiple DNA ex-
tractions and PCR reactions from the same core
yielded reproducible banding patterns (results not
shown).

4.2. Fidelity of the CTO primers and cluster-specific
oligonucleotide probes

All PCR products recovered by the CTO primers
during this study were confirmed to have originated
from ammonia oxidiser-like organisms by hybridisa-
tion, save one double band found in the June 1994
root zone sample and the lowest band of the July
1994 bare sediment sample. As mentioned above, the
phylogenetic placement of the sequence derived from
these bands is basal to the established Nitrosomonas/
Nitrosospira radiation and, in the absence of culture

data, cannot be inferred to have originated from an
autotrophic ammonia oxidiser.

In all cases, phylogenetic analysis of nucleotide
sequence data was in agreement with hybridisation
results. As in previous studies, migration of DGGE
bands with control sequences was not an accurate
predictor of cluster affinity [11,28] (Fig. 1).

4.3. G. maxima root zone vs bare sediment samples,
variation in space and time

Only Nitrosospira clusters 3 and 4 were detected in
Drontermeer sediment samples. However, Nitroso-
monas urea-like sequences were recovered from
MPN cultures from these samples (results not
shown), suggesting bias in the MPN method.
DGGE has revealed the presence of similar Nitro-
somonas-like sequences in soils and sediments when
they have comprised as little as 5% of the total re-
covered sequences ([28]; A. Speksnijder, personal
communication), suggesting that Nitrosomonas-like
strains comprised less than 5% of the ammonia-oxi-
diser population in these samples. Previous studies
with specific antibodies (Bodelier, unpublished re-
sults) had detected low numbers of Nitrosomonas
cells in similar Lake Drontermeer G. maxima root
zone samples.

No clear population trends corresponded to the
seasonal fluctuations in ammonia oxidation [4].
Although month-to-month differences were seen in
the distribution of Nitrosospira sequence clusters 3
and 4, such differences appeared random (Figs. 2
and 3). Nor were consistent differences detected be-
tween root zone and bare sediment samples. The
hypothesis that the balance of Nitrosospira clusters
3 and 4 is seasonally regulated in the root zone of G.
maxima and the nearby bare sediment is not sup-
ported. Nitrifying bacteria are known to be able to
survive long periods of dormancy [41,42], during
which cells may show little or no activity and may
exhibit a particular aversion to culturing. PCR-based
techniques make no distinction between active and
dormant cells, whereas MPN analyses select for
easily activated cells, which may account for these
differences. Detection of active ammonia-oxidiser
populations might be addressed by use of reverse
transcriptase PCR followed by the same DGGE
and hybridisation analyses [27,43,44]. The use of
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functionally relevant structural gene targets, such as
the genes encoding ammonia monooxygenase [45],
and studies related to their expression would also
be of interest in this respect.

Core-to-core variation might also complicate pop-
ulation distribution results. To address this issue,
multiple cores (five) were examined for several sam-
pling points. Slight differences were found between
cores from a single sampling date and location (re-
sults not shown). Although the vernal peak in poten-
tial activity [4] was highly significant, some months
showed high standard deviations. The most variable
months with respect to activity measurements did
not show the greatest core-to-core variability as de-
tected by DGGE. As fine-scale spatial heterogeneity
is important with respect to both overall microbial
activity [46] and interactions with plants [47], further
characterisation of core-to-core variation, combining
physiological and molecular techniques, is an impor-
tant topic for future study.

4.4. Ammonia-oxidising bacteria from sediments and
soils differing in oxicity profiles

No differences in community structure could be
correlated with soil/sediment oxicity for the five dif-
ferent Dutch locations tested (Fig. 3). Again, only
Nitrosospira clusters 3 and 4 were detected. Although
clear differences in the distribution of these two clus-
ters were apparent between locations, such differen-
ces did not mirror either the oxygen kinetics of the
resident ammonia-oxidising communities or oxygen
availability [4]. These results do not support the hy-
pothesis that specific sequence clusters of ammonia-
oxidising bacteria are specially adapted to survival
and growth under different oxygen tensions. Thus,
it may be that the greater affinity for oxygen and
the resistance to longer periods of anoxia displayed
by sediment communities is a physiological adapta-
tion of a generalist nitrifying community.

Given that supported sequence clusters within the
B-subgroup ammonia oxidisers exist, and that some
of these groups correlate with specific environments,
physiological differences may underlie phylogenetic
groupings [11,18,28]. However, it is possible that
very closely related organisms might also have differ-
ent physiologies, for instance in their affinity for oxy-
gen. This is plausible considering the known varia-

tion within cultured members of Nitrosospira cluster
3 [15,48]. The possibility remains that other organ-
isms, such as nitrifiers from the y-subgroup of the
Proteobacteria or heterotrophic nitrifiers, are respon-
sible for the seasonal fluctuations in potential ammo-
nia-oxidising activities.

Hybridisation with specific probes has proved es-
sential for the identification of recovered 16S rDNA
fragments. The evidence presented demonstrates that
Nitrosospira-like organisms related to sequence clus-
ters 3 and 4 dominate the ammonia-oxidising com-
munity in the root zone of oxygen-releasing G. max-
ima stands. Low-oxygen, or periodically low-oxygen
habitats, do not appear to select for a single phylo-
genetic cluster of ammonia-oxidising bacteria.
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