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1. General concern of drug resistant bacterial pathogens   
 
The emergence of the drug-resistant bacteria has been an increasing concern of our 
society [1]. The misuse and abuse of antibiotics for animals and humans, causing the 
accumulation of antibiotics in the food chain and environment, has given some bacteria 
chance to thrive and develop their defense path towards resistance [2].  

The effective drugs on market are still based on the compounds discovered between 
1940s and 1960s, the so-called golden era of antimicrobial discovery. Since the 1990s, 
extensive efforts have been made to discover more lead compounds through high 
throughput screening assays or through chemical modifications on existing antimicrobial 
agents [2]. An efficient discovery platform to identify targets and reliable screening 
methods are of high demand for the development of new antibiotics.   

How bacteria, seemingly a very simple organism, develop such strategic defense 
mechanisms that exploit every single opportunity to prevent the compounds from 
attacking their targets is intriguing. The general defense mechanisms are divided into 
three categories: (A) Some prevent the compounds from reaching its target by modifying 
the membrane composition and function: Fadli et al. [3] observed that exposure of 
bacteria to certain potential antimicrobial compounds leads to down regulation of porin 
protein (OmpF and OmpC) expression whereas the expression of efflux pump proteins 
(AcrAB-TolC) was upregulated. (B) Other mechanisms use modification of the 
antimicrobial compounds to inactivate them such as the notorious β-lactamase that 
destroy the broad spectrum β-lactams including penicillin. Other examples include the 
enterobacteriaceae being resistant to chloramphenicol by acetylation of the compound. (C) 
The final category harbors mechanisms that modify the target sites. For instance, 
mutations on chromosomal gene and/or acquisition of a resistant gene from other 
organisms [4] or alteration in penicillin-binding protein (PBPs) causing reduced affinity of 
β-lactam antibiotics in the methicillin resistant Staphylococcus aureus (MRSA) [5].  

It is imperative to establish reliable platform to discover and develop novel 
antibiotics inasmuch as it is required for combating the emerging resistance problem. This 
doctoral thesis deals with some different aspects of the cell envelope structure and 
biogenesis pathway. A brief overview is given below.      
 
2. Bacterial cell envelope  
 
Compared with the cells of higher organisms, bacteria are mostly exposed to a very 
unpredictable and usually hostile environment. To protect themselves from the 
challenging outside world, bacteria have evolved a rather complex cell envelope as an 
efficient shield. The bacterial cell envelope, a complicated sandwich structure composed 
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of membranes and other components that surround and protect the cytoplasm of the 
cells, is essential for bacterial cell shape, viability, survival, and virulence [6]. The different 
cell envelope structures among different classes of bacteria induced different responses 
towards chemicals from their outer environment, which led to the early classification 
method of different bacteria. Based on Christian Gram’s staining method, bacteria can be 
generally divided into two different groups: the Gram-positive and the Gram-negative. 
The Gram-positive bacteria possess a thick peptidoglycan multilayer outside of its 
cytoplasmic membrane, whereas the Gram-negative bacteria have an extra outer 
membrane (OM) around the much thinner peptidoglycan [6]. Figure 1 illustrates the two 
different cell envelope structures of Gram-positive and -negative bacteria.  
 

 
Figure 1. Structures of Gram-positive and -negative cell envelope. Previously published in [7] as 
Figure 4.  
 
2.1. Outer membrane of Gram-negative bacteria  
 
The key feature that distinguishes Gram-negative bacteria from Gram-positive species is 
the outer membrane. The presence of the OM makes the Gram-negative bacteria more 
resistant to antibiotics, its only known function to date is its protective role as a selective 
barrier for the bacterial cells. The OM is the most asymmetric lipid bilayer in nature that 
solely consists of lipopolysaccharides in the outer leaflet that are tightly packed due to 
their saturated acyl chains, and phospholipids in the inner leaflet. This asymmetrical 
structure is unique in comparison with the inner membrane (IM).  

Two major classes of proteins inhabit in the OM, namely the lipoproteins and the 
outer membrane proteins (OMPs).  The lipoproteins contain a lipid fragment that embed 
themselves into the phospholipid inner leaflet of the OM. Different lipoproteins play 
various important roles in bacterial physiology. These important lipoproteins include: 
BamBCDE [8] that, together with BamA (an OMP), assemble the beta-barrel assembly 
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machinery (BAM) complex; Braun’s lipoprotein that anchors the OM to the peptidoglycan; 
LolB that is part of the Lol transport machinery that localize mature lipoproteins to the 
OM; LptE, another lipoprotein that is a component of the Lpt pathway, which transport 
lipopolysaccharides from its site of synthesis to the cell surface. The most abundant 
lipoprotein is the Braun’s lipoprotein Lpp.  

The OMPs are β-barrel transmembrane proteins. Their β-sheets are wrapped into a 
cylinder and reside in the OM.  Most OMPs form porins that allow the diffusion of small 
molecules, eg. amino acids, saccharides, etc. [9]. Meanwhile the OM has the ability to 
prevent the influx of noxious compounds while allowing the necessary nutrients to enter.  

 
2.2. Peptidoglycan 
 
Gram-positive and Gram-negative bacteria have a common structure called the 
peptidoglycan as illustrated in Figures 1 and 2. This polymer consists of repeating units of 
N-acetyl glucosamine (GlcNAc) and N-actyl muramic acid (MurNAc) crosslinked by the 
pentapeptide side chains. This peptidoglycan layer is rather rigid and essential for 
maintaining the shape of the bacteria and preventing bacteria from lysing due to its often 
hostile environment. The peptidoglycan synthesis pathway, consequently, has been 
recognized as a residence for various antimicrobial targets [10].  

In Gram-positive bacteria, the thickness of the peptidoglycan layer varies from 20 to 
40 nm [11], and is about 10 to 20 times thicker than that of their Gram-negative 
counterparts [12]. Cellular integrity and morphology is maintained by peptidoglycan, and 
the cell shape is determined by the architecture of this rigid layer [12]. Peptidoglycan 
prevents the cell from lysis under environmental, e.g., toxins, and mostly osmotic pressure. 
Meanwhile it remains sufficiently dynamic to permit constant insertion of new material, 
which therefore allows for cell elongation and growth [13,14]. The exact structure of the 
peptidoglycan has been investigated. Atomic Force Microscopy (AFM) investigations 
revealed that peptidoglycan of Gram-negative bacteria is more disorganized than 
previously thought. In the case of Gram-positive bacteria such as Staphylococcus aureus 
and Bacillus subtilis, peptidoglycan is revealed as layers of thin fibers [15]. We have always 
been aware that peptidoglycan acts as a sieve of external molecules with different sizes. 
These structural studies may help in better understanding the bacterial physiology 
inasmuch as it provides a more detailed and concretive image of how the cell envelope 
looks.  

Peptidoglycan synthesis, modification, and hydrolysis are going on constantly in 
bacterial cells and involve many different enzymes at different stages. The whole 
procedure starts from the cytoplasm where UDP-N-acetylglucosamine and UDP-N-
acetylmuramic acid pentapeptide are synthesized. These nucleotide precursors are 
utilized 
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Figure 2. Illustration of the basic units and crosslinking of the bacterial peptidoglycan. (A) 
Peptidoglycan is composed of alternating amino sugar units, N-acetylglucosamine (GlcNAc) and N-
acetylmuramic acid (MurNAc), pentapeptide is composed of L-alanine, D-glutamate L-lysine, D-
alanine and D-alanine. Different crosslinking is possible for different bacterial species; (B) direct 
crosslinking between peptides, either 3-4 (left) or 3-3 (right); (C) crosslinking through an 
interpeptide bridge between either 3-4 (left) or 2-4 (right). Figure is adapted from [18]. In the case 
of E. coli, the third amino acid is diaminopimelic acid instead of L-lysine, and a 3-4 crosslinking is 
present (B left). For S. aureus, it is a 3-(Gly)5-4 crossing linking (C left), and the third amino acid is L-
lysine.  

utilized together with undecaprenyl phosphate, to form the precursor Lipid II on the inner 
leaflet of cytoplasmic membrane (reviewed in detail in Chapter 2). Lipid II is flipped to the 
outside of the cytoplasmic membrane by a flippase, the exact nature of this enzyme is at 
debate to date [16,17]. Penicillin binding proteins (see section 3.2), such as the 
bifunctional PBP1A and PBP1B from E. coli in particular, act as transpeptidases as well as 
transglycosylases and form bridges between the peptide side chains of Lipid II. This 
procedure is regulated by outer membrane anchored lipoproteins LpoA and LpoB as they 
activate their cognate PBPs. Figure 2 demonstrates the basic units and the crosslinking 
method of the peptidoglycan.  

2.3. Cytoplasmic membrane  

The bacterial cytoplasmic membrane (Figure 1), or the inner membrane, is equivalent to 
the membranes of cellular organelles in eukaryotic cells. Many proteins that reside on the 
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membranes of endoplasmic reticulum (ER), the Golgi, and the mitochondria are important 
for various cellular physiological activities such as signal transduction, nutrients/waste 
products transportation, lipid synthesis, energy production, and protein secretion. 
Bacteria lack of these organelles but the cytoplasmic membrane provides residence to 
membrane proteins that play similar roles. The cytoplasmic membrane is a phospholipid 
bilayer and is mainly composed of phosphatidyl ethanolamine, phosphatidyl glycerol, and 
cardiolipin. Important proteins that reside in this membrane include but are not limited to 
the lipoprotein transportation machinery LolCDE complex [19-22], the SecYEG [23] 
translocon, the twin-arginine translocation (Tat) system [24,25], phospho-MurNAc-
pentapeptide transferase MraY [26-29], and Lipid II flippase FtsW [16,30-32]. This PhD 
thesis is centered on peptidoglycan biosynthesis pathway and the lipoprotein biogenesis 
pathway. The studies presented here deal with, or are related to, some of the proteins 
mentioned above such as MraY and the LolCDE complex. These proteins are, in one way or 
another, essential for the bacterial physiology such as the growth, elongation, and/or 
division. Hence they can be potential drug targets of antibiotic compounds.   
 
3. Known and possible targets of antibiotics within the bacterial cell envelope   
 
3.1. Lipid II  
 
Lipid II is the peptidoglycan precursor and a low abundant component of the cytoplasmic 
membrane. The chemical structure of Lipid II contains a large and flexible hydrophilic head 
group linked via a pyrophosphate group to a bactoprenol chain composed of 11 isoprene 
units. An atomic force microscopy study using the lantibiotic nisin, which specifically binds 
to Lipid II, observed that Lipid II partitions in fluid domains of bilayers made of 
phosphatidylcoline, due to the fluid-like properties of the bactoprenol chain. The 
pentapeptide was proposed to have an extended conformation pointing away from the 
membrane thus having important implications for interactions with antibiotics like 
vancomycin [33]. The pyrophosphate group displayed in the membrane interface serves 
as a protein binding motif for the enzymes involved in Lipid II biogenesis. The synthesis of 
Lipid II starts in the cytoplasm, with the synthesis and dephosphorylation of the 
undecaprenyl pyrophosphate, and completes within the cytoplasmic membrane where 
the MurNAc-GlcNAc-peptapeptide moiety is attached to the lipid carrier by the successive 
actions of two enzymes, MraY and MurG [34]. Given the importance of Lipid II for the 
bacterium, and its relatively high accessibility after it has been transported to the outer 
monolayer of the plasma membrane, it is not surprising that nature has developed a 
group of Lipid II-specific antibiotics such as vancomycin, the lantibiotics, human 
invertebrate defensins, and teixobactin [36].  Moreover, in principle all enzymes involved 
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in Lipid II synthesis are possible targets for (new) antibacterial compounds including MurG 
and MraY mentioned above, which are discussed in further detail in the following chapters. 
 
3.2. Penicillin binding proteins 
 
Peptidoglycan synthesis, at the terminal stage after Lipid II is flipped to the outside of the 
cytoplasmic membrane, requires glycosyltransferases (GTases) to polymerize the glycan 
strands and transpeptidases (TPases) to form cross-links through peptide bonds of the 
precursors [37]. Depending on the bacteria species, different GTases and TPases are 
present to perform these essential functions. Taking E. coli as an example, the bifunctional 
GTase/TPases penicillin binding proteins 1A and 1B are responsible for the peptidoglycan 
synthesis activity, and the cell needs at least one of them to survive [38,39]. Virtually all β-
lactams including penicillins, carbapenems, and cephalosporins bind to the PBPs [40].  

PBPs are generally divided into high molecular weight (HMW) and low molecular 
weight (LMW) groups. The HMW PBPs are also subdivided into Class A and Class B. Class A 
PBPs have an N-terminal glycosyltransferase domain and a C-terminal transpeptidase 
domain, hence this class of PBPs is also called the bifunctional PBPs. The most studied 
example of this class is PBP1B from E. coli. This protein has three domains namely the 
functional transpeptidase (TP) and transglycosylase (TG) domains, and a structural UB2H 
domain to connect the other two [41]. The TP domain is the target of some major classes 
of antibiotics such as the β-lactams and vancomycin. The TG domain is the target of 
meonomycin, a natural TG inhibitor produced by Streptomyces. Class B PBPs only have the 
transpeptidase domain. The LMW PBPs have generally D,D-carboxytranspeptidase activity 
and are responsible in regulating the numbers of cross-links in the PG.  

Not all PBPs are present in all bacteria, different bacterial species have their unique 
sets of PBPs. The most known PBPs include PBP1A, PBP1B in E. coli for their functions in 
bacterial cell growth and elongation, and PBP2A in Methicillin resistant Staphylococcus 
aureus (MRSA) for its role in resistance.  
 
3.3. Lipoprotein biogenesis 

 
Bacterial lipoproteins, a group of membrane proteins, are another major components of 
the bacterial cell envelope with many different functions including cell growth, division, 
and virulence. In Gram-negative bacteria for instance, BamD (YfiO) [42] is a component of 
the aforementioned BAM complex; LolB [43] is part of the Lol complex that translocase 
other lipoproteins from the cytoplasmic membrane to the outer membrane; LptE (RlpB) 
[44,45] plays a role in the localization of lipopolysaccharides to the cell surface; LpoA and 
LpoB [46-48] form a complex with PBP1A and PBP1B, respectively, to activate 
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peptidoglycan synthesis; Braun’s lipoprotein Lpp [49] stabilizes the outer membrane by 
anchoring it to the peptidoglycan. And in many Gram-positive pathogens, the presence of 
lipoproteins is essential for virulence. For example, PsaA is found to be involved in 
multiple infections caused by Streptococcus pneumonia. PstS-1, LpqH, LprG, and LprA [50] 
are discovered to be responsible for inducing either immunosuppressive responses and/or 
humoral responses during Mycobacterium tuberculosis infections. 

Although functionally diverse, lipoproteins are a group of hydrophilic proteins with a 
conserved N-terminal lipid-modified cysteine residue that allows anchoring onto bacterial 
cell membranes. Moreover, the lipoprotein biogenesis pathway involves different 
enzymes such as Lgt, LspA, and Lnt [49]. These enzymes were also found essential for the 
viability of bacteria, especially the Gram-negative species [51]. Although lipoprotein 
biogenesis is an important pathway in bacterial physiology, the potential of the involved 
enzymes being drug targets are still under-developed. The only antibiotic compound 
available is globomycin, which targets LspA. In this thesis, a screening assay targeting the 
lipoprotein biogenesis pathway is being described.  

4. Scope of this thesis 

The primary scope of this thesis involves several important components of the bacterial 
cell envelope structure, namely the peptidoglycan biosynthesis pathway and the 
lipoprotein biogenesis pathway, with a focus on membrane related proteins and the final 
goal of developing useful in vivo assays for antibacterial compounds screening.  

The thesis has two general focuses, Chapters 2-4 deal with the membrane steps of 
peptidoglycan synthesis. In Chapter 2, the role of the phospho-MurNAc-pentapeptide 
transferase (MraY) and GlcNAc translocase (MurG) in peptidoglycan synthesis pathway is 
reviewed. The current literature on MraY and MurG structures and functions are 
summarized and the potential of MraY and MurG being targets of novel antibiotics is 
presented. The emphasis is then given to MraY. In Chapter 3 the structure and function 
relationship of MraY is presented through kinetics and docking studies. The 
interdependency of Km values of MraY for its nucleotide substrate UMpp and the lipid 
substrate was revealed. Structural models of Bacillus subtilis MraY were built based on the 
crystal structure of MraY from Aquifex aeolicus. Focusing on the lipid substrate of MraY, a 
novel enzymatic mechanism of MraY is put forward, which involves an essential histidine 
residue in the loop connecting TM8 and TM9. Implications of possibilities to synthesize 
isoprenyl phosphate analogues to block the phosphate binding arose from these findings. 
The isolation of MraY, as an alpha-helical membrane protein, has always been under 
further exploration and optimization although a detergent system was developed [29]. 
Scientists continuously seek more stable and reliable methods to express and purify such 
proteins. Moreover the role of native lipids for membrane proteins is often neglected 
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when detergent is used. There is no proof that the kinetics of a membrane protein in its 
purified form embedded in detergent micelles can truly represent the native condition. In 
view of this, we turned to the styrene maleic acid copolymer to isolate BsMraY. This 
copolymer is previously described as an ideal method for detergent-free protein isolation 
that preserves the native lipid environment [52-54]. The experiments and results are 
presented in details in Chapter 4.  

Different from the aforementioned chapters, Chapter 5 is centered on a completely 
different subject that yet falls within the same big picture, namely targeting the bacterial 
cell envelope. We have touched the importance of the outer membrane of Gram-negative 
bacteria in this general introduction as well as in Chapter 2 owing to some essential outer 
membrane proteins and membrane bound lipoproteins. The study presented in Chapter 5 
is based on the initiative of developing a screening assay that detects defects in the 
lipoprotein biogenesis pathway. Inspired by the study by Ozawa et al. [55] on the protein 
splicing approach to detect mitochondrial protein localization, an idea of identifying the 
correct localization of mature lipoprotein to the outer membrane of E. coli using split 
fluorescent probe was conceived. Split SNAP-tag system, which has been previously used 
to track protein-protein interaction in mammalian cells [56,57], was used for the first time 
in bacterial cells to detect protein localization. The preliminary results from this project 
constitutes the content of Chapter 5.  

As bacteria keep developing new resistance mechanism to circumvent attacks from 
antibiotics, new methodologies other than antibiotics are of high interest as well. Such an 
example is reviewed in Chapter 6, namely the antibacterial photodynamic therapy (APDT). 
APDT is based on the photosensitization of bacteria with exogenous compounds referred 
to as photosensitizers (PSs). Cell death is subsequently triggered by lethal oxidative stress 
that is induced by irradiation of the infected area with light of a resonant wavelength, 
typically in the visible wavelength range (400-700 nm). This new approach is highly potent 
since it targets multiple sites simultaneously and it is improbable for bacteria to develop 
resistance against APDT [58,59]. Chapter 6 summarizes the current development and 
provides future outlook of this research field.  

Finally in Chapter 7, the obtained results from the preceding chapters are 
summarized and discussed.   
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Chapter 2  
 

The membrane steps of bacterial cell wall 
synthesis as antibiotic targets 
 
 
 
 
 
 
Abstract  
 
Peptidoglycan, as a major component of the bacterial cell envelope of virtually all bacteria, 
not only supports the bacterial structural strength as its cell wall, it also acts as a selective 
sieve for molecules from the outer environment. Bacterial cell wall synthesis is one of the 
most important biogenesis pathways of bacteria, and has been extensively studied for the 
past few decades. The pathway starts in the cytoplasm, continues in the membrane, and 
eventually finishes in the periplasmic space. Many proteins involved in this pathway, such 
as the Mur enzymes and the penicillin binding proteins (PBPs) have been studied and 
reviewed as highly potential targets for antibiotics. The present review will focus on the 
membrane steps of peptidoglycan precursor synthesis that involves two enzymes, namely 
MraY and MurG, the inhibition mechanism, and inhibitors against these enzymes. 
Overview is also given on the challenges to target these two cytoplasmic membrane 
(associated) proteins in bacterial cells and the perspectives in how to overcome these.   

 
 
 
 
 
 
 
 
 
This chapter is prepared as an invited review for the special issue “Bacterial Cell Wall as 
Antimicrobial Target” of the journal Antibiotics. 



Chapter 2 

22 

1. Introduction  
 
Bacteria often survive stressful environments and develop resistance against various 
antibacterial reagent rapidly. This ability of bacteria has caused serious problems to the 
public health. The peptidoglycan layer that resides in almost all bacteria maintains the 
structural strength and provides a protective barrier for the cellular content of bacteria 
from the outside [1]. The Peptidoglycan layer is composed of polysaccharides with 
alternating N-acetylglucosamine (GlcNAc) and N-acetylmuramic acid (MurNAc) sugar 
groups. A pentapeptide, typically with a sequence of L-Ala-γ-D-Glu-L-lysine (-meso-
diaminopimelic acid)-D-Ala-D-Ala [2]. Peptidoglycan synthesis occurs in three distinctive 
compartments of bacteria, namely the cytoplasm, the cytoplasmic membrane, and the 
periplasmic space [3]. It starts in the cytoplasm, where the nucleotide precursors i.e. UDP-
GlcNAc is synthesized from fructose-6-phosphate by the Glm enzymes [4] and UDP-N-
acetylmuramic acid-pentapeptide (UDP-Mpp) is synthesized by the Mur enzymes (MurC, 
MurD, MurE and MurF) [5] from UDP-GlcNAc. The membrane embedded undecaprenyl-
phosphate precursor is also synthesized in the cytosol. This is performed by undecaprenyl 
pyrophosphate synthase (UppS) catalyzing the consecutive condensation reactions of a 
farnesyl pyrophosphate (FPP) with eight isopentenyl pyrophosphates (IPP), in which 
new cis-double bonds are formed. The resulting undecaprenyl pyrophosphate (C55-PP) is 
dephosphorylated by undecaprenyl pyrophosphate phosphatase (UppP) to produce 
undecaprenyl phosphate (C55-P) [6]. UDP-Mpp and C55-P are the two substrates of the 
integral membrane enzyme phospho-MurNAc-pentapeptide translocase (MraY). MraY 
catalyzes the first membrane step of peptidoglycan synthesis by transferring the phospho-
MurNAc-pentapeptide moiety from UDP-Mpp to C55-P, and yields uridine-
monophosphate (UMP) and undecaprenyl-p-p-MurNAc-pentapeptide, the so-called Lipid I 
[7].  Thereafter a glycosyltransferase, MurG, transfers a GlcNAc moiety from UDP-GlcNAc 
to Lipid I and produces undecaprenyl-p-p-MurNAc-pentapeptide-GlcNAc, also known as 
Lipid II. Subsequently, Lipid II is transported by a flippase [8-11] from the inner side of the 
membrane to the outer side where polymerization into peptidoglycan layer takes place. 
The responsible proteins at this stage are the extensively studied bifunctional penicillin 
binding proteins (PBPs), e.g. PBP1A and PBP1B of Gram-negative Escherichia coli [12], 
PBP4 of Gram-positive Listeria monocytogenes [13]. The transglycosylase domain of the 
PBPs polymerize the sugar moieties of Lipid II into the glycan strands, whereas the 
transpeptidase domain link the peptides to form a network. These actions ultimately 
result in the peptidoglycan layer that is responsible for the shape and rigidity of bacteria 
[14]. 

Destruction of the peptidoglycan layer causes the cells to lyse and leads to 
bacterial death. Some most successful and widely used antibiotics such as vancomycin 
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[15,16], β-lactam, and glycopeptide antibiotics [17-19] target the peptidoglycan synthesis 
pathway. Although extensively studied, this pathway still provides possibilities to be 
exploited for novel antibacterial compounds screening and development. To further study 
the peptidoglycan biogenesis not only brings us closer to the understanding of bacterial 
physiology but also helps us to respond and counter quickly to the ever emerging multi-
drug resistance problem of bacterial pathogens.  

Several reviews have been published dealing with different stages of 
peptidoglycan biogenesis, the present review is aimed at focusing on the membrane steps 
of this pathway, summarizing the recent advances in the research of structure, function, 
inhibition mechanisms, and the attempts to develop inhibitors of the essential enzymes, 
MraY and MurG. Extensive reviews dealing with similar topics such as MraY inhibitors and 
peptidoglycan lipid intermediates have been previously published by different groups in  
2006 [20] and 2007 [2], the present review therefore focuses on the advances that were 
made thereafter with brief introduction and overview of the earlier knowledge.  

 

                         Figure 1. Membrane steps of bacterial peptidoglycan synthesis pathway. 
 
2. MraY    
 
The discovery of phospho-MurNAc-pentapeptide translocase (MraY) and its function can 
be dated back to 1965 when the first active membrane fraction was prepared that could 
successfully produce Lipid I (Figure 1) [21]. For a long time the enzyme that was 
responsible for the production of Lipid I was often referred to as translocase I until 1991 
when the mraY gene from E. coli was identified [22].  
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2.1. Biochemical characterization of MraY 
 
In depth biochemical analysis of protein function relies on the overexpression and 
purification of the protein in question in a manner that keeps its enzymatic activity 
undisturbed. Early studies on MraY relied on crude membrane preparations of MraY 
because production as well as detailed investigations of the biochemical properties of 
MraY had been long held back by the hydrophobic nature of this enzyme. For example, a 
method of overexpressing E. coli MraY and solubilize the membranes using Triton X-100 
was reported [23,24]. It was reported that the protein was produced at a concentration of 
4 mg/ml but it did not undergo a purification step. Using these protein enriched 
membrane preparations, the binding mode of several MraY inhibitors, such as 
mureidomycin A, tunicamycin, and lipodomycin B (see section 2.3), were studied [23].  

The purification of the Gram-positive Bacillus subtilis MraY (BsMraY) to 
homogeneity in milligram range (from 5 L cell culture) was first achieved by using an n-
dodecyl-β-D-maltoside (DDM) detergent system [25]. In this study, different detergent 
systems were tested for their impact on the MraY activity, the ionic detergent with low 
aggregation number i.e. N-lauroyl sarcosine was identified as the best detergent for a 
Lipid I synthesis assay using radio labeled UDP-MurNAc-[14C]pentapeptide. The 
establishment of the purification method for BsMraY allowed the kinetics study of BsMraY. 
The Km value of BsMraY was obtained by varying the concentration of one substrate while 
keeping the other at a fixed value. It was reported that the Km values of pure BsMraY for 
its substrates UDP-Mpp and C55-P were 1.0 ± 0.3 and 0.16 ± 0.08 mM, respectively. The 
catalytic constant Kcat was 320 ± 34 min–1. This result was later challenged by another 
study [26], which reported that the Km value of pure BsMraY for UDP-Mpp was 36.2 ± 3.6 
µM. The major difference between these two studies is the concentration of C55-P used in 
the reaction, namely 1.1 mM in [25] and 50 µM in [26]. This indicates that the 
concentration of either substrate has an impact on the other, thereby influences the true 
Km value of BsMraY. Indeed, our kinetics studies on BsMraY showed that the apparent 
affinity of either substrate to the enzyme is dependent on the concentration of the other 
(Liu et al., manuscript under review). This characteristic has been overlooked by the other 
published studies.  

Further investigations on the enzymatic mechanism of BsMraY were carried out 
by creating single mutants of invariant or highly conserved polar residues (all in the 
cytoplasmic loops) using site-directed mutagenesis followed by detailed analysis of the 
mutant proteins [27]. The importance of highly conserved aspartate residues, namely D98 
and D99 in BsMraY (corresponding to D115 and D116 in EcMraY), were addressed in this 
study. It was the first time that MraY catalysis was studied with purified enzyme, both the 
wild type and its mutants, without interference of other contaminant enzymes or traces of 
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C55-P in a membrane preparation. Fourteen single mutants leading to significant loss of 
activity revealed the involvement of these residues in the catalytic role of MraY. However, 
it was also observed that these mutants did not impair the binding of MraY to its 
nucleotide substrate, UDP-Mpp. The authors also proposed the involvement of D98 in 
deprotonation of the lipid substrate, C55-P, due to the clear influence of pH on the D98N 
mutant as this mutant showed maximum activity at pH 9.0-9.4 where the wild-type 
worked optimal at pH 7.6. It is worth noting that in this study, the kinetic values of BsMraY 
and its mutants were obtained by varying UDP-Mpp concentration between 3 and 6 mM 
while keeping C55-P at 1.1 mM. These concentrations are very high compared to our own 
kinetic data (Liu et al., manuscript under review). The kcat value of the H289R mutant 
reported in this study decreased by 3 orders of magnitude. However in our own studies, 
the H289R mutant suffered a complete activity loss.   

In comparison to the success of purifying the Gram-positive BsMraY, the 
production and purification of MraY from any Gram-negative species was more 
challenging. A cell-free overexpression system coupled with detergent solubilization 
dramatically increased the yield of E. coli MraY (EcMraY) as the protein was obtained in 
milligram range from just a few milliliters of reaction volumes, similar to BsMraY 
[26,28,29]. However, EcMraY was found intolerant to the use of any detergent as 
aggregates were easily formed and the purified protein was completely inactive [29]. With 
the cell-free expression system, the importance of lipid composition to EcMraY 
functionality could be revealed. It was discovered that the activity of EcMraY is highly 
dependent on the presence of specific phospholipids [26]. Anionic lipids with 
phosphoglycerol head groups such as phosphatidylglycerol (with varying acyl chains) and 
cardiolipin were shown to be essential for the functionality of EcMraY [30]. Interestingly, 
research dated back to 1972 [31] already proposed that complex lipids, i.e. neutral and 
polar lipids were required for the activity of Micrococcus luteus MraY solubilized by Triton 
X-100. The requirement of lipids, however, differed for the Lipid I synthesis and the 
exchange reaction between UMP and UDP-Mpp, as a polar lipid was only required for 
Lipid I synthesis but not for the exchange reaction [31]. The exact reason for this remained 
unclear as the catalytic mechanism of MraY was not established due to lack of structural 
information. However, according to our recent observations (Liu et al., manuscript under 
review) such an exchange reaction between UMP and UDP-Mpp does not occur unless 
C55-P is present and the previously suggested covalent enzyme-substrate intermediate, 
MraY-phospho-MurNAc-Mpp , is questionable [32]. In that study where it was claimed 
that an intermediate was trapped in the reaction mixture without addition of 
undecaprenyl phosphate, an E. coli membrane preparation was used instead of pure MraY 
enzyme, therefore presence of low amount of C55-P cannot be excluded.    
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2.2. Structural characterization of MraY 
 
There was almost a 20-year gap between the discovery of the MraY enzyme (from 
Staphylococcus aureus) [33] in 1973 and the elucidation of the exact sequence of this 
protein (from E. coli) [22] in 1991. Alternating hydrophobic and hydrophilic fragments of 
amino acid sequences in MraY indicated that the enzyme spans the cytoplasmic 
membrane several times [22]. The topology of MraY from two different species, namely 
the Gram-positive Staphylococcus aureus and the Gram-negative E. coli was has been 
reported so far [34]. Beta-lactamase fusions to different domains of MraY were 
constructed and expressed in E. coli DH5α cells. The resistance or sensitivity of the cells 
expressing different hybrids to ampicillin revealed the orientation of the different domains 
of MraY. It became clear that MraY has 10 transmembrane domains and both its N- and C-
termini are located in the periplasm regardless of which species (Figure 2). Since the Lipid I 
precursors are synthesized in the cytoplasm, logically the active sites of MraY are exposed 
to the cytoplasm as well. It was proposed that cytosolic loops II, III, and IV are responsible 
for the binding to UDP-Mpp as they contained highly conserved residues that are common 
for the polyprenyl-phosphate N-acetyl hexosamine 1-phosphate transferases (PNPT) super 
family while loop I and V were likely involved in interaction with other proteins of the 
peptidoglycan synthesis pathway given that the sequences were strictly specific to MraY 
orthologues.   

As briefly mentioned in the previous section, a number of conserved residues 
distributed all over the cytoplasmic loops of MraY were proven to be catalytically 
important taking BsMraY as a model (D98, D99, K116, N171, D174, D231, H289 and H290) 
(Figure 2) [27]. This suggests that all the cytoplasmic loops are involved in maintaining the 
UDP-Mpp in an efficient configuration for catalysis. Two catalytic models were proposed 
solely based on biochemical investigations, one being a two-step model in which MraY-p-
MurNAc-pentapeptide intermediate was formed very rapidly to account for an exchange 
reaction [36,37], the other being a one-step model that involves a direct attack of the 
phosphate oxyanion onto UDP-Mpp [27]. All these speculations lacked experimental 
support since there was no 3-D structure of any MraY species or even any member of the 
PNPT super family available. Many unanswered questions remained regarding how the 
other important residues affect the substrates binding and the catalytic process of MraY. 
Until recently, Chung and his co-workers [7] reported the crystal structure of MraY from 
Aquifex aeolicus (AaMraY) at 3.3-Å resolution. Although from a different species, this 
crystal structure is in agreement with the previously reported topology of EcMraY, SaMraY, 
and BsMraY as both N- and C-termini were exposed to the periplasm. They also showed 
that AaMraY was crystalized as a dimer, and a large tunnel formed by the helices of the 
dimer interface could facilitate positioning of large lipids.  Moreover, a cleft formed by the  
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Figure 2.  Topology maps of MraY from B. subtilis. Highly conserved residues (D98, D99, K116, N171, 
D174, D231, H289 and H290) are highlighted in pink. The figure is rendered with Protter webservice 
[35]. Topology of other MraY species can be found in the supplementary information. 
 
cytoplasmic and inner-leaflet regions of transmembrane helices 3, 4, 5, 8, and 9b was 
suggested to be the active site of AaMraY. The cleft is deepened by the amphipathic helix 
TM9b protruding towards the lipid membrane, which is connected with a highly conserved 
HHH motif (amino acid sequence: PXHHHXEXXG) in the fifth cytoplasmic loop, pointing 
towards the region where Mg2+ is bound (Figure 3). Mg2+ is known as an MraY co-factor, as 
the activity of MraY is highly dependent on the presence of Mg2+. Mg2+ binds closely to 
D265 (Figure 3), which is a catalytic residue corresponding to D265 of BsMraY, D267 of 
EcMraY, and D229 of SaMraY (Figure 2). Taken together, it was suggested that the cleft is 
the essential binding site for the nucleotide substrate, UDP-Mpp. Their mutagenesis 
studies showed the importance of D117 (corresponding to D98 in BsMraY and D115 in 
EcMraY) in binding to the lipid substrate, C55-P. Based on these findings, this study 
supported the proposal that D117 deprotonates the phosphate moiety of C55-P allowing a 
direct nucleophile attack on UDP-Mpp. These evidences point towards the higher 
likelihood of a one-step MraY catalysis instead of a two-step mechanism. The authors 
predicted that C55-P with the long lipid chain (longer than the membrane thickness) 
needs to bend sharply to allow the phosphate moiety to reach D117, though there is no 
direct evidence how this is actually achieved. Furthermore no clear catalytic role was 
attributed to the substantially conserved H324 (corresponding to H289 in BsMraY), 
although it was proposed that 13 amino acids including the HHH motif in the cytoplasmic 
loop are unique to MraY family, and contributes to the substrate specificity towards UDP-
Mpp instead of other nucleotide substrate utilized by the other UDP-DN-
acetylhexosamine: polyprenol phosphate D-N-acetylhexosamine 1-phosphate transferases 
[38].  
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Figure 3. Close-up view of TM5 (helix shown in blue) TM9b (helix shown in cyan), the HHH motif 
(shown as rainbow sticks) in loop E, the Mg2+ (shown as an orange sphere), and the essential D265 of 
AaMraY. Image obtained and rendered with Pymol using 4J72.pdb.  
 

Moreover, the authors performed chemical cross-linking experiment on 
detergent-solubilized AaMraY and structure-guided disulfide cross-bridge experiments 
(based on cysteins) on membrane-embedded AaMraY. The experiments showed that 
AaMraY forms a dimer both in detergent micelles and in the membranes. They claimed 
that this finding is in agreement with a previous study where bacterial two-hybrid studies 
were performed in the Gram-negative Caulobacter crescentus cells [39]. However, we 
found no clear indication in the original paper of that study that would suggest this [39]. 
The fact that MraY was crystalized as a dimer and that dimerization of AaMraY was found 
in micelles and membranes was not given further explanation or analysis. It is worth 
mentioning that the Gram-positive BsMraY is devoid of cysteine residues. Whether or not 
MraY always functions as a dimer and how the oligomeric status influences the enzyme 
activity in different species requires further investigations.  
     
2.3. MraY inhibitors and inhibition mechanism  
 
MraY, as an essential component of the bacterial peptidoglycan synthesis pathway, having 
no counterparts in mammalian cells, is believed to be an ideal target for antibiotics. In 
current literature, there have been a few different classes of MraY inhibitors studied. Yet, 
none of these inhibitors have entered clinical development, to a large extent ascribed to 
the insolubility of the compounds and hence hurdles in drug delivery. The discovery of 
MraY inhibitors mostly rely on either screening assays [40,41] or synthesis of compounds 
mimicking existing (natural) MraY inhibitors such as mureidomycin A [42]. In this section, 
the methods for screening MraY inhibitors and the currently documented inhibitory 
compounds are summarized.  
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2.3.1. Method development for MraY inhibitor screening  
 
Competitive binding to MraY was believed to be the key to the discovery of novel MraY 
inhibitors. The main assays designed to explore such compounds involved the use of a 
radiolabeled UDP-Mpp or a fluorescent variant of this substrate [20,41,43-46].  
In early times, many assays required extraction of products or repeated filtration or 
washing steps that are not suitable for high throughput format [47]. In other cases, the 
assays were coupled with other enzyme activities such as MurG, transglycosylase or 
transpeptidase [44,45,48,49], and therefore not specific to MraY. The first MraY-specific 
assay [47] is a microplate-based scintillation proximity assay (SPA) using a radiolabeled 
UDP-MurNAc-[3H]-propionate-pentapeptide. Unique features of this assay include: it used 
E. coli membranes instead of purified MraY but still the assay was selective towards MraY 
inhibition as the radioactive product of the assay was identified as Lipid I and the 
substrate can be synthesized easily in large quantity. A major disadvantage, however, is 
that 3 hours incubation of the WGA-coated SPA beads was necessary to capture the 
radioactive product although the product was claimed to remain stable for up to 12 hours.  

The early assays used membrane preparations containing the lipid substrate C55-
P implying that lipid synthesis activity of other enzymes such as WecA could not be 
excluded. Also, radioactive waste disposal and equipment contamination are the general 
concerns when using a radioisotope dependent assay. Later a relatively inexpensive 
fluorescence-detection based assay was developed that could avoid the involvement of 
any radioactive compounds [40]. In this assay, using the fluorescent substrate UDP-
MurNAc-Nɛ-dansylpentapeptide (DNS-UDP-Mpp), the dansyl group is transferred to a 
hydrophobic environment upon synthesis of Lipid I resulting in a blue shift and 
concomitant enhanced intensity of the fluorescent signal. This assay was validated by 
HPLC analysis where the product (DNS-Lipid I) could be clearly separated from the 
substrate (DNS-UDP-Mpp) [40]. Furthermore, a crude enzyme preparation of EcMraY-
Enterobacter cloacae P99 β-lactamase protein fusion was used in this assay. The authors 
claimed that this protein fusion showed favorable activity over the wild-type EcMraY. In 
our opinion, however, this raises the concern whether the values determined in this assay 
represent the behavior of the MraY inhibitors in nature. IC50 values of known inhibitors e.g. 
mureidomycin B (IC50 = 0.038 µM) and synthetic riburamycin RU88110 (IC50 = 0.033 µM) 
determined by this assay were lower than those determined in an earlier cell-based assay 
that used toluene-permeabilized E. coli bacteria (0.065 µM and 0.33 µM, respectively) [50]. 
However the IC50 value of tunicamycin determined in [40] (1.9 µM) was higher than by the 
cell based assay (0.5 µM) [50]. The authors ascribed this to the difference in mode of 
action of tunicamycin (reversible) with the other two compounds (slow binding) reported 
elsewhere [23] and/or its higher affinity to MraY in a membrane environment. It is worth 
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noting that, in an early study, the MIC value of mureidomycin B was determined to be 
over 200 µg/mL (= 0.237 mM) against E. coli NIHJ JC-2 strain and its highest antibacterial 
activity was against Pseudomonas aeruginosa SANK 70579 strain with a MIC value of 
about 0.24 µM [51]. These MIC values are not comparable with the IC50 values determined 
by either the fluorescence based assay or the whole cell assay described above. This again 
pinpoints the importance of cell/membrane penetration by effective inhibitors to reach 
their targets [40,41,43,52]. 

Another group [46] developed a fluorescence resonance energy transfer (FRET) 
based assay to screen MraY inhibitors. In this assay, the FRET donor fluorophore BODIPY-
FL was attached to labeled UDP-Mpp and the FRET acceptor lipid Lissamine rhodamine B 
dipalmitoyl phosphatidylethanolamine (LRPE) was embedded in the lipid micelle mix 
containing MraY and C55-P (Figure 4). When the UDP-Mpp labeled with the FRET donor is 
mixed with the detergent micelles containing active EcMraY and C55-P, the FRET donor is 
transferred to C55-P yielding Lipid I labeled with the donor. Hence, the FRET donor and 
the acceptor are brought into close proximity yielding a FRET signal where the acceptor 
fluorescence increases when the donor fluorescence is excited. This assay used C55-P 
dissolved in detergent micelles and a membrane preparation of EcMraY. It was found that 
increase of C55-P concentration increased the sensitivity of the assay to inhibition by 
tunicamycin. This finding corresponds to the Km discrepancies of MraY between different 
studies when different C55-P concentrations were used, which is addressed as the major 
message in our own study (Liu et al., manuscript under review). This FRET assay allowed 
measurement of fluorescence intensity ratio of the donor and acceptor hence fluctuations 
in measurements that influence both the donor and acceptor fluorescence could be ruled 
out. This way the assay provided a more precise determination of percentage inhibition 
compared with the single fluorescence detection assay described above. This assay is 
highly sensitive towards UDP-Mpp competitive inhibitors and the IC50 values of 
tunicamycin determined by this assay were in nanomolar range, different than that 
determined by the other fluorescence assay described above. It should be noted that the 
in vitro scenario, where both the substrate and the enzyme are dissolved in mixed micelles, 
is incomparable with the in vivo situation where both C55-P and MraY are embedded in 
the membrane and can find each other though 2D diffusion. Therefore discrepancies 
between IC50 and MIC values can be expected. The fact that MraY has a membrane 
embedded substrate as well as a soluble nucleotide substrate makes it inherently difficult 
to design an in vitro assay that perfectly resemble the in vivo situation.   
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Figure 4. Fluorescence resonance energy transfer assay for MraY. Figure is adapted from [46].  
 
2.3.2. Small molecules that inhibit MraY activity  
 
The most well-known small molecule MraY inhibitors are the uridyl peptide antibiotics 
(UPAs), such as muraymycin, tunicamycin, mureidomycin, capuramycin, and liposidomycin 
[20,23,32,53-55]. These small molecules share a common aminoribosyl-O-uridine skeleton, 
which was believed to be essential for their inhibitory activity as it suggests that these 
compounds recognize and competitively bind to the UDP-Mpp binding sites on MraY 
[20,50,54-56]. A more detailed review can be found [20]. Here we focus on the new 
discoveries as well as brief summary of the implications and challenges in developing such 
inhibitors. 

Through detailed kinetics study, UPA inhibitors were found to act against MraY in 
different manners. Mureidomycin A is competitive with both UDP-Mpp and C55-P as the 
Km values of MraY for both substrates altered upon changing  the inhibitor concentration 
[24], tunicamycin was found to be only competitive with UDP-Mpp, liposidomycin B is 
non-competitive with UDP-Mpp [23]. It was also found that prolonged incubation of 
mureidomycin A [24] and liposidomycin B [23] with EcMraY alone did not alter the 
potency of these two inhibitors indicating that the inhibition by these two molecules is 
reversible and they are not consumed during the time of incubation, namely a slow-
binding inhibitory mechanism.   

Muraymycins (MRYs) are extensively studied UPAs and some represent 
antibacterial activity against Gram-positive pathogens such as S. aureus and Enterococcus 
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strains. MRY D2 and its epimer exhibit excellent anti-BsMraY activity with IC50 values of 
0.01 µM and 0.09 µM respectively but both compounds showed very weak antibacterial 
activity against S. aureus, E. faecalis, and E. faecium with MIC values over 64 µg/mL [56]. 
In contrary, two lipophilic analogues of MRY D2 and its epimer with long lipid side chains, 
though have IC50 values about 10-fold higher than that of MRY D2, showed excellent 
antibacterial activity against the same Gram-positive strains with MIC values between 0.5 
and 4 µg/mL [56]. Evidently, adding lipophilic side chain substituents [50,57-59] increased 
the membrane permeability of MRY analogues and thereby improved their antibacterial 
activity. Based on these findings, a more recent study aimed at expanding the use of MRY 
D2 analogues to Gram-negative bacteria taking P. aeruginosa as the model. Among all the 
compounds tested, two analogues with a long lipid side chain and a positively charged 
guanidine group significantly increased the anti-P. aeruginosa activity [60].  

How natural UPAs flip to the inner leaflet of cytoplasmic membrane and act 
against MraY as a competitive inhibitor is unsolved. It was hypothesized that MraY could 
be plastic and might undergo a conformational change upon periplasmic binding to UPAs. 
This could create a hydrophobic channel next to TM9, which may facilitate the uptake of 
these high molecular weight molecules to the cytoplasmic side, and eventually allow them 
to bind to the active sites of MraY [54]. This hypothesis is based on some findings 
regarding the inhibition of EcMraY by protein E from bacteriophage ΦX174, which will be 
discussed in more details in the next section. However, this infers that UPAs can 
specifically bind to the periplasmic loops of MraY, which seems illogical.  

Structural modification of known inhibitors provides a useful approach of 
developing novel inhibitors. An interesting example of this is the synthesis of 5′-triazole-
substituted-aminoribosyl uridines (liposidomycin, caprazamycin, or muraymycin) through 
Cu-catalyzed azide−alkyne cycloaddition [61]. The 14 molecules reported in this study 
were found with IC50 values typically between 50 and 100 µM. Follow-up investigation 
using docking models showed that the activity of the most potent inhibitors is correlated 
with the interaction with Leu191 in TM3 of AaMraY [62]. It was suggested that the 
introduction of a long lipid chain on the triazole substituent drastically improved the 
inhibitory activity. Considering the possible involvement of TM3, this lipid “anchor” may 
have helped in binding to TM3 hence locate the uridine close to the active sites of MraY. 
But, in vivo tests revealed that these molecules only showed bioactivity with MIC ranging 
between 8 and 32 µg/mL against Gram-positive bacteria including MRSA. Compared with 
the other studies on UPA-based MraY inhibitors, these two papers put forward the 
involvement of an inhibition site (Leu191 of TM3) that was overlooked before.  

Some other reports on inhibitor development through chemical synthesis are 
available but given the very high IC50 value, e.g. 580 µM of another aminoribosyl-O-uridine 
based compound, further in vivo application seems not very promising. Nevertheless, a 
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recently discovered new MraY inhibitor through compound library screening, 
michellamine B, was found with very high IC50 value (~0.5 mM against both EcMraY and 
BsMraY) and reasonable MIC value (16 µg/mL against B. subtilis) [41]. Docking studies of 
the compound to the structure of AaMraY suggested that michellamine B inhibits MraY by 
binding to a hydrophobic groove formed between TM5 and TM9 of EcMraY (sequence 
alignment with MraY from other species shown in Figure 5). The authors addressed the 
importance of some phenylalanine residues in TM5 and TM9, which are known to tighten 
TM interactions [63]. It was also suggested that the presence of the polar glutamine close 
to a crucial phenylalanine (TM5) in Staphylococcus aureus MraY (SaMraY) caused its 
insensitivity to michellamine B. These findings however, in our opinion, lack experimental 
support as no mutant of these suggested residues was made to test this. Moreover, the 
docking study was carried out using the structure of AaMraY, while the antibacterial tests 
were performed on B. subtilis, which further complicates this issue. The possibility that 
MraY from different species may have a different oligomeric states and BsMraY is not 
necessarily present as a dimer was not included. Therefore the hydrophobic groove at the 
dimer interface of AaMraY proposed as the binding site of michellamine B may not even 
exist in BsMraY.  

In summary, although some molecules show promising activity against MraY in in 
vitro tests, applying these compounds in vivo, especially against Gram-negative pathogens, 
remains a challenge because keeping the compounds at low molecular weight while 
maintaining their antibacterial activity has been troublesome. Besides, some molecules 
possess other disadvantages that have hampered their clinical development. For example, 
tunicamycin is an inhibitor of Glc-NAc-1-phosphate transferases that are present in 
mammalian cells and therefore is highly toxic for mammals [23,64,65].  
 
2.3.3. MraY inhibition by ΦX174 protein E 
 
Bacteriophages provide another therapeutic source to treat bacterial infections or 
antibiotic lead compounds. Early studies have found that protein E of a small single-
stranded DNA phage ΦX174 causes E. coli cell lysis [66]. The exact mechanism was later 
revealed that protein E interferes with MraY function in E. coli and disrupts peptidoglycan 
synthesis [67]. Interestingly, this E-mediated lysis does not occur in Gram-positive species 
[68].   
Protein E is a 91-amino acid membrane protein with one transmembrane helix with 35 
amino acids followed by a cytoplasmic domain. Both genetic and biochemical studies have 
found that the 29 amino acids from its N-terminus, which form the transmembrane 
domain of protein E, are responsible for the inhibition of MraY [66,69-72]. E is non- 
competitive  with  either  substrate  of  MraY.  Site-directed  mutagenesis  revealed  that  a  
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Figure 5. Sequence alignment of MraY from 4 different species (Ec = E. coli; Sa = S. aureus; Bs = B. 
subtilis; Aa = A. aeolicus). Some essential phenylalanine residues are indicated with an arrow. The 
positive Gln residue in S. aureus MraY is marked in red.  
 

proline at the 21 position of the TM domain of E is critical for its lytic activity, moving this 
proline along the membrane helic resulted in inability to inhibit MraY suggesting that the 
kink at position 21 in the protein E helix caused by the proline is absolutely crucial [71]. It 
is unclear which binding pocket or helix of MraY binds to E because a structural model of 
MraY bound to protein E is lacking. Genetic screening showed that Phe288 in TM9 of 
EcMraY (Phe286 on TM9 in AaMraY, Figure 5) is essential for its sensitivity towards E as a 
F288L single site mutation caused resistance against E. This phenylalanine residue is 
however missing in the E-insensitive Gram-positive BsMraY and SaMraY (Figure 5). TM9 is 
a titled helix in AaMraY structure that breaks into two helices (TM9a and TM9b) while E 
has a kink caused by a proline [7,71]. In this respect it is interesting to note that docking 
studies of protein E with EcMraY suggested that TM9 (on the dimer interface) of MraY is 
involved in the binding to protein E suggesting that this kinking of the helices may be 
important for their mutual interaction (Figure 6, Liu et al., unpublished observations). It is 
possible that MraY presents a unique configuration when bound to protein E. In addition, 
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we observed that there was no favored binding of E to the dimer interface when we tried 
to dock protein E to a structural model of BsMraY. This is an interesting observation given 
that BsMraY is insensitive to protein E. It also should be noted that it is not clear whether 
BsMraY functions as a dimer at all in vivo. The fact that E does not interact strongly with 
the Gram-positive MraY homologues remains an unresolved puzzle. Rodolis et al. [55] 
synthesized small peptides sharing a partial sequence of E and explored their inhibitory 
effectiveness against MraY homologues from both Gram-positive and -negative species. 
The authors claimed that a RWXXW motif found in E and other cationic antimicrobial 
peptides is essential for MraY inhibition. However, the small synthetic peptides reported 
in this paper all have a much lower inhibitory effect with a MIC about 10 to 20 fold higher 
than protein E or the synthetic Epep (with the first 37 amino acid residues of protein E) 

against E. coli. Another study from the same group [54] hypothesized that some UPAs, 
which show structural resemblance to the RWXXW motif, may bind to the protein E 
binding site on MraY near the periplasmic side initially before crossing the membranes 
and eventually bind to the active sites of MraY. Yet proof for this is lacking. Besides, 
protein E is synthesized in the cytoplasm of bacterial cells while the other small molecule 
inhibitors of MraY must enter the cells from outside. This can result in completely 
different mode of action in terms of how and where the molecules start binding to MraY. 
Therefore it may be far too simplified to attribute the inhibitory activity of E to a short 
peptide sequence.   

MraY remains an interesting target for antibiotic discovery and development 
although still facing many challenges with the most important hurdle being how to get the 
inhibitors across the bacterial membranes. This holds true for all the antibiotic targets that 
are present in the bacterial cytosol. In nature, the Lipid I synthesis catalyzed by MraY is 
drawn by the subsequent reaction of Lipid II synthesis, for which MurG is the responsible 
enzyme. Interestingly, these two enzymes interact as was shown by co-
immunoprecipitation experiments [73]. In the following section we will review its 

Figure 6. Cytoplasmic view of the 
docking model of protein E (the 
light blue helix) to an E. coli MraY 
structure model (modeled based 
on 4J72.pdb). The protein E helix 
binds closely to the hydrophobic 
groove formed by TM5, TM8, and 
TM9, and is bended towards the 
TM9b. Figure is rendered with 
Pymol. 
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discovery, characterization and the advances made in inhibiting this important bacterial 
enzyme. 
 
3. MurG 
 
The murG gene was first found as a gene that is possibly involved in the cell envelope 
biogenesis and in particular, peptidoglycan metabolism [74]. Later it was identified that 
murG codes for an N-acetylglucosamine (GlcNAc) transferase, from then on referred to as 
MurG [75]. This enzyme belongs to the glycosyltransferase family, catalyzes an irreversible 
essential step on the membrane after MraY. MurG attaches the GlcNAc from UDP-GlcNAc 
to Lipid I and produces Lipid II [76]. MurG is an essential enzyme and conserved among 
almost all bacterial species, which makes MurG a great target for novel antibiotics. 
However, MurG is a paradigm for glycosyltransferases that are present in vast majority of 
both prokaryotic and eukaryotic cells. This implies that only inhibitors that are competitive 
with Lipid I binding bear the potential of further clinical development. The structural 
information regarding the substrate selectivity and the inhibition mechanism of MurG will 
be further elaborated in the following sections.  
 
3.1. Biochemical characterization of MurG  
 
An early study proved that E. coli MurG (EcMurG) is a membrane associated protein [75]. 
Later it was reported that EcMurG is exposed to the cytoplasm of E. coli by showing that 
the enzyme in spheroplasts was insensitive to trypsin treatment [77]. With these 
knowledge combined, it could be concluded that MurG is peripherally associated to the 
inner leaflet of the cytoplasmic membrane.  

The production and purification of MurG was much easier compared with the 
membrane-embedded MraY. Crouvoisier described a purification of EcMurG to greater 
than 80% yield using immobilized affinity beads [78]. N-terminally His-tagged MurG 
showed higher yield and purity compared to wild-type or C-terminally His-tagged MurG. 
The authors concluded that MurG is a peripheral membrane protein according to a few 
criteria: partial solubilization by salt treatments, purification without detergent, 
localization on the inner side of the cytoplasmic membrane, a cationic theoretical pI value 
of 9.7, and a lack of significant hydrophobic regions in its amino acid sequence. It was yet 
unknown how exactly MurG associates with the bacterial membrane.  

Previously MurG was believed to be challenging to study from the enzymology 
perspective, because the lipid substrate Lipid I exists in very little amount naturally in 
bacterial cells [44]. A series of soluble Lipid I analogues were used to determine EcMurG 
activity and kinetics in a biotin-capture assay (Figure 7) [79]. In this assay, a radio labeled 
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UDP-(14C)-GlcNAc and a functional biotinylated GlcNAc acceptor analogue of Lipid I were 
incubated together with cell lysate enriched in MurG enzyme for a period of time. The 
reaction was quenched by adding SDS to a final concentration of 0.33%.  Radioactivity was 
captured by an avidin-derivatized resin and counted after the unbound radioactivity was 
washed away.  

 
                  Figure 7. Schematic illustration of Biotin-Capture assay for MurG activity [79].   

 

Production of pure MurG without the need of using detergent [78] led to 
speculation that MurG activity did not require membranes and could be assayed with 
soluble substrates instead of the natural long chain Lipid I [76]. The authors developed a 
fluorescence assay for MurG coupled with pyruvate kinase activity, which measures the 
decrease of fluorescence signal from NADH (Figure 8). This study revealed that MurG 
accepted soluble substrates with short chains (2 prenyl units long) and preferred 
substrates that have a cis-allylic double bond. These findings built the foundation of using 
synthetic soluble substrates (Lipid I mimics) to assay MurG activity. It should be noted that 
in such a reaction system where MurG is not associated with any membranes unlike its 
natural status. This will require that the Lipid I substrate finds the enzyme only via three-
dimensional diffusion. While in vivo, both MurG and its substrate Lipid I are membrane, 
and hence are able to use the much more effective two-dimensional diffusion [80].  

Later, it was reported that lipid vesicles enriched in the negatively charged 
cardiolipin co-purified with EcMurG and the presence of cardiolipin also enhanced MurG 
activity [81]. This study provided the first direct evidence that MurG was linked to the 
cytoplasmic membrane by direct interaction with lipids and preferably with cardiolipin.   

Except for the (natural) polyisoprenyl-bound Lipid I mentioned above, it was also 
reported that the saturated C14 alkyl-Lipid I was a substrate of MurG, which was even the 
best performing analog in this study [82]. Nevertheless both studies were in agreement 
that MurG prefers shorter Lipid I analogues than its natural Lipid I substrate in an in vitro 
set-up, possibly due to solubility problems because of the long lipid chains and the 3D 
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diffusion mode in vitro instead of the 2D diffusion mode in vivo [80]. This is the first assay 
for MurG that did not rely on end point measurement or any radioisotope.  

 
             Figure 8. Fluorescence coupled assay for MurG. Figure is adapted from [76]. 

3.2. Structural characterization of MurG 

Soon after the first report on its purification, the crystal structure of EcMurG at 1.9 Å (PDB 
ID: 1F0K) was solved [83]. The crystal structure revealed two major domains of MurG and 
a hydrophobic cleft formed in between the domains. Although with low homology, the 
two domains of MurG are structurally similar. Both domains have Rossman-like folds, 
which is typical for nucleotide binding domains [84,85]. In particular, the C-domain of 
EcMurG shares significant structural homology with the C-domain of phage T4 β- 
glucosyltransferase (BGT) containing a UDP binding pocket. For this reason, the authors 
suggested that the C-domain of MurG is the binding site of UDP-GlcNAc, which is 
responsible for the transfer of the GlcNAc moiety to Lipid I. Moreover, the authors 
proposed that MurG is associated with the negatively charged bacterial membrane via a 
hydrophobic patch surrounded by basic residues through hydrophobic and electrostatic 
interactions, which inspired the later finding that MurG associates the membrane 
preferably via cardiolipin described in section 3.1 [81].  

The subsequently published co-crystal structure of EcMurG with UDP-GlcNAc 
(PDB ID: 1NLM) [86] confirmed that UDP-GlcNAc binds tightly to the C-domain. Moreover, 
substrate specificity studies revealed that EcMurG is highly selective to the nucleotide 
attached to its donor sugar substrate unlike most other GTases that do not discriminate 
between UDP and TDP [87]. EcMurG showed no activity when TDP-GlcNAc was used as 
substrate [86].  The affinity of MurG to other nucleotide diphosphate such as CDP, ADP, 
GDP is at least 10 times lower than to UDP [79]. This substrate specificity seems to be 
sufficient for developing inhibitors that target the UDP-binding site on MurG.  
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Many conserved residues of MurG are located in between the two major 
domains situated in the cleft. Crouvoisier et al. [88] aligned over 70 MurG orthologues 
from different bacterial species and performed site-directed mutagenesis to explore the 
functional significance of those conserved residues. Their studies have identified 13 
residues located near the cleft that are somehow important for MurG’s activity. The 
mutation of these amino acids into alanine has either caused significant loss of MurG 
activity or resulted in a highly unstable protein.  

Figure 9. E. coli MurG structure. (A) The complete view of E. coli MurG, N-domain in blue, C-domain 
in green. The cleft in between the two domains is indicated by an arrow. (B) A close-up view of the 
cleft between the N- and C-domains of MurG. Residues T16 (pink), H19 (yellow), and Y106 (red) are 
shown as sticks. The proposed Lipid I binding site is indicated by an arrow. Image was obtained and 
rendered using Pymol.  

The different MurG homologues have moderate sequential homology while their 
structural homology is thought to be high among different species that make 
peptidoglycan. This was proven when the structure of P. aeruginosa MurG (PaMurG) 
bound to UDP-GlcNAc was solved by a different group [89]. Although the sequence 
homology between these two MurG homologues was only 45%, the structures and the 
mode of binding to the donor substrate are highly similar. The authors addressed that one 
major difference between the structures was that the N-domain of E. coli MurG was 
swinging further away from the C-domain causing the cleft between the two domains to 
be larger than that of PaMurG. For EcMurG, UDP-GlcNAc is situated closely to the cleft, 
which is not large enough to facilitate TDP-GlcNAc. An even narrower cleft in PaMurG 
confirms the substrate specificity regarding the nucleotide but this knowledge does not 
seem to add any other significance since EcMurG already has a sufficiently narrow cleft 
that facilitates only specific binding to UDP other than other nucleotide or nucleoside 
substrate. In the structure of PaMurG, H15 (equivalent of H19 in EcMurG) is present as 
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well. This residue not only is positioned very close to the bound UDP-GlcNAc but also 
points towards the proposed Lipid I binding site (Figure 9B). This indicates the importance 
of this histidine residue in coupling the donor sugar to the acceptor Lipid I. To date, there 
is no crystal structure of MurG (from any bacterial species) bound with to Lipid I available. 
This is essential for understanding the exact mode of action of the enzyme.  
 
3.3. MurG inhibitors 

The discovery of selective MurG inhibitors typically has relied on two approaches. One 
approach is to synthesize UDP-GlcNAc mimicking compounds by either elaborate the 
nucleotide group with other structures or to use existent inhibitors as scaffold to design 
similar molecules. The alternative approach relies on screening of a compound library to 
generate leads that can competitively bind to MurG using an assay that exploits the 
purified enzyme [86,90,91]. The compounds discovered through this channel require 
further modification to avoid two scenarios: (1) binding to other glycosyltransferases that 
are also present in eukaryotic cells; (2) poor penetration of the bacterial cells.  

Since the MurG-UDP-GlcNAc structure was elucidated, the same group continued 
with screening for competitive inhibitors among UDP-GlcNAc mimicking compounds [91]. 
The ligand-bound MurG structure revealed that the methyl of the N-acyl group of UDP-
GlcNAc was exposed to the solvent system, which leads to the anticipation that 
modification of this group will not affect binding of UDP-GlcNAc to MurG. A fluorescently 
labeled UDP-GlcNAc was made based on this hypothesis. It was validated that the 
fluorescent modification did not block the substrate binding but only slowed it down. The 
fluorescence decreased when the binding was inhibited by addition of MurG inhibitors as 
the substrate was displaced from MurG. A high throughput screening based on the 
substrate displacement was established. Using this method, the authors screened 64,000 
molecules that came from a variety of compound libraries and less than 0.6% of the 
molecules were found as hits. To validate the selectivity, kinetics assays as described in 
section 3.1 (Figure 7) were used, and eventually 7 compounds were identified as selective 
MurG inhibitors with IC50 values ranged between 1 and 7 µM. However, all 7 compounds 
showed inhibitory effect against another glycosyltransferase GtfB (structurally related to 
MurG), with 2-10 folds higher IC50 values. This exemplifies that the UDP-binding site is 
after all not a good target for inhibitors despite MurG’s specificity for UDP-GlcNAc over 
TDP-GlcNAc we mentioned earlier. It can be concluded that the substrate displacement 
assay is only efficient for identifying hit compounds. Inhibitor selectivity must be verified 
using another assay that is specifically designed for MurG. However, such specificity will 
have to reply on blocking the binding of Lipid I to MurG.   

Another assay worth mentioning is based on a dansylated Lipid I analogue 
(MurNAc(Nε-dansylpentapeptide)-pyrophosphoryl (R, S)-α-dihydroheptaprenol, C35-Lipid 
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I) and a radiolabeled UDP-(14C)-GlcNAc [92]. The radioactive substrate and product were 
separated by paper chromatography and detected by HPLC. Although this assay was 
proven rapid and specific to MurG, the authors could not separate the product Lipid II 
from the substrate Lipid I based on the dansyl fluorescent label. This assay therefore could 
not be optimized to a high throughput format. Nevertheless, this study showed for the 
first time that, via observations of transfer of radiolabel, a reverse reaction from Lipid II 
and UDP to UDP-GlcNAc can happen at very low rate.  

Several MraY-MurG coupled assays were also made available to discover lead 
compounds that can inhibit either or both enzymes in vitro [44,45,48,49]. Besides a higher 
efficiency in finding useful leads, the other advantage of such an assay is that there is no 
need to synthesize Lipid I analogues prior to the assay and thereby lower the cost.    

It was reported that a vancomycin derivative with N-chlorobiphenyl-N-methyl 
leucine was a potent inhibitor of MurG in vitro [82]. Meonomycin, a known antibiotic to 
interfere with the function of the transglycosylase domain of PBP1B [93], was also found 
to inhibit MurG. However, neither vancomycin nor moenomycin inhibits MurG in vivo as 
neither could penetrate the bacterial membranes therefore do not encounter MurG [82].  

The most recently found inhibitor of MurG is a narrow-spectrum compound 
named murgocil [94]. While screening for antibacterial compounds that inactivate MRSA 
(methicillin resistant S. aureus), a steroid-like molecule murgocil was identified to 
specifically bind to MurG. An in vitro assay showed that Lipid II synthesis was inhibited by 
murgocil in a dose-dependent manner. Interestingly, the bioactivity of murgocil against 
Staphylococci (MIC = 2-4 µg/mL) was considerably lower than its in vitro activity against 
purified S. aureus MurG (IC50 = 115 µM ≈ 51 µg/mL). Through collective evidences based 
on in vitro, in vivo, and docking studies, the authors pointed out that murgocil inhibits 
peptidoglycan synthesis more efficiently in whole cells, and it had a synergistic activity 
with a β-lactam partially by delocalizing PBP2 from the division septum during 
peptidoglycan synthesis. The binding site of murgocil to MurG was revealed by several 
murgocil resistant staphylococci of which the resistance could be mapped in the 
previously mentioned cleft region between the N and C-domains of MurG. Docking studies 
confirmed that murgocil can bind to this cleft of MurG and this makes that the enzyme is 
locked in a nonflexible conformation. The significantly higher IC50 value of murgocil is likely 
ascribed to that the in vitro situation does not sufficiently reflects the complexity of the 
peptidoglycan biogenesis in vivo. In the native conditions of in vivo tests, Lipid I is always 
embedded in the phospholipid bilayer membranes, where MurG can reach it via 2D-
diffusion. This is not the case for in vitro activity tests, where the substrate Lipid I is often 
encapsulated in micelles and in some cases soluble Lipid I analogues are used [95]. Again, 
murgocil activity in vivo is strictly restricted to Staphylococci, the possibility of expanding 
its use to other Gram-positive or -negative bacteria seems rather limited since it was 
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found that murgocil activity depends on some amino acid residues that are unique in 
SaMurG including M45 and D168. These concerns of course need further investigation 
using purified enzyme.  

The development on MurG inhibitors is at plateau in comparison with MraY. The 
potential in vivo toxicity of MurG inhibitors that are competitive with UDP-GlcNAc remains 
the biggest concern.  

4. Conclusion 

In conclusion, the past few years have seen a substantial growth in knowledge regarding 
the structural and biochemical characteristics of MraY and MurG, which led to the gradual 
unraveling of the mode of action of these enzymes. It is evident that previous studies have 
put much effort in investigating the nucleotide substrate of both MraY and MurG, while 
many questions are left unanswered regarding the lipid substrate for both enzymes. 
Inhibitors might be designed to block their binding when we understand more about the 
specifics. Search of combination therapies that involve synergistic effect of a cell wall 
inhibitor with another class of antibiotics e.g. β-lactam might be one of the trends as well.  
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Supplementary figure 1. Topology maps of (A) A. aeolicus MraY, (B) E. coli MraY, and (C) S. 
aureus MraY. Highly conserved residues (equivalents of D98, D99, K116, N171, D174, D231, H289 
and H290 of B. subtilis MraY) are highlighted in pink. The figures are rendered with Protter 
webservice. 
 
 



 
 

Chapter 3  
 

The catalytic mechanism of MraY 
 
 
 
 
 
 
Abstract  
 
Phospho-MurNAc-pentapeptide translocase (MraY) catalyzes the synthesis of Lipid I, a 
bacterial peptidoglycan precursor. As such, MraY is essential for bacterial survival and 
therefore is an ideal target for developing novel antibiotics. However the understanding of 
its catalytic mechanism, despite the recently determined crystal structure, remains 
limited. In the present study, the kinetic properties of Bacillus subtilis MraY were 
investigated by fluorescence enhancement using dansylated UDP-MurNAc-pentapeptide 
and heptaprenyl-phosphate (short-chain homolog of undecaprenyl phosphate, the 
endogenous substrate of MraY) as second substrate. Varying the concentrations of both of 
these substrates and fitting the kinetics data to two-substrate models, showed that the 
concomitant binding of both UDP-MurNAc-pentapeptide-DNS and C35-P to the enzyme is 
required before the release of the two products, Lipid I and UMP. We built a model of 
BsMraY and performed docking studies with the substrate C35-P to further deepen our 
understanding of how MraY accommodates this lipid substrate. Based on these modeling 
studies, a novel catalytic role was put forward for a fully conserved histidine residue in 
MraY (H289 in BsMraY), which has been experimentally confirmed to be essential for 
MraY activity. Using the current model of BsMraY, we propose that a small conformational 
change is necessary to relocate the H289 residue, such that the translocase reaction can 
proceed via a nucleophilic attack of the phosphate moiety of C35-P on bound UDP-
MurNAc-pentapeptide. 
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1. Introduction 
 
Among the enzymes involved in bacterial peptidoglycan synthesis, phospho-N-
acetylmuramyl-pentapeptide translocase (MraY; EC 2.7.8.13) has been studied extensively 
[1,2]. This enzyme performs the initial membrane step in this process, forming 
undecaprenyl-MurNAc-pentapeptide (Lipid I) from UDP-MurNAc-pentapeptide (UDP-
MurNAc-pentapeptide) and undecaprenyl phosphate, in both Gram-positive and Gram-
negative bacteria. Given the role of MraY in bacterial cell wall synthesis [3,4] and cell 
growth [5], this enzyme is an interesting target for antibacterial drugs. Recently, the 
crystal structure of MraY from the Gram-negative species Aquafex aeolicus (4J72.pdb) was 
determined [6]. The enzyme was extracted from its membrane environment with 
detergent and crystallized as a symmetrical homodimer. Each monomer consists of 10 
transmembrane helices, with both the N- and C-termini locating on the periplasmic side 
(outside) of the cytoplasmic membrane [1]. Before the publication of this high-resolution 
(3.3 Å) structure, other studies attempted to unravel the catalytic mechanism of action of 
MraY by site-directed mutagenesis and kinetics studies, using either membrane-
embedded MraY or detergent-extracted and purified preparations [1,7,8]. These studies 
proposed that catalysis proceeds most likely via a one-step process, although a two-step 
process has also been suggested [1]. In the single step process, a ternary complex of MraY, 
UDP-MurNAc-pentapeptide, and undecaprenyl-phosphate (C55-P) yields Lipid I with 
concomitant release of uridine monophosphate (UMP). In the two-step process, UMP is 
released yielding a covalently bound phospho-MurNAc-pentapeptide intermediate that is 
subsequently attacked by C55-P to produce Lipid I. Yet, no direct experimental evidence 
was provided for either proposal. The kinetics values of MraY for its nucleotide and lipid 
substrates that have been reported in literature so far are not consistent with each other. 
Bouhss et al. [7] obtained the Km value of MraY by varying the concentration of one 
substrate while keeping the other at a fixed value. The authors reported apparent Km 
values for UDP-MurNAc-pentapeptide and C55-P, being 1.0 ± 0.3 mM and 0.16 ± 0.08 mM, 
respectively. This result was later challenged by another study [9], reporting an apparent 
Km value for UDP-MurNAc-pentapeptide at 36.2 ± 3.6 µM. The major difference between 
these two studies is the concentration of C55-P used in the reaction, namely 1.1 mM in [7] 
and 50 µM in [9]. This indicates that the concentration of both substrates should be varied 
to allow determination of the true Km value. In the present study, we performed more 
extensive kinetics studies on the detergent solubilized MraY. Pure heptaprenyl phosphate 
(C35-P) was used as the preferred lipid substrate throughout our study. Other MraY 
studies [10,11] have also reported use of C35-P instead of the natural lipid substrate C55-
P. Polyprenyl-phosphates with shorter chain lengths are also accepted as substrates by 
MraY [12] , but to the best of our knowledge, the exact effect of the prenyl chain length 
on the activity of MraY has not yet been studied in detail. Together with kinetic studies we 
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built a model for MraY from B. subtilis, carried out docking experiments with C35-P, and 
analyzed the conserved residues in both Gram-positive and Gram-negative MraY species. 
The shortened chain length of C35-P compared with C55-P makes the docking results 
more reliable because of the reduced number of possible conformations of the prenyl 
chain. Many algorithms/programs are available for predicting protein-substrate binding. 
The majority of these approaches, however, focus on soluble proteins in an aqueous 
environment since more experimental data are available. For our docking studies, 
HADDOCK (High Ambiguity Driven protein-protein Docking) [13], an approach developed 
for protein complex docking based on biochemical and/or biophysical interaction data, 
was used. Distinctive from other docking methods, HADDOCK uses ambiguous interaction 
restraints (AIRs) to drive the docking. The docked structures are given a HADDOCK score, 
after calculations, according to their intermolecular energy, namely a weighted sum of 
desolvation, van der Waals, electrostatic, and AIR energy terms. In our case, the default 
desolvation energy term for aqueous protein docking was neglected, and a novel “z 
restraint” was introduced to keep our model in the right orientation in the simulated 
membranes. Together, our findings provided a novel concept for the development of 
MraY inhibitors and imply that blocking the binding of the lipid substrate to the enzyme, 
by targeting H298, may be a viable approach. This is of great interest given that the 
inhibitor development for MraY has not been very successful so far.   
 
2. Materials and Methods 
 
2.1. Materials 
 
Unless stated otherwise all chemicals used were purchased from Sigma Aldrich (St. Louis, 
MO, USA). All DNA ladders, restriction enzymes, buffers were purchased from Thermo 
Fisher Scientific (Waltham, MA, USA). Oligonucleotides (primers) for DNA amplification 
(PCR reactions) and sequencing were synthesized by Integrated DNA technologies 
(Leuven, Belgium). Sequencing services for all DNA constructs were provided by Macrogen 
(Amsterdam, the Netherlands). pET28a vector was purchased from Merck Millipore 
(Amsterdam, the Netherlands). EDTA-free protease inhibitor cocktail tablets were 
obtained from Roche diagnostic (Risch-Rotkreuz, Switzerland). N-dodecyl-β-D-
maltopyranoside (DDM) was obtained from Affymetrix (Santa Clara, California, USA). 
Precision Plus Protein™ standards were purchased from Bio-Rad Laboratories (Hercules, 
California, USA). Isopropyl-β-D-thiogalacto-pyranoside (IPTG) was purchased from Thermo 
Fisher Scientific (Waltham, MA, USA). ΔSlyD BL21 (DE3) E. coli strain was a kind gift from 
Prof. Ry Young (Dept. Biochemistry and Biophysics, Texas A&M University, USA). LysC 
protease was purchased from Wako Pure Chemical Industries (Osaka, Japan). Heptaprenol 



Chapter 3 

54 
 

(C35-), undecaprenol (C55-) were isolated and then phosphorylated to C35-P and C55-P 
respectively as previously described [14,15].  
 
2.2. Recombinant wild type MraY 
 
A DNA fragment coding for BsMraY protein was amplified from Bacillus subtilis 168 by 
colony PCR using the primers: BamHI-BY: 5’-ggatccatgcttgagcaagtcattcgtttac-3’, BY-HindIII: 
5’-aagcttttataaccacacctcg-3’. The restriction sites are underlined. Standard protocols were 
used for PCR amplification, digestion, ligation into pET28a vector, recombinant plasmid 
transformation and propagation. The resulted expression plasmid was named pET28a-BsY, 
which carries an N-terminal His6tag, a thrombin cleavage site, and a T7-tag. The sequence 
was confirmed by sequencing analysis (Macrogen). 
 
2.3. Construction of H289R-BsMraY 
 
Site-directed mutagenesis was performed on pET28aBsY to generate the single mutant 
H289R using primers H289R-for: 5’-ctttaaaatgagtccgcttcgtcaccattatg-agcttgtc-3’, H289R-
rev: 5’-gacaagctcataatggtgacgaagcggactcattttaaag-3’. The mismatch for arginine coding is 
underlined. The protocol is based on [16] with construct-specific modifications. Briefly, 
PCR was performed using Phusion polymerase with an annealing temperature of 72 ˚C for 
50 s and plasmid elongation at 72 ˚C for 6 min. DpnI (0.25 µL, 20 U/µL) was added to the 
PCR reaction mixture and incubated at 37 ˚C for one hour prior to transformation. Plasmid 
isolation was performed subsequently using the Qiagen MiniPrep kit. The resulted 
sequence was confirmed by sequencing analysis (Macrogen). 
 
2.4. Protein purification 
 
For each preparation, pET28aBsY and mutant were freshly transformed into competent 
ΔslyD BL21(DE3) E. coli cells and subsequently inoculated into Luria Broth (1% tryptone, 
0.5% yeast extract and 1% NaCl) supplemented with kanamycin (50 μg/ml) for overnight 
growth at 37 °C. This pre-culture was diluted the next day at ratio 1:100 into pre-warmed 
(37 °C) terrific broth (1.2% tryptone, 2.4% yeast extract, 0.4% glycerol, 17 mM 

KH2PO4 and 72 mM K2HPO4) supplemented with kanamycin (50 μg/ml). The growth was 
continued at 37°C up to an OD of about 0.5 at 600 nm. Subsequently, IPTG (final 
concentration = 100 μM) was added to induce protein expression. The growth was 
continued at 22 °C for 4 hours. For each batch of purified MraY, 5 liters of cells expressing 
BsMraY or its mutant were harvested and disrupted by probe sonication. The membrane 
was subsequently solubilized by addition of 1% DDM in buffer A (25 mM Tris-HCl (pH = 
7.6), 150 mM NaCl, 10% glycerol). The mixture was centrifuged at 206000 g for 45 min. 
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The supernatant was collected and 1% DDM was added to the pellet for a second round of 
solubilization. The solubilized membrane protein fractions were pooled and incubated 
with Ni+-NTA-agarose beads pre-equilibrated with buffer A supplemented with 20 mM 
imidazole. Beads loaded with protein were subsequently transferred to a gravity column 
for batch-wise IMAC purification. Pure protein (purity higher than 90%) was collected by 
eluting in two fractions with 250 mM and 500 mM imidazole in buffer A, supplemented 
with 0.1% DDM. Production of MraY was monitored by TLC based Lipid II synthesis assay. 
The fractions were made into small aliquots and stored at –20˚C until further use.  
 
2.5. UDP-MurNAc-pentapeptide and 15N2-UMP exchange assay 
 
BsMraY (14 nM) in 0.1% DDM, either free from C35-P or with C35-P at 100 µM, was 
incubated with UDP-MurNAc-pentapeptide (100 μM) and uridine-15N2-5′-mono-
phosphate (1 mM) for 16 hours at room temperature in Tris-HCl buffer (pH = 8.0) 
supplemented with Mg2+ (50 mM). The detergent was removed from the mixture using a 
C18 column prior to mass spectrometry measurements. Products were eluted in 
methanol/acetonitrile/water (2/2/1) and were analyzed with liquid chromatography – 
mass spectrometry (LC-MS) to check whether the 15N isotope was transferred from UMP 
to UDP-MurNAc-pentapeptide. LC-MS analysis was performed on an Exactive mass 
spectrometer (Thermo Fisher Scientific) coupled to a Dionex Ultimate 3000 autosampler 
and pump (Thermo Fisher Scientific). The MS operated in polarity-switching mode with 

spray voltages of 4.5 kV and 3.5 kV. Products were separated using a Sequant ZIC-pHILIC 
column (2.1 x 150 mm, 5 µm, guard column 2.1 × 20 mm, 5 µm; Merck). Flow rate was set 
at 150 µL/min and products were separated using a linear gradient of acetonitrile and 
eluent A (20 mM (NH4)2CO3, 0.1% NH4OH in ULC/MS grade water (Biosolve)). Products 
were identified and quantified using LCquan software (Thermo Scientific) on the basis of 
exact mass within 5 ppm and further validated by concordance with retention times of 
UMP and UDP-MurNAc-pentapeptide standards. 
 
2.6. TLC-based Lipid II synthesis assay 
 
A TLC assay designed to test Lipid II synthesis was used to monitor MraY activity. In this 
assay, the MraY substrates C55-P (1 mM) and UDP-MurNAc-pentapeptide (100 μM), the 
MurG substrate UDP-GlcNAc (0.5 mM), MgCl2 (6.7 mM), and pure MurG enzyme (20 nM) 
were mixed with Triton X-100 (0.5%) in Tris-HCl (100 mM, pH = 8.0) buffer with a total 
volume of 75 μl. MraY-containing membrane fraction, BsMraY, or its mutant H289R was 
added last to initiate the synthesis. The reaction was quenched by addition of pyridine-
HAc (pH = 4.2) to the mixture after incubation at room temperature for one hour. 
Immediately thereafter, BuOH was added to the mixture, vortexed, and centrifuged briefly 
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to induce phase separation. The upper layer was isolated and washed with 50 μl of water. 
After brief centrifugation, 10 μl of the upper layer was dried in a desiccator. The residue 
was taken up in CHCl3/MeOH (1/1, v/v) and spotted on a silica gel plate. The plate was 
developed in CHCl3/MeOH/H2O/NH3 (88/48/10/1 by volume). The lipids were 
subsequently visualized by iodide staining. C55-Lipid II was spotted as reference.  
 
2.7. Fluorescent enhancement assay and kinetics studies 
 
MraY activity is determined using a fluorescent enhancement assay that has been 
described earlier [17]. Total volumes of 50 μl consisting of 25 μM to 400 μM of C35-P, 15 
μM to 100 μM UDP-MurNAc-pentapeptide-DNS, 200 mM Tris-HCl (pH = 8.0), 0.5% Triton 
X-100, 50 mM MgCl2, 100 mM KCl were mixed in 96-well plates. BsMraY (10 nM) was 
added with thorough mixing to initiate the reaction. The increase of fluorescence at λEm = 
510 nm (excitation wavelength λEx = 365 nm) was measured at 25 °C in a SpectraMax i3 
microplate reader (Molecular devices, Silicon Valley, USA). The increase of fluorescence 
was due to Lipid I formation as a result from the transfer of the dansyl label to a more 
hydrophobic environment (i.e. from the water soluble UDP-MurNAc-pentapeptide to Lipid 
I embedded in a micelle). On the assumption that equilibrium had been reached under 
these conditions and using the known equilibrium constant [18] of 0.25 for the 
translocation reaction, the fluorescence signal (in RFU) was converted into concentration 
of DNS-Lipid I (702239.3 ± 0.3% RFU/µM). Rate equations were derived for initial product 
formation in a random bi-bi mechanism (Figure 1A) and for a ping-pong mechanism 
(Figure 1B).  
  
Random bi-bi mechanism (A): 
 
Turnover 

𝑘𝑘 = 𝑘𝑘𝑘𝑘𝑘𝑘𝑘𝑘

1+𝐾𝐾𝐾𝐾𝐾𝐾35𝑃𝑃
[𝐾𝐾35𝑃𝑃] +

𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝
[𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝−𝐾𝐾𝑀𝑀𝐷𝐷]+

𝐾𝐾𝐾𝐾𝐾𝐾35𝑃𝑃
[𝐾𝐾35𝑃𝑃] × 𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝

[𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝−𝐾𝐾𝑀𝑀𝐷𝐷]

                                                        

[1] 
where, 
KmUDP-MurNAc-pentapeptide gives the affinity for UDP-MurNAc-pentapeptide-DNS when a 
ternary complex is formed.  
KmC35-P gives the affinity for C35-P when a ternary complex is formed. 
KsC35-P gives the affinity for C35-P when a binary complex is formed. 
 
The dependent constant KsUDP-MurNAc-pentapeptide, i.e. the affinity for UDP-MurNAc-
pentapeptide-DNS when a binary complex is formed, 
is obtained from: KsUDP-MurNAc-pentapeptide = KsC35-P × KmUDP-MurNAc-pentapeptide / KmC35-P 
 



The catalytic mechanism of MraY 

57 
 

Ping-pong mechanism (B):  
At t = 0, [UDP-MurNAc-pentapeptide] = 0 and [Lipid I] = 0. Therefore, the steps 
represented by the striped arrows are ignored. 
 
Turnover:  

 𝑘𝑘 = 𝑘𝑘𝑘𝑘𝑘𝑘𝑘𝑘

1+ 𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝
[𝐾𝐾𝐾𝐾𝑃𝑃−𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀−𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝−𝐾𝐾𝑀𝑀𝐷𝐷]+

𝐾𝐾𝐾𝐾#𝐾𝐾35−𝑃𝑃
[𝐾𝐾35−𝑃𝑃]

                                                                             

[2] 
 
where, 
kcat = k1×k2/(k1+k2) 
KmUDP-MurNAc-pentapeptide = KsUDP-MurNAc-pentapeptide × k2/(k1+k2),  
Km#C35-P = KmC35-P ×k1/(k1+k2) 
 
Experimental data were fitted to equations [1] or [2] using non-linear regression 
(software: JMP from SAS Inc or GraphPad Prism).  
 

 
 
 
Figure 1. Models used to derive the rate equations. (A) Random bi-bi kinetic mechanism; (B) Ping-
pong mechanism. UMP: uridine monophosphate. UMpp: UDP-MurNAc-pentapeptide.  
 
2.8. Modeling of Bacillus subtilis MraY 
 
A structural model of BsMraY was built on the basis of the crystal structure data (PDB ID: 
4J72) of A. aeolicus MraY (AaMraY). The pairwise query-template alignment was obtained 
after an HHpred [19] search using the pdb70 database. In order to generate a global 
sequence alignment, we enabled the ‘Realign with MAC algorithm’ option and set the 
‘MAC realignment threshold’ to 0.0. The alignment was then used in MODELLER 9v12 [20] 
to generate 100 models, which were scored and ranked using the DOPE statistical 
potential [21]. The lowest energy model provided the initial structure for the flexibility 
analysis with CONCOORD [22] and was also included in the docking simulations. 
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2.9. Modeling of heptaprenyl phosphate 
 
The three-dimensional structure of C35-P was obtained using ChemBioDraw 13.0 
(generation of MOL file), OpenBabel [23] (conversion to PDB), and Avogadro [24] (energy 
minimization with the GAFF force field). The resulting energy-minimized structure was 
then used in Antechamber/Acpype [25] with default options to generate parameters and 
topology files for HADDOCK [13]. Given the natural flexibility of the C35-P molecule, we 
used HADDOCK (single-molecule refinement) to generate an ensemble of initial 
conformations for docking. During this process, the C35-P molecule was defined as fully 
flexible and the explicit solvent refinement was carried out in dimethyl sulfoxide (DMSO), 
a lipid mimic. We manually selected 5 of the refined conformers based on their curvature 
and overall stereochemistry for use in the docking simulations. 
 
2.10. Docking of heptaprenyl phosphate and Bacillus subtilis MraY 
 
The interaction between BsMraY and C35-P was modeled with HADDOCK [13] version 2.2 
[26], using CNS (Crystallography and NMR System - version 1.3) [27] for structure 
calculations. Non-bonded interactions were calculated using the OPLS force field [28] 
using an 8.5Å cut-off. The electrostatic interactions were modeled using a Coulomb 
potential including a shift function, while van der Waals interactions followed a Lennard-
Jones potential using switching function between 6.5 and 8.5 Å. The force field parameters 
for the magnesium ion were modified to match those defined by Allner and co-workers 
[29], which describe the interaction of the divalent cation with phosphate ions more 
accurately. The partial charge of the ion was also reduced to +1, since docking with the full 
charge (+2) posed several challenges, in particular with the negatively charged phosphate 
ion of the substrate. The ion was also restrained to a coordinating residue on MraY (D231) 
using unambiguous distance restraints, to avoid drifting during the high-temperature 
refinement stages. The HADDOCK score, a weighted sum of electrostatic, van der Waals, 
and restrain energy terms, was used to rank the models. The default desolvation energy 
term, derived for aqueous solution, was neglected since this system is embedded in a 
membrane. To force the molecules to obey the topology of the membrane, in the absence 
of an explicit bilayer model, we implemented a novel energy term in CNS, which we call 
“z-restraints” (not yet available in the standard 2.2 version of HADDOCK). These allow us 
to keep specific sections of a molecule in a particular subspace of the z (vertical) 
dimension, e.g. transmembrane helices and the hydrophobic tail of C35-P in the range of 
the thickness of the bilayer, and thus avoid meaningless orientations. The following 
BsMraY residues were restrained to a -20Å / 20Å z boundary: 5-39, 72-90, 96-118, 130-
146, 175-198, 202-228, 238-257, 266-305, 336-355. These selections comprise α-helical 
segments and were based on the data shown by the OPM database for the AaMraY 
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structure and on the calculations on the BsMraY model using the PPM2.0 software [30]. 
All of C35-P was required to remain inside the defined z boundaries. 

We first ran a docking simulation to sample possible binding surfaces of C35-P on 
MraY. This simulation used center-of-mass restraints together with a single unambiguous 
distance restraint with an upper limit of 5Å between the terminal phosphor atom of C35-P 
and the imidazole nitrogen atoms of H289 of BsMraY, in order to enforce the directionality 
of the C35-P molecule. The resulting models indicated a patch of hydrophobic residues in 
BsMraY TM5 (residues 174-199) as a putative binding surface, which were used as passive 
residues in a second round of docking simulations. For both simulations, we generated 
10.000 models during the rigid-body energy minimization stage and the 400 best scoring 
models were selected for further refinement, which included semi-flexible simulated 
annealing and explicit solvent (DMSO) molecular dynamics. The z-restraints were only 
active during the rigid-body energy minimization stage. The final refined models were 
clustered using the fraction of common contacts algorithm (FCC) [31]with a cutoff of 0.75  
and each cluster ranked by the average HADDOCK score of its 4 best members. 
 
2.11. Flexibility analysis of MraY 
 
The conformational flexibility of monomeric BsMraY was probed using CONCOORD  
(version 2.1.2, available through the SBGRID consortium [32]) with the OPLS-AA [33] van 
der Waals parameters and default bond/angle parameters. As an input structure, we took 
the best-ranked model produced by MODELLER, judged by its DOPE score. Given the 
shortcomings of the homology model, namely the large insertions compared to the 
AaMraY structure, we fixed some parts of the model (residues 43-72 and 143-174) that 
would otherwise dominate the analysis. All other CONCOORD settings were left as default. 
The GROMACS [34] tool ‘trjconv’ was used to extract representatives of the flexibility 
analysis. 
 
3. Results 
 
3.1. DDM-BsMraY kinetics 
 
To understand the catalytic mechanism of MraY and how its activity is controlled, it is 
important to consider the binding of both substrates to the enzyme and thus vary both 
their concentrations during the kinetics studies. This has been previously neglected in 
kinetic analysis of MraY activity [7,9]. The kinetics of BsMraY extracted from the E. coli 
membrane with 1% DDM detergent were investigated by varying both substrates, C35-P 
and UDP-MurNAc-pentapeptide-DNS, yielding a dansylated product DNS-Lipid I and UMP. 
Production of DNS-Lipid I was monitored using fluorescence enhancement measurements 
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[35]. Immediately after addition of enzyme the fluorescence signal increases linearly for 
several minutes. The reaction was followed until a plateau was reached. This plateau value 
was then used to convert the fluorescence signal into concentration of DNS-Lipid I. Slopes 
obtained from the linear part of the reaction traces could then be expressed in µM/min of 
Lipid I formed. These values were finally divided by the concentration of MraY to obtain 
reaction rates k (min-1). Reaction rates were collected using a range of concentrations of 
one substrate while maintaining the concentration of the other constant. The experiments 
were repeated at least three times for six concentrations of both UDP-MurNAc-
pentapeptide-DNS and C35-P. All experimental data were fitted to the equations for either 
a random bi-bi model (Figure 1A) or ping-pong mechanism (Figure 1B). The better fit was 
obtained for a random bi-bi model (SSE (sum of squared errors of prediction) = 8330.1, 
RMSE (root-mean-square error) = 9.2) than a ping-pong model (SSE = 8655.3, RMSE = 9.4), 
indicating that a ternary complex is formed between the enzyme, UDP-MurNAc-
pentapeptide-DNS, and C35-P. 

When the data as shown in Figure 2 were fitted separately at constant C35-P 
concentrations, an apparent maximum turnover kcatapp and KmUMpp

app were obtained at 
the various levels of C35-P used. Replotting these apparent parameters as a function of 
C35-P (Figure 3) yielded the maximum turnover (kcat), the Km values for C35-P, UDP-
MurNAc-pentapeptide-DNS, and KsC35-P. The dependent variable KsUMpp was calculated 
from the other three constants. In Table I the results are summarized. 

These data show that Km for either substrate increases by one order of magnitude 
when a ternary complex is formed compared to binding of either substrate in binary 
complex formation.  

 
 
 
 
 
 
 

Figure 2. Turnover of DNS-Lipid I 
formation (k) as a function of UDP-
MurNAc-pentapeptide-DNS conc. 
and at several conc. of C35-P (20 
µM: ; 35 µM: ; 50 µM: ; 100 
µM: ; 200 µM: ; 400 µM: ). 
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Figure 3. Replots of kcatapp (; left) and KmUMpp

app (; right) as a function of C35-P. UMpp: UDP-
MurNAc-pentapeptide. 
 
Table I. Kinetic parameters obtained for BsMraY. UMpp: UDP-MurNAc-pentapeptide.  

 
3.2. UDP-MurNAc-pentapeptide - 15N2-UMP exchange 
 
The choice of the random bi-bi mechanism for MraY catalysis, based on better fitting data, 
could be supported by a mass spectrometry based experiment devised to detect exchange 
between uridine-15N2-5′-monophosphate (15N2-UMP) and UDP-MurNAc-pentapeptide 
either in the absence or presence of C35-P. In such an experiment, the exchange reaction 
will result in the formation of unlabeled 14N2-UMP from unlabeled UDP-MurNAc-
pentapeptide, resulting in a mass difference in UMP of approximately 2 Da that can be 
detected by LC-MS analysis. At the same time, the reverse reaction will catalyze the 
transfer of 15N2-uridine from uridine-15N2-5′-monophosphate to UDP-MurNAc-
pentapeptide, resulting in the formation of 15N2-UDP-MurNAc-pentapeptide. To 
investigate under which conditions exchange occurred, UDP-MurNAc-pentapeptide (conc. 
100 µM) and 15N2-UMP (1mM) were incubated with DDM-BsMraY in the absence or 
presence of C35-P for 16 hours. Given that the major difference between the two models 
is the requirement of polyprenyl phosphate for the hydrolysis of UDP-MurNAc-
pentapeptide and formation of Lipid I, the reaction was performed using pure enzyme 
devoid of C55-P instead of enzyme-containing membranes where C55-P was still present. 
It should also be noted that incubations were carried out with a ten-fold higher 
concentration of 15N2-UMP relative to unlabeled UDP-MurNAc-pentapeptide to clearly 
observe the reverse reaction and the formation of 15N-labeled UDP-MurNAc-
pentapeptide. After removal of the detergent, the resulting reaction mixture was analyzed 
by LC-MS. It was found that in the absence of C35-P no 14N2-UMP was produced and no 
15N2 was transferred from UMP to UDP-MurNAc-pentapeptide. However, in the presence 

KmUMpp [µM] KmC35-P [µM] KsUMpp [µM] KsC35-P [µM] kcat [min-1] 

167 ± 18 121 ± 23 18 ± 31 13 ± 11 434 ± 35 
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of 100 µM C35-P, both 14N2-UMP and 15N2-UDP-MurNAc-pentapeptide were found in the 
mixture, as shown in Figure 4. This clearly demonstrates that an exchange between UMP 
and UDP-MurNAc-pentapeptide happens only when C35-P is available.   

Figure 4. LC-MS analysis of the products of a reaction mixture containing MraY, 14N2-UDP-MurNAc-
pentapeptide, and 15N2-UMP in the absence and presence of C35-P. Two groups of columns are 
shown for these two different conditions of the assay. In the left group where C35-P is absent, only 
14N2-UDP-MurNAc-pentapeptide and 15N2-UDP-MurNAc-pentapeptide were detected. In the right 
group where 100 µM C35-P was included, 15N2-UDP-MurNAc-pentapeptide and 14N2-UMP were 
detected as a result of an exchange reaction.  
 
3.3. Structural model of BsMraY  

Figure 5. Structural models of AaMraY (left) and BsMraY (right). Arrows show the location of two 
alpha helices only present in MraY from Gram-negative species. The structures are viewed from the 
plane of the membrane: cytoplasmic (inside) and periplasmic (outside) regions at top and bottom, 
resp. The membrane is represented by the yellow spheres, and placed as calculated by the PPM2.0 
server. The catalytic Mg2+ (cyan sphere) is just visible next to TM9. 
 
Given the results from the aforementioned kinetics and exploration of the exchange 
reaction, a structure would be very helpful in giving more insight into the catalytic 
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mechanism of BsMraY. Since there is no crystal structure of BsMraY available, we built a 
model based on the structure of MraY from A. aeolicus. Protein sequence databases 
contain over 5000 MraY sequences (PFam PF10555 and IPR018480). Following a BLAST 
search, aligning the sequences of MraY of both Gram-positive and Gram-negative species 
reveals that more than 50 amino acids are fully retained in these two families. Based on 
sequence analysis, AaMraY and BsMraY are good representatives of all Gram-negative and 
Gram-positive MraY families, respectively. Given the lack of structure for BsMraY (Uniprot 
ID: Q03521), we produced a model based on the available AaMraY structure. The best-
ranked model, according to the DOPE statistical potential implemented in MODELLER, is 
shown in Figure 5 together with the structure of AaMraY. The models are viewed from the 
plane of the membranes (28 Å apart). Two short alpha helices indicated by arrows (Figure 
5 left) are present in Gram-negative MraY species only. One of these is present at the N-
terminus of MraY from A. aeolicus and is proposed to align with the surface of the 
membrane [6], whereas the other is found between TM6 and TM7 and located in the 
periplasm. 

In Figure 5 two transmembrane helices, TM5 and TM9, are labeled both in the 
model of BsMraY and in the structure of AaMraY: TM9 is strongly twisted, while TM5 is 
slanted relative to the other trans-membrane helices, giving rise to a nearly perpendicular 
orientation of TM5 with respect to the C-terminal part of TM9. The transmembrane helix 
TM5 points towards the highly conserved H324 in AaMraY or H289 in BsMraY. This 
histidine residue was shown to be catalytically important, but no clear role had been 
attributed to this residue [7,36]. We also observed that the mutant H289R is virtually 
inactive in both the TLC-based Lipid II synthesis assay and the Lipid I synthesis-based 
fluorescence enhancement assay (data not shown).  
 
3.4. Identity and location of conserved residues 
 
All conserved amino acids, grouped with respect to their properties, are listed in Table II 
along with their location in the protein structure of BsMraY. With the exception of E251 
and K/R249 all residues are located at the cytosolic side of MraY quite close to the Mg2+ 
ion (average distance 11 ± 5 Å). For the highly conserved H45 no reliable structural data is 
available (the corresponding H67 coordinates are missing in 4j72.pdb). Residues that are 
not retained in MraY species from plants are shown in small print. When the analysis is 
expanded to include the functionally related proteins TarO, TagO, RgpG, WbpL, WbcO and 
WecA one finds some 20 fully conserved amino acids. These residues are shown in 
boldface in Table II. The fully conserved H289 is at a distance of 8.4 Å from the Mg2+ ion. 
Apart from being close to Mg2+ several conserved residues are close together in space, 
most likely for structural reasons (e.g. F228 in loop between TM7 and TM8 with G178 and 
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D174 in TM5). It should be noted that the conserved K102 residue is located very close to 
Mg2+, but is replaced by Ile in S. aureus MraY.  

3.5. Docking of C35-P to the model of BsMraY  

 
Figure 6. Different binding modes of C35-P to BsMraY suggested by the modeling. Left panel: 
Overview of the binding modes of clusters 2 (blue) and 3 (green). Right panel: Close-up of the same 
clusters, highlighting important residues (in sticks) near the phospho-binding site. Inter-helical loops 
are omitted for clarity. The red/orange spheres represent the oxygen and phosphorous atoms of the 
phosphate group of C35-P. 
 

 
As no crystal structure of BsMraY with its lipid substrate is available, we attempted to 
predict the binding mode of BsMraY to C35-P through docking studies. Inspection of the 
BsMraY models suggested that flexibility might play a role in substrate binding, in 
particular the orientation of TM9. Given the limited ability of HADDOCK to sample large 
conformational changes, we used CONCOORD to generate additional conformers of 
BsMraY. These conformers were then used to seed new docking calculations using the 
same parameters and restraints as before. Indeed, after correcting for the disordered and 
poorly modeled loops in the BsMraY model, CONCOORD confirms that the highest 
flexibility in MraY is found at the C-terminal tip of TM9 and part of the connecting residues 
between TM9 and TM10 (residues ~271-285).This part of MraY is highly positively charged 
due to the presence of four or five Lys and/or Arg residues depending on different MraY 
species, of which K/R276, R281 and K/R284 are fully conserved (Table II). The N-terminal 
part of TM9 is much less flexible, likely helped by the proximity of the conserved K249 and 
E251 residues. High flexibility, but to a lesser extent, was found in the loop connecting 
TM3 and TM4. In this loop, at the C-terminal end of TM3 and N-terminal end of TM4 again 
many Lys and/or Arg residues are located, of which K/R114 and K116 are highly conserved 
(Table II).  
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Table II. Conserved residues in MraY family. Residue numbering is given for BsMraY. K102 is 
replaced by Ile in S. aureus MraY. Location of each residue is listed: TM (nr): transmembrane helix 
(nr); Loops between TM helices are indicated by the nrs of the two flanking helices. The shortest 
distances to Mg2+ ion are shown for all residues; for residue H45 (-) structural data is lacking. In 
boldface: residues that are also retained in related proteins. In italics: residues within 10Å from Mg2+ 
ion. *: residues that are not retained in MraY from plant species. Hydrophobic residues are shaded.  
 
 

Locati
on Residue Dist. (Å) 

Mg2+ 
Locati

on 
Resid

ue 
Dist. (Å) 

Mg2+ 
Locati

on Residue Dist. (Å) 
Mg2+ 

1-2 
H45(b) - 

5-6 

L172* 7.1 8-9 K/R249* 28.6 

K48(b)  21.5 T173 10.7 

TM9 

E251* 
(a) 24.5 

TM2 

P52 8.8 D174 
(a) 5.3 E264 (a) 14.7 

T53 6.2 G175 5.5 S267 16.5 

M54 12.2 L176 7.2 V268 12.4 

G55 14.5 D177 
(a) 10 Q271 15.1 

G56 12 G178 9.9 

9-10 

K/R276* 
(b) 18.7 

TM3  

G92*  12 

TM7 

G216 21 R281 17.7 

G95 7.4 F217 14.3 F283 19.4 

D98 (a) 5.1 N221 15.2 K/R284 
(b) 21.1 

D99 (a) 6.1 

7-8 

P224 19.7 P287 12 

TM4  K102* 
(b) 3.4 A225 17.4 H289 (b) 8.4 

3-4 
K106 (b) 14 F228* 7.4 H290 (b) 12.4 

G110 8.5 M229 8.3 H291 (b) 15.4 

TM4 

K/R114 
(b) 13.1 

TM8 

G230 5.5 E292* 
(a) 19.3 

K116* 
(b) 4.1 D231 

(a) 2.1 E299 (a) 20.2 

TM5 

N168 10.5 G233 7.9 

 A169* 10.3 L235 6.8 

N171 3.2 G238 12.1 
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Table III. Statistics of scoring and relevant distances for each cluster after explicit solvent 
refinement. All values are averages and standard deviations calculated from the best scoring 4 
models of each cluster. Distances to the C35-P are reported from the phosphorous atom. Z-score = 
standard score; vdW = van der Waals; Elec = electrostatic; AIRs = ambiguous interaction restraints; 
BSA = buried surface area. 

The docking studies yielded 9 possible binding modes for C35-P (see Table III). All 
models are consistent in that MraY seems to fully accommodate only 7 isoprene units of 
the polyprenyl-phosphates. This predicts that the lipid tail of natural polyprenyl- 
phosphates containing 11 isoprene units, as in C55-P, will not bind completely to MraY. 
The clusters differ mainly in the conformation of C35-P and consequent interactions it 
makes with MraY residues and its coordinated magnesium ion. Clusters 6, 4, 7, and 9 have 
very shallow interfaces and are unlikely to represent realistic binding modes, as indicated 
by their low HADDOCK score. Clusters 5 and 8, despite being the top scoring clusters, do 
not show any significant interactions between the phosphate moiety and any MraY 
residues, and have therefore been discarded from subsequent analyses. Clusters 2 (blue in 
Figure 6) and 1 favor interactions with the magnesium coordination center and the ion 
itself, while cluster 3 (green in Figure 6) shows a binding mode where the phosphate of 
C35-P is in close proximity with His289, which may indicate that this residue is important 
for the interaction with the phosphate and would explain the loss of activity upon 
modification of this residue (see more details in Discussion). In cluster 3, the entire C35-P 
molecule is in an extended conformation along TM5, also in proximity with highly 
conserved residues of TM9 (Glu264, Ser267, Val268 and Gln271). In the remaining 
clusters, C35-P shows a kink near the phosphate group. The several clusters also select 
different conformers of MraY, in particular of TM9, indicating that there might be a 

Cluster 
HAD-
DOCK 
Score 

Z-
Score Size 

Energy Terms 
(kcal/mol) BSA (Å2) 

Distances to C35-P (Å) 

vdW Elec AIRs Mg H289 D98 

5 -51 ± 3 -1.2 18 -48 
± 10 

-114 
± 18 

2.6 ± 
1 

1253 ± 
59 

7.6 ± 
2.6 

15.1 ± 
1.5 

5.9 ± 
1.8 

2 -47 ± 6 -1.1 98 -39 
± 5 

-141 
± 23 

18 ± 
15 

1224 ± 
69 

3.1 ± 
0.2 

10.9 ± 
2.3 

5.2 ± 
1.2 

8 -39 ± 
12 

-0.8 7 -50 
± 4 

-87 ± 
20 

4 ± 2 1264 ± 
35 

9.3 ± 
0.9 

14.3 ± 
2.8 

5.8 ± 
2.1 

1 -35 ± 1 -0.6 169 -34 
± 3 

-104 
±  

19 

18 ± 
17 

1037 ± 
25 

5.5 ± 
1.9 

10.3 ± 
2.4 

6.3 ± 
1.3 

3 -28 ± 4 -0.3 47 -35 
± 2 

-45 ± 
10 

31 ± 
31 

1118 ± 
39 

10.1 ± 
1.4 

4.2 ± 
1.6 

14.0 ± 
2.5 

6 -10 ± 7 0.5 13 -26 
± 3 

-60 ± 
32 

8 ± 
10 

906 ± 
91 

9.1 ± 
0.9 

13.0 ± 
2.8 

11.4 ± 
2.0 

4 -9 ± 7 0.5 24 -21 
± 1 

-44 ± 
55 

34 ± 
17 

848 ± 
39 

7.3 ± 
2.3 

7.2 ± 
1.3 

10.5 ± 
1.9 

7 14 ± 7 1.4 9 -19 
± 3 

-78 ± 
26 

72 ± 
23 

665 ± 
128 

12.8 ± 
2.2 

16.3 ± 
1.7 

12.4 ± 
3.1 

9 18 ± 
11 

1.6 4 -20 
± 6 

-62 ± 
28 

95 ± 
16 

703 ± 
135 

13.0 ± 
1.9 

16.9 ± 
2.3 

10.8 ± 
1.6 
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conformational mechanism involving transmembrane helix reorientation to better 
accommodate the ligand. 

4. Discussion 
 
4.1. Kinetics of detergent-solubilized BsMraY 
 
BsMraY was chosen as a representative phospho-MurNAc-pentapeptide translocase from 
Gram-positive species due to its robust properties, although structural information was 
lacking. In contrast to E. coli MraY, BsMraY shows high activity after resolubilization in 
detergent systems[9]. Similar to other MraY studies [10,11], pure C35-P was used as the 
lipid substrate in our kinetics studies to be consistent with our docking studies. 
Interestingly, it was previously found that at least 35 carbon units were required for the 
polyprenyl phosphate to be a substrate of WecA, an enzyme that is functionally similar to 
MraY [37]. Our kinetics studies using fluorescence enhancement show that the apparent 
affinity for UDP-MurNAc-pentapeptide depends on the concentration of C35-P and vice 
versa. This means that the concomitant binding of UDP-MurNAc-pentapeptide and C35-P 
forming a ternary complex with MraY occurs before liberation of the products Lipid I and 
UMP. Furthermore, it was shown that binding affinities for UDP-MurNAc-pentapeptide 
and C35-P are relatively low, i.e. Km values are in the high µM range for either substrate 
when a ternary complex is formed. In contrast, the binding affinities for single substrate 
binding are much higher. These affinities could not be determined accurately, but are 
about one order of magnitude higher than the corresponding affinities in ternary complex 
formation. In summary, the kinetics study supports models in which ternary complexes 
between MraY and the two substrates are kinetically relevant, but that clustering of the 
two substrates makes it harder for either substrate to bind in the presence of the other 
substrate than to bind to MraY alone. This indicates that in the ternary complex formed 
during catalysis, the two substrates bind closely together to allow the reaction to occur 
without the need for a covalently bound substrate-MraY intermediate.  

In previous kinetic studies on BsMraY using radioactively labeled UDP-MurNAc-
pentapeptide (e.g. Bouhss et al.) [7,8] only affinities for either substrate were obtained in 
the presence of fixed (saturating) concentrations of the other. Compared with our studies 
the turnover of MraY found (320 ± 25 min-1) is close to our result (434 ± 35 min-1). The Km 
found by us for UDP-MurNAc-pentapeptide (0.167 ± 0.018 mM) is lower than the value 
reported (0.94 ± 0.15 mM). Interestingly, while the polyprenyl substrate used (C55-P) 
differed from ours (C35-P), the Km values are quite close: 0.16 ± 0.04 mM for C55-P [7] 
and 0.12 ± 0.02 mM for C35-P (see also Docking of polyprenyl-phosphate). In other kinetic 
studies a very low Km value for UDP-MurNAc-pentapeptide (19 µM) was reported [10,38]. 
We only observed such a high affinity (KsUDP-MurNAc-pentapeptide = 18 µM) for UDP-MurNAc-
pentapeptide binding to MraY when the concentration of C35-P is extrapolated to zero 
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(Figure 3 or Table I). We propose therefore, that a high apparent affinity for UDP-MurNAc-
pentapeptide will be observed when the translocase is not saturated with the polyprenyl-
phosphate substrate. This can be verified by quantifying the amount of Lipid I formed 
under the conditions used. 
 
4.2. Docking of polyprenyl-phosphate 
 
Chung et al. [6] proposed a mode of binding of C55-P where the phosphate moiety of C55-
P is located close to D117 (D98 in BsMraY) of AaMraY. In addition they predicted the 
polyprenyl chain to bend sharply, in order to allow such a location for the phosphate. 
While the authors confirmed that H324 (H289 in BsMraY) is involved in catalysis, no 
catalytic role was attributed to this highly conserved histidine residue. In our docking 
studies the only (initial) assumptions made were the likelihood (based on an initial 
unbiased docking run) of the polyprenyl tail of C35-P to bind along TM5 in MraY and the 
directionality of the C35-P substrate. In all four best scoring binding modes, C35-P was 
bound in a kinked fashion in the isoprene chain near the phosphate moiety. Furthermore, 
in these modes the phosphate is found close to D98 with its OH hydrogen pointing 
towards the carboxylate oxygens of D98. Because we were unable to dock the other 
substrate, UDP-MurNAc-pentapeptide as well, it remains to be established whether the 
binding modes for polyprenyl-phosphates near D98 would be affected by the other 
substrate. Close inspection of the models predicts that in principle there is room for the 
diphosphate of UDP-MurNAc-pentapeptide to bind in the neighborhood of the catalytic 
Mg2+ ion, even when C35-P binds closely to D98 and the Mg2+ ion. In the fifth best scoring 
cluster, C35-P is bound in an extended fashion, where the phosphate moiety is located 
very close to the aromatic ring of H289. This suggests a direct involvement of H289 in the 
transfer of the phosphate moiety of polyprenyl phosphate as described below. It should 
be noted that docking of C55-P was complicated because of the parameterization and 
flexibility of this molecule. Our activity test supported that the longer chain of C55-P does 
not contribute to or improve binding to MraY (data not shown).   
 
4.3. Catalytic role of H289 
 
Our docking studies hint at two possible scenarios in which H289 is involved in the 
catalytic mechanism of MraY, i.e. by binding to the phosphate moiety of the C35-P 
forming a phosphoramidate bond between one of the nitrogen atoms and the 
phosphorous atom of the polyprenyl-phosphate substrate. Alternatively, H289 may act as 
a base thereby activating the phosphate for reaction with UDP-MurNAc-pentapeptide. In 
either scenario a small conformational change (involving TM9) will be needed to bring the 
phosphate moiety a few Å closer to the catalytic Mg2+ ion, thereby kinking the isoprene 
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chain as we observed for clusters 5, 2, 8 and 6 (Figure 5, right panel). In the event that a 
covalent bond is formed, dephosphorylation of H289 can be catalyzed by nearby acidic 
groups, such as D174, after the conformational change. Using our kinetic analysis we tried 
to verify the finding of Al-Dabbagh et al [8] that the mutation H289R apparently does not 
affect the affinities for UDP-MurNAc-pentapeptide and C55-P, while lowering catalytic 
turnover by 5 orders of magnitude. It turned out, however, that no reliable affinities could 
be obtained, due to the very high enzyme concentration needed (~400 µM) to observe 
turnover (data not shown). Under these conditions the steady state assumption used in 
Michaelis Menten kinetics no longer applies, and hence the calculation of Km is invalid. 
Such a catalytic role of H289 as depicted above is comparable to the involvement of a 
histidine residue in the activity of undecaprenyl pyrophosphate phosphatase UppP from E. 
coli [39]. The catalytic histidine in UppP was proposed to act either as a base or by forming 
a phosphoramidate bond with undecaprenyl-pyrophosphate (C55-PP), similar to our 
proposal. It should be noted, however, that MraY is not able to break the pyrophosphate 
bond in C55-PP, most likely because the pyrophosphate moiety cannot be accommodated 
properly in the active site of the enzyme. Furthermore, the pyrophosphate moiety present 
in UDP-MurNAc-pentapeptide cannot be hydrolysed by MraY in the absence of 
polyprenyl-phosphate. MS analysis only showed exchange of 14N and 15N isotopes 
between UMP and UDP-MurNAc-pentapeptide in the presence of C35-P, as was suggested 
by previous studies using radiolabeled UMP [8]. This result is also in line with our finding 
that both substrates UDP-MurNAc-pentapeptide and C35-P need to bind before the 
products Lipid I and UMP are liberated. However, it contradicts the formation of phospho-
MurNAc-pentapeptide from UDP-MurNAc-pentapeptide as has been postulated before 
[40].  

The involvement of conformational changes in MraY translocase activity has been 
suggested before based on inhibition studies [1,41,42]. The lysis protein E from 
bacteriophage ΦX174 strongly inhibits MraY from Gram-negative species. Residues 
present in TM9 were found to be implicated in protein E binding [43]. MraY from Gram-
positive species are not affected by protein E though. While a conformational change 
similar to that proposed in e.g. MraY from E. coli might still occur in the enzymes from 
Gram-positive species, this could not be verified using protein E, because BsMraY does not 
(strongly) bind to protein E if at all [43].  
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4.4. Reaction mechanism 
 
The translocase activity of MraY requires clustering of the two substrates, UDP-MurNAc-
pentapeptide from solvent water and polyprenyl-phosphate with its hydrophobic tail 
embedded in the membrane environment. Based on the crystal structure of MraY from A. 
aeolicus, Chung et al. [6] proposed a reaction mechanism, where D98 (D117 in 4j72.pdb) is 
involved in deprotonation of the phosphate moiety of polyprenyl-phosphate, allowing 
subsequent nucleophilic attack on bound UDP-MurNAc-pentapeptide, e.g. as shown in 
Figure 7. Alternatively - or in addition - activation of the phosphate moiety of 
polypropylene-phosphate may proceed involving H289. When the reaction proceeds 
according to the mechanism shown, the oxyanion of polyprenyl-phosphate performs a 
nucleophilic attack on the phosphate moiety of MurNAc-pentapeptide leading to the 
formation of Lipid I. Concomitantly, the phosphorous-oxygen bond between UMP and the 
phosphate moiety of MurNAc pentapeptide is broken. This SN2 type process is fully 
reversible, providing a basis for the observed reaction, where incubations with UMP and 
Lipid I give rise to UDP-MurNAc-pentapeptide and polyprenyl-phosphate. 

 
       Figure 7. Concerted SN2 type mechanism of transferase reactions catalyzed by MraY. 

 
Alternative reaction mechanisms have been proposed where the translocase 

reaction proceeds via a nucleophilic attack on UDP-MurNAc-pentapeptide by an acidic 
residue in MraY [1] (e.g. D98). In this process UMP will be liberated in a similar fashion as 
shown in Figure 7. A covalently bound phospho-MurNAc-pentapeptide intermediate will 
then be formed, yielding either Lipid I after reaction with polyprenyl-phosphate or 
reproducing UDP-MurNAc-pentapeptide in the presence of high concentrations of UMP. It 
was found, however, that in the absence of C35-P, MraY did not catalyze a nucleotide 
exchange process between UDP-MurNAc-pentapeptide and UMP (Figure 4). Our work 
strongly suggests that polyprenyl-phosphate is needed to activate MraY. This renders that 
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the alternative scenario, in which the reaction proceeds via a nucleophilic attack on UDP-
MurNAc-pentapeptide by an acidic residue in the enzyme, is less likely than a direct attack 
of polyprenyl-phosphate on UDP-MurNAc-pentapeptide yielding Lipid I and UMP as 
illustrated in Figure 6. When Lipid I is bound to the enzyme, MraY may still reside in its 
activated form such that activation of UMP is not required for the nucleophilic attack on 
bound Lipid I yielding UDP-MurNAc-pentapeptide and polyprenyl-phosphate. It remains to 
be established in detail how the essential histidine H289 is catalytically involved in the 
translocase activity of MraY. It is clear, however, that H289 is not simply involved in 
binding of either substrate. More likely, it is needed to activate the phosphate moiety of 
the polyprenyl-phosphate. In this process a (slight) conformational change in MraY is 
essentially required for catalysis yielding Lipid I. Whether or not H289 is also catalytically 
required in the reverse reaction between Lipid I and UMP remains to be established as 
well. 
 
4.5. Inhibition of translocase activity 
 
The kinetics and docking study presented here have given new insight into the mechanism 
underlying MraY catalysis. While MraY has long been considered an ideal target for novel 
antimicrobial compound, the inhibitor development for this enzyme has so far not been 
very successful. Most studies on inhibition of MraY to eventually block peptidoglycan 
synthesis have been focused on competitive inhibition by UDP-MurNAc-pentapeptide 
analogs, such as tunicamycin [44]. Our current work provides structural insight on how to 
possibly block MraY activity by focusing on the polyprenyl-phosphate substrate: A 
promising approach would be to specifically alkylate or covalently block the essential 
histidine in the enzyme (H289 in BsMraY) using e.g. a competitive inhibitor that mimics 
the polyprenyl substrate.   

In addition, the noncompetitive inhibition of MraY from Gram-negative species by 
protein E has been reported [11,42,43]. Protein E inhibition of MraY is likely attributed to 
locking the enzyme in an inactive configuration such that conformational change cannot 
take place. Although protein E is found inactive against Gram-positive MraY, the structural 
homology of Gram-negative and Gram-positive MraY is such that conformational changes 
needed to activate the enzyme are very likely to be similar. If indeed, the inhibition from E 
is due to locking MraY in a form such that no accommodation of the hydrophobic 
polyprenyl phosphate could occur, screening for similar inhibitors that will also bind to 
Gram-positive species will widen the scope for such inhibition mechanism.   
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Chapter 4  
 

Characterization of Bacillus subtilis MraY purified 
in detergent-free styrene–maleic acid copolymer 
system  
 

 
 
 
 
 
Abstract   
 
As an integral membrane protein, purification and characterization of phospho-MurNAc- 
pentapeptide translocase MraY have proven difficult. Low yield and concerns of retaining stability 
and activity after detergent solubilization hampered structure–function studies, specifically 
elucidation of the catalytic mechanism of this important bacterial protein. In this study, a 
detergent-free system based on styrene-maleic acid (SMA) copolymer was applied to solubilize and 
purify Bacillus subtilis MraY. This system allowed efficient extraction of MraY from Escherichia coli 
membranes into SMA–lipid particles (SMALPs). MraY isolated in SMALPs was comparable with that 
isolated with a conventional detergent system using DDM with regard to the yield and the purity of 
the recombinant protein. However, the activity of the MraY obtained in SMALPs was reduced. 
Further monitoring of the protein’s thermostabililty by circular dichroism spectroscopy showed that 
the SMALP-incorporated MraY was folded, and was more stable than the detergent-purified 
translocase. Thus, this detergent-free purification is amenable to extract MraY from B. subtilis 
efficiently and effectively while maintaining the biophysical properties of the protein but the 
biochemical functionality of the enzyme was impaired to some extent, most likely because of the 
inaccessibility of the polyisoprenoid substrate to MraY. Our study demonstrates that care should be 
taken when applying the SMALP system to an enzyme with a membrane embedded lipid substrate. 
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1. Introduction 

Most bacteria are surrounded by a protective layer known as peptidoglycan layer of the 
cell wall. To build this distinctive and essential structure, bacteria have to undergo a 
multistep process that involves several enzymes. In brief, the biosynthetic pathway of 
peptidoglycan starts at the cytoplasm where soluble precursors are synthesized through 
the successive action of Mur enzymes, resulting in the final precursor UDP-MurNAc- 
pentapeptide. This molecule is used in the intracellular face of the cell membrane to 
generate two lipid intermediates, Lipid I and Lipid II. Lipid I is formed after attaching 
UDP-MurNAc-pentapeptide to undecaprenyl phosphate by the translocase MraY. 
Subsequently, the glycosyltransferase MurG catalyzes the formation of Lipid II from Lipid I. 
Lipid II is then translocated across the cytoplasmic membrane to the periplasmic space 
where it is used to synthesize mature peptidoglycan after processing by penicillin-binding 
proteins [1-3]. Owing to its essentiality for bacterial survival, peptidoglycan and specifically 
the enzymes involved in its biogenesis have been regarded as validated targets for 
developing antimicrobial drugs. Among the important ones, MraY has been the subject of 
several studies attempting to identify inhibitors. Up to now, a number of (novel) 
compounds have been reported [4,5] that exhibit an inhibitory effect on MraY. However, 
clinically effective drug candidates have as of yet not been designed.  

Exploration of MraY as a target for identifying inhibitors such as in high-throughput 
screening assays requires sufficient amounts of purified protein. MraY is an integral 
membrane protein that spans the cytoplasmic membrane of bacteria with 10 
transmembrane helices [6]. Expression and purification of this membrane protein has 
proven challenging. Consequently, biochemical analyses and studies addressing its 
structure/function are limited. In particular, the catalytic mechanism of this protein still 
remains unclear. To improve expression and subsequent purification of active MraY, 
several strategies have been followed, varying from cellular expression procedures to 
cell-free expression systems combined with nanodiscs [7].  

In the present study, we adopted a novel detergent-free approach to purify Bacillus 
subtilis MraY (BsMraY) in its active form. This approach is based on the use of styrene–
maleic acid (SMA) copolymer. This amphipathic copolymer is able to extract membrane 
proteins from biological membranes in their native lipid environment in the form of SMA 
lipid particles (SMALPs), also known as native nanodiscs, without the utilization of 
detergent [8,9]. Recently, this strategy has been successfully implemented to purify 
several membrane proteins (Reviewed in [10]). First, we developed a protocol to purify 
active MraY (expressed in an Escherichia coli strain) in SMALPs. We then compared the 
performance of this purification method to that of MraY obtained after using a 
conventional detergent system with n-dodecyl-ß-D-maltoside (DDM). Both systems show 
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comparable results with regard to purity and yield. Although detergent-free purification 
yielded MraY with a reduced activity, MraY encapsulated in SMALPs is more stable and its 
biophysical properties are conserved. However the activity of the enzyme was reduced to 
a certain extent.   

2. Material and Methods  
 
2.1 Materials 

 
Unless stated otherwise all chemicals used were purchased from Sigma Aldrich (Saint 
Louis, MO, USA); all DNA ladders, restriction enzymes, buffers were purchased from 
Thermo Fisher Scientific (Waltham, MA, USA).  

Primers for DNA amplification and sequencing were synthesized by Biolegio 
(Nijmegen, the Netherlands) or Integrated DNA technologies (Coralville, IA, USA). 
Sequencing services for all DNA constructs were provided by Macrogen (Amsterdam, the 
Netherlands). pGEM®-T Easy cloning system I was purchased from Promega (Fitchburg, WI, 
USA). pET28a vector was purchased from Novagen (Darmstadt, Germany). EDTA-free 
protease inhibitor cocktail tablet was obtained from Roche diagnostics (Basel, Switzerland). 
n-dodecyl-β-D-maltopyranoside (DDM) was obtained from Anatrace (Maumee, OH, USA). 
Precision Plus Protein™ standards were purchased from Bio-Rad Laboratories, Inc. 
(Hercules, CA, USA). Isopropyl-β-Dthiogalactopyranoside (IPTG) was purchased from 
Thermo Fisher Scientific. ΔslyD BL21(DE3) Escherichia. coli strain was a kind gift from Prof. 
Ry Young (Dept. Biochemistry and Biophysics, Texas A&M university, USA).  

 

2.2. MraY expression and purification  
 

The gene encoding MraY was amplified from Bacillus subtilis 168 using the primer pair: 
BamHI-BY; 5’-ggatccatgcttgagcaagtcattcgtttac-3’, and BY-HindIII; 5’-aagcttttataaccaca- 
cctcg-3’. The restriction sites are underlined. The PCR product was digested with BamHI 
and HindIII and ligated into the same sites of the pET28a vector, which carries an 
N-terminal His6 affinity tag. The resulted expression plasmid was named pET28aBsY. 

For overexpression of MraY, pET28aBsY was freshly transformed into competent 
ΔslyD BL21 (DE3) cells [11,12] and subsequently inoculated into 5 L of Luria Broth (1% 
trypton, 0.5% yeast extract, and 1% NaCl) supplemented with kanamycin (50 μg/ml) for 
overnight growth at 37 °C. This pre-culture was diluted 1:100 in pre-warmed (37 °C) 
terrific broth medium (1.2% tryptone, 2.4% yeast Extract, 0.4% glycerol, 17 mM 
KH2PO4 and 72 mM K2HPO4) supplemented with kanamycin (50 μg/ml). Growth was 
continued at 37°C up to an OD600 of approximately 0.5. Protein expression was then 
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induced by adding IPTG to a final concentration of 100 μM. Subsequent culturing was 
continued at 22°C for an additional 4 hours.   

 

2.3. Membrane solubilization with DDM   
 

Cells were then collected by centrifugation at 4,000 x g for 30 minutes at 4°C. At this step, 
cell pellets could be frozen at –20 °C until further use. The pellets were washed in 10 mL 
/1 L culture buffer consisting of 25 mM Tris-HCl, pH 7.6, 150 mM NaCl, and 10% glycerol 
(Buffer A) supplemented with 1 mM PMSF and protease inhibitor tablet (complete 
EDTA-free, Roche), 20 μM DNase, 20 μM RNase and 0.25 mg/mL lysozyme. This 
suspension was subjected to an ultrasonic probe while cooling in an ice bath during the 
entire sonication procedure (200 Watt, 5–10 times 10 s bursts). The suspension was then 
centrifuged at 12,000 x g for 10 minutes at 4 °C to remove the unbroken cells. The 
supernatant was centrifuged at 206,000 x g for 45 minutes at 4°C. The pellet (containing 
membranes and associated proteins) was resuspended in Buffer A (10 mL/5 L culture). 
Membranes were solubilized by addition of DDM at a final concentration of 1%. The 
mixture was incubated at 4 °C for 1.5 hours with agitation. After ultracentrifugation 
(206,000 x g for 45 minutes at 4 °C), the first supernatant was recovered. The remaining 
pellets were subjected to another round of solubilization. The supernatants were pooled 
and incubated with pre-equilibrated (with 20 mM imidazole in Buffer A) Ni+-NTA-agarose 
beads at 4 °C with mixing for 2.5 hours.  

The resin loaded with solubilized membranes was transferred to a gravity column 
and extensively washed with Buffer A containing 50mM imidazole. The protein was then 
eluted with Buffer A containing 250mM and 500mM imidazole. Purity of the protein was 
assessed by LDS-PAGE (adapted from Nu-Page® from Life technologies using 4× LDS 
sample buffer) analysis followed by silver (or Coomassie) staining according to standard 
protocols. The protein concentration of the purified MraY was determined by 
densitometry using bovine serum albumin (BSA) as standard. 

 

2.4. Membrane solubilization with styrene–maleic acid copolymer 
 
First, styrene–maleic acid co-polymer was prepared. To this end, Xiran 30010 (Polyscope, 
the Netherlands), a styrene–maleic anhydride with a molar styrene to maleic anhydride 
ratio of 2:1 and an average molecular weight of 9.5 kDa, was used to prepare the styrene 
–maleic acid copolymer (SMA) as previously described [8]. Briefly, the polymer was 
hydrolyzed in 1 M KOH under reflux for 2 h while heating the solution mixture to 100 °C. 
This was followed by precipitation by the addition of HCl and then 6 washing steps with 
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100 mM HCl to remove K+ ions. The mixture was lyophilized to obtain dry SMA powder, 
which could be stored at room temperature until further use.  

Second, membranes were solubilized as follows: a 6% (w/v) SMA solution was 
prepared by dissolving the SMA dry powder in 50 mM Tris solution with gradual addition 
of NaOH until the pH reached 7.8 while heating [8]. E. coli cell pellets containing MraY 
were collected from 5 L culture, washed, and resuspended in 2× Buffer A. The 6% SMA 
solution was added 1/1 (v/v) to the cell suspension and the mix was subsequently passed 
through the cell disruptor (Constant systems, Daventry, UK) at a pressure of 2.10 kbar. 
Unbroken cells were removed by centrifugation at 12,000 x g for 10 minutes at 4 ˚C. To 
allow complete solubilization, the supernatant was incubated with agitation for another 
1.5 h at 25 ˚C. The pH of the supernatant was adjusted to 8.0 and the sample was 
incubated overnight at 4 ˚C with Ni2+-NTA-agarose beads that were pre-equilibrated with 
Buffer A supplemented with 20mM imidazole. The protein was further purified and eluted 
as described above for DDM-MraY in section 2.3.  

 

2.5. Transmission electron microscopy 
 

SMA-MraY protein at a concentration of 0.28 µM was mixed with 0.5 µM Ni2+-NTA- 
nanogold particles of 5 nm (Nanoprobes Inc., Yaphank, NY, USA) in Buffer A (total volume 
of 20 µL) and incubated overnight at 4 ˚C. The mix was then transferred to a 
glow-discharged copper grid coated with Quantifoil polymer film and absorbed for 2 min. 
Excess sample (10 μL) was removed by filter paper. The grid was then stained with 
ammonium molybdate solution (2%, 5 μL) for 45 s and briefly dried with filter paper. The 
samples were observed under a transmission electron microscope (Tecnai 12, Philips) 
operating at an acceleration voltage of 120 kV. 

 

2.6. MraY activity test based on Lipid II synthesis 
 

Undecaprenyl phosphate (in MeOH, 44.6 nmol, dried), UDP-MurNAc-pentapeptide (crude 
extract from Staphylococcus simulans, 10 μL), Triton X-100 (0.5%), Tris-HCl (100 mM, pH 
8.0), UDP-GlcNAc (0.67 mM), MgCl2 (6.7 mM) were mixed and finally membrane 
containing MraY or purified protein (0.01 μg MraY and 0.01 μg MurG) was added (total 
volume of the mixture: 75 μL). The mixture was incubated at room temperature (25 ˚C) for 
1 hour or overnight for DDM-MraY and SMA-MraY, respectively and the reaction was 
quenched by adding 75 μL of butanol/pyridine-HAc (1/2, v/v), pH 4.2. The mixture was 
vortexed and centrifuged briefly to induce phase separation. The butanol phase (upper 
layer) was isolated and washed with 50 μL water. 18 μl of the upper layer was dried in a 
desiccator. The residue was dissolved in CHCl3/MeOH (1/1, v/v) and spotted on a silica gel 
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thin layer chromatography (TLC) plate. The plate was developed in a solvent mixture of 
CHCl3:MeOH:H2O:NH3 (88:48:10:1). The lipids were subsequently visualized by iodide 
staining. Quantificaition of the intensity of the Lipid II spots was performed using Image J. 
The image was first converted to 8 bit gray scale and a java script 
(Nonuniform_Background_Removal.java ) was used to enable the background correction 
plugin in Image J. The Lipid II spots were marked one by one with a rectangle of a fixed 
size and the total intensity inside each rectangle was measured as the intensity of the 
Lipid II spot.   

 

2.7. Synthesis of dansylated UDP-MurNAc-pentapeptide  

 
Figure 1. (A) In UDP-MurNAc-pentapeptide, the amine group of lysine was converted to azide 
through diazo transfer. The principle of the reaction is shown. (B) Structure of dansyl alkyne; (C) 
Structure of dansylated UDP-Mpp obtained through Cu(I) catalyzed azide-alkyne Huisgen 
cycloaddition (“click chemistry”).    

 
UDP-N-acetylmuramyl-L-Ala-γ-D-Glu-L-Lys-D-Ala-D-Ala (UDP-MurNAc-pentapeptide, 
Figure 1) was dansylated through click chemistry. The amine group of the lysine in the 
peptide chain of UDP-Mpp was first converted to an azide through a diazotransfer 
reaction using imidazole-1-sulfonyl azide hydrochloride salt (ISA•HCl) as previously 
described [13] (Figure 1A). Dansyl alkyne was prepared as described in [14]. Briefly, dansyl 
chloride (0.37 mmol, 100 mg) was dissolved in dry dichloromethane (DCM) under water 
free conditions. 3-butyn-1-ol (0.44 mmol, 0.05 ml) and triethylamine (0.74 mmol, 0.1 ml) 

http://www.cs.unc.edu/%7Ecquammen/imagej/Nonuniform_Background_Removal.java
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was added. The solution was stirred at room temperature overnight and then heated to 
40 ˚C for 4 hours. After cooling the mixture was washed with 5% NaHCO3 solution. The 
solvent was removed yielding dansyl alkyne (Figure 1B).      

2.8. Kinetics studies based on dansyl-Lipid I synthesis  

Total volumes of 50 μl consisting of 25 μM to 400 μM of C35-P, 15 μM to 100 μM 
DNS-UDP-Mpp, 200 mM Tris-HCl (pH 8.0), 0.5% Triton X-100 or 0.1% DDM, 50 mM MgCl2, 
100 mM KCl were mixed in 96-well plates. BsMraY (final conc. = 10 nM) either in SMALPs 
or in detergent was added with thorough mixing to initiate the reaction. A fluorescence 
enhancement assay [15] was used to monitor Lipid I formation until a plateau value was 
obtained. On the assumption that equilibrium had been reached under these conditions 
and using the known equilibrium constant [16] of 0.25 for the translocation reaction, the 
fluorescence signal (in RFU) was converted into concentration of DNS-Lipid I (702239.3 ± 
0.3% RFU/µM). 

2.9. Circular dichroism spectroscopy  

The purified protein fractions, 140 nM DDM-BsMraY and 70 nM SMA-BsMraY, were 
dialyzed against a CD-compatible buffer containing 15 mM NaCl and 1 mM phosphate. 
Far-UV CD experiments were performed on a J-810 spectropolarimeter (Jasco, Hokkaido, 
Japan) with a Peltier thermo control element (Jasco), using Teflon-sealed, polarimetrically 
checked quartz glass cuvettes (Hellma Analytics, Müllheim, Germany) with an optical path 
length of 1 mm and a volume of 300 μL. CD spectra were obtained between 195 nm and 
250 nm, using a wavelength increment of 1 nm, a scan speed of 10 nm/min and a 
response time of 5 s.  

2.10. Limited proteolysis by LysC protease  

BsMraY was mixed with LysC protease at a molar ratio of 1/100 (LysC/BsMraY) and 
incubated at 37˚C for 10 min. The reaction was quenched by adding 0.5% trifluoroacetic 
acid (TFA). The resulting mix was loaded on a 15% bis-Tris protein gel [17] and visualized 
by silver staining [18].  

3. Results and Discussion  

3.1. Detergent and detergent-free systems yield pure recombinant MraY 

Functional analysis of the properties of an integral membrane protein, such as MraY, 
outside its membrane environment requires careful isolation of the protein from that 
environment, while conserving all of its functional properties. In a previous study, MraY 
was isolated and purified from E. coli inner membrane using detergent micelles [6]. A 
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similar procedure was followed in the isolation and purification of a related protein, WecA 
[19]. In our work to isolate and purify BsMraY from E. coli strains C43 (DE3) or BL21 (DE3), 
we observed that an abundant E. coli protein SlyD co-purified together with MraY when 
detergent solubilization was used followed by incubation with Ni2+-NTA agarose beads. 
Contamination with SlyD has been noted before for other His-tagged proteins [20]. 
Although SlyD can be removed by further purification steps we decided to use a SlyD 
deficient strain of E. coli, ΔslyD BL21(DE3) that has been described previously [11,12]. 
BsMraY was successfully produced in this strain and isolated either using a DDM detergent 
system or a detergent-free SMALPs system.  

The SMALPs system is much less cumbersome or time consuming because no 
membrane isolation was required prior to solubilization, and a very high purity can be 
reached with a single purification. However, the total yield of MraY is comparable (0.04 
mg/L culture using SMA compared to 0.03 mg/L culture using the DDM detergent system).  

Figure 2A shows BsMraY purified in DDM detergent micelles (DDM-BsMraY) where 
this protein was obtained after a second purification step of the same batch. As shown in 
Figure 2A impurities at both high and low molecular weight can be observed in the first 
fraction (eluted with Buffer A containing 250 mM imidazole). Pure protein with a 
molecular weight of ~31 kDa usually can be obtained in the second fraction (eluted with 
Buffer A containing 500 mM imidazole). It should be noted that this method does not 
always lead to consistent results. Usually, two solubilization steps of the membranes were 
required and additional purification rounds with the Ni2+-NTA-agarose beads had to be 
carried out to yield sufficient amount of pure protein for further studies. Figure 2B shows 
the two fractions that contain pure MraY purified in SMALPs. Clearly, the second fraction 
(eluted with Buffer A containing 500 mM imidazole) contains very pure protein. Extraction 
of MraY using this non-detergent system is much more efficient, i.e. only one 
solubilization step was required, and more consistent in terms of the purity of the final 
eluate. It was conclusive from these results that the non-detergent SMA system holds 
obvious advantages over the DDM detergent system for MraY purification.  

We used Ni2+-NTA-nanogold particles of 5 nm diameter to label the His6-tagged MraY 
to verify that the proteins were indeed embedded in the SMALPs. Figure 2C shows the 
results after examination with transmission electron microscopy. The Ni2+-NTA-nanogold 
particles attached to the His6-tagged purified MraY are often observed on the edges of the 
nanodiscs, although some unbound particles were present most likely due to inefficient 
washing. The SMA-BsMraY nanodiscs display an average diameter of about 30 to 50 nm. 
Apparently, these nanodiscs are larger than what was recently reported for bacterial 
reaction centers encapsulated in SMALP nanodiscs [21] or the potassium channel protein 
KcsA [8]. We cannot explain this observation since BsMraY (Mw = ~ 30 KDa) is smaller in 
size than both the reaction center and KcsA. It is possible that BsMraY sometimes is 
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present in the disc in a dimeric form, as has been suggested by the crystal structure of 
Aquifex aeolicus MraY (AaMraY) [22]. This would fit with the appearance of two nanogold 
particles labeling one nanodisc as shown in Figure 2C.  However, it remains uncertain 
whether BsMraY is present in the membranes as a dimer (see discussion on this topic in 
Chapters 3 and 7). 

    
Figure 2. Recombinant MraY purified from B. subtilis using a detergent and a detergent-free system. 
(A) MraY (indicated by a black arrow) purified in DDM detergent micelles; or (B) in detergent-free 
SMALP nanodics. Protein bands were visualized by Coomassie staining. The two lanes in each gel are 
the two fractions eluted with Buffer A containing 250 mM and 500 mM imidazole (C) Transmission 
electron microscopy images of MraY in SMALP nanodiscs after nano-gold labeling. Three nanodiscs 
from the overview are shown in the enlarged images in the left panel (scale bar: 50 nm).  
 

3.2. Lipid II synthesis based activity tests of SMA-BsMraY and DDM-BsMraY 
 

To test the activity of purified MraY protein, an MraY-MurG coupled Lipid II synthesis 
assay was used. The reaction was carried out during 16 hours. Samples were taken each 
hour and analyzed by TLC. After iodide staining of the TLC plates it was observed that for 
both preparations the intensity of the Lipid II band from 16 h-synthesis on TLC was similar 
and comparable to the control band (synthesized with Micrococcus flavus membrane 
enriched in MraY). Compared with the DDM-BsMraY, SMA-BsMraY showed a rather linear 
increase with low amounts of Lipid II synthesized within the first 8 hours. Only at the end 
point (after 16 hours) the amounts of Lipid II that were synthesized were similar. 
DDM-BsMraY showed overall superior activity. Given that this assay is based on Lipid II 
synthesis, the presence of MurG activity is continuously driving the reaction to the right 
side of the equilibrium and therefore cannot be ignored when looking at the results.  
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It should be noted that Triton X-100 was added in the reaction mixtures to keep the lipid 
substrate (undecaprenyl phosphate, C55-P) soluble. As the detergent can spontaneously 
insert into lipid bilayer of the SMALP nanodiscs to form mixed micelles, it cannot be 
excluded that MraY was in the end present in micellar form. Attempts were made to use 
farnesyl phosphate (C15-P) or geranyl phosphate (C10-P) instead of C55-P, however no 
product was observed using these water-soluble substrates (data not shown).  

 

3.3. Lipid II synthesis is inhibited by free SMA 
 

As described in the previous section, SMA-BsMraY showed inferior activity compared to 
the detergent-solubilized and -extracted protein. Given that the only difference in the two 
systems is the presence of SMA, we attempted to evaluate whether there was an 
inhibitory effect of free SMA on BsMraY activity, thus implairing Lipid II synthesis. To this 
end, free SMA at concentrations from 0.0003% to 0.003% was titrated into the reaction 
mixture with DDM-BsMraY. Lipid II synthesis was visualized on a TLC plate and the result is 
shown in Figure 4A. The intensity of the Lipid II spot was analyzed by Image J and plotted 
against the concentration of SMA in Figure 4B. The intensity of Lipid II synthesized by 

Figure 3. Activity of either DDM-BsMraY 
or SMA-BsMraY. The intensity of Lipid II 
spots on TLC was analyzed by Image J and 
plotted against the incubation time. 
Incubation of 16 hours resulted in the 
most intensive Lipid II spot for both 
enzyme preparations and were assigned 
as 100% activity recovery.  
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DDM-BsMraY at 0% of free SMA was set as 100% activity. Surprisingly, the amount of 
synthesized Lipid II dropped already by more than 50% when only 0.003% of free SMA was 
added to the system (Figures 4A and 4B).  

There are two possible explanations for the negative effect of SMA on the activity of 
MraY: (1) SMA has high affinity to hydrophobic molecules and may capture the lipid 
substrate, C55-P, and prevent it from binding to the enzyme; (2) It is known that MraY 
activity dependents on the presence of Mg2+. The negatively charged SMA polymer may 
bind to Mg2+ and thereby impair MraY activity. A simple experiment that can test the 
second explanation is to titrate in Mg2+ to the reaction mix. This is described in the next 
section.  

 
Figure 4. (A) Lipid II synthesis with DDM-BsMraY (1 h incubation) visualized on TLC. First lane 
without adding free SMA. From second lane onwards increasing amount of free SMA was added; (B) 
Intensity of the spots on TLC shown in 4A was quantified using Image J and plotted against the 
concentration of SMA. Activity was set to 100% when no SMA was present. A dramatic drop of 
activity was observed as the SMA concentration increased. (C) Chemical structure of SMA polymer at 
neutral pH. The X30010 SMA used in this study has an average styrene to maleic acid molar ratio of 
n:m = 2:1.   

 
3.4. Influence of Mg2+on Lipid II synthesis  

 
The inhibitory effect of free SMA on Lipid II synthesis could have different explanations, 
one of which is that the negatively charged SMA (Figure 4C) bound to Mg2+, the co-factor 
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essential for MraY activity. To test this hypothesis, MgCl2 at concentrations varying 
between 7 mM and 50 mM was titrated into the reaction system. SMA-BsMraY activity 
was clearly improved as Mg2+ concentration increased (Figure 5). In order to give a clear 
overview, Lipid II synthesis with 50 mM Mg2+ present was assigned as 100% activity 
recovery. The amount of Lipid II that was synthesized after two hours only slightly 
increased upon increasing the Mg2+ concentration up to 35 mM. Beyond a concentration 
of 35 mM of Mg2+, a steeper increase in the amount of synthesized Lipid II was observed. 
This suggests a large increase of MraY activity. At this point, it is not clear whether there is 
an influence of Mg2+ on MurG activity though we do not see an obvious subpar amount of 
Lipid II synthesized by DDM-BsMraY samples with the same batch of pure MurG enzyme, 
tested in other TLC-based tests with lower amount of Mg2+ (cf. Figure 3). It is possible that 
the concentration of Mg2+ reached a critical resistance level around 30 mM and the 
unwanted free SMA started to be precipitated out of the reaction. Therefore its impact on 
the assay was no longer existent. Accordingly, a white precipitate was observed in the 
mixtures with more Mg2+.   

 

 
Figure 5. Effect of Mg2+ on Lipid II synthesis with SMA-BsMraY. (A)A representative TLC plate 
showing synthesized Lipid II (after 2 h incubation) spots with increasing amount of Mg2+; (B) 
Intensity of the Lipid II spots on TLC (n = 3) quantified by Image J and plotted against the 
concentration of Mg2+. 

 

3.5. Dansylated Lipid I synthesis 
 

The results described above in sections 3.2 to 3.4 rely on the Lipid II synthesis that involves 
another enzyme, MurG, in the reaction system. Therefore, the influence of free SMA and 
Mg2+ cannot be exclusively assigned to MraY. To quantitatively measure the activity of the 
purified BsMraY, a continuous fluorescence enhancement assay based on DNS-Lipid I 
synthesis was developed [23]. This assay exploits the polarity-based fluorescence nature 
of dansyl group. The amine group of lysine in the peptide chain of UDP-Mpp was 
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chemically modified into an azide group and subsequently clicked to DNS-alkyne to yield 
DNS-UDP-Mpp (Figure 1C). The dansyl group, which fluoresces weakly (quantum yield < 
0.1) in an aqueous environment [24], is brought into a non-polar hydrophobic 
environment (the detergent micelles) upon Lipid I synthesis. The emission shifts towards 
the blue (λex = 346 nm, λem = 530 nm) and the quantum yield increases greatly (Figure 6). 
The fluorescence signal reaches a plateau when the reaction reaches equilibrium (Figure 
6). Pure heptaprenyl phosphate (C35-P), an alternative to the natural lipid substrate 
(C55-P) of MraY, was either included to allow DNS-Lipid I synthesis or excluded in the 
reaction to obtain baseline fluorescence signal of DNS-UDP-Mpp. DNS-Lipid I synthesis 
showed different reaction rate than the TLC-based Lipid II synthesis (Figure 3) as the end 
point (plateau value) was reached within 20 min. This could be due to the exclusion of 
MurG and the much higher sensitivity of the fluorescence-based assay. The assay was 
used as a standard assay to obtain kinetics data of MraY for both substrates (UDP-Mpp 
and C35-P) as also described in Chapter 3.   

 
3.6. SMA-BsMraY kinetics 

 
Detergent extraction of membrane enzymes may lead to removal of (essential) membrane 
lipids close to the enzyme. Previously, the lipid environment was found to be important 
for MraY in Gram-negative species i.e. anionic lipids such as phosphatidylglycerol with 
various acyl chains and cardiolipin were required for lipid I synthesis, and E. coli MraY in 
pure phosphatidylcholine was not active [7,25]. As shown in Figure 7A, formation of 
DNS-Lipid I was monitored for SMA-BsMraY and DDM-BsMraY under similar conditions.  

Figure 6. DNS-Lipid I synthesis by 
DDM-BsMraY switched on by 
addition of C35-P. In this reaction, 
35 µM UDP-Mpp was used. C35-P 
was added to a final concentration 
of 400 µM. The concentration of 
DNS-Lipid I was converted from the 
fluorescence signal (702239.3 ± 
0.3% RFU/μM) as described in 
Chapter 3. 
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Figure 7. (A) DNS-Lipid I production from 25 µM DNS-UDP-Mpp and 400 µM C35-P (in 0.5% Triton 
X-100) catalyzed by DDM-MraY (14 nM) or SMA-MraY (14 nM). Concentration of DNS-Lipid I was 
converted from the fluorescence signal (702239.3 ± 0.3% RFU/μM) as described in Chapter 3. (B) 
Turnover rate of DNS-Lipid I production from 25 µM DNS-UDP-Mpp at several C35-P concentrations 
for DDM-BsMraY () and SMA-BsMraY (). 

While rapid formation of DNS-Lipid I is seen for DDM-BsMraY, the SMA-BsMraY enzyme 
only shows activity after a lag phase of at least 10 minutes.  
   SMA-BsMraY catalyzes a slower reaction than DDM-BsMraY although equal amount 
of substrates and enzyme were used. During the lag phase less Lipid I is synthesized. The 
flatter slope indicates a lower turnover rate (min-1). In Figure 7B the maximum rate of 
production of DNS-Lipid I from 25 µM UDP-Mpp is shown as a function of C35-P 
concentration for DDM-BsMraY and SMA-BsMraY respectively. The apparent Km found for 
C35-P (350 µM) for SMA-BsMraY is more than one order of magnitude higher than that for 
DDM-BsMraY (30 µM) at 25 µM UDP-Mpp. When it is assumed that Km and Ks values for 
the hydrophilic substrate UDP-Mpp are not affected by SMA, the Km for C35-P can be 
estimated using the data given in Table I of Chapter 3, giving 1.56 mM.  

Two different detergents, DDM and Triton X-100, were present in the assay when 
DDM-BsMraY was tested. Therefore we also performed the reactions using DDM at three 
different concentrations to replace Triton X-100 in the Lipid I synthesis assay testing 
SMA-BsMraY. It was interesting to observe that 0.1% DDM instead of Triton X-100 greatly 
improved the reaction rate of Lipid I formation, while changing the concentration of Triton 
X-100 did not result in any change.  

It is important to identify the reason why SMA-BsMraY shows a lower activity than 
DDM-BsMraY. As aforementioned free SMA and concentration of Mg2+ both affected Lipid 
II synthesis. Given the heterogeneous nature of the reaction system, i.e. involvement of 
different detergents, lipids, and ions, the kinetics studies with SMA-BsMraY were not 
carried out in more detail because of the very poor performance of the enzyme under 
these conditions. It is yet inconclusive what is truly affecting the reaction rate. From a 
structure point of view (see Chapter 3), the accessibility of a hydrophobic binding pocket 
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accommodating the polyprenyl phosphate is essential for MraY activity. As shown in 
Figure 8, there is a significant lag-phase of at least 10 min regardless of the type and 
concentration of the detergent. Whether the 10 min is used for dissolution of SMALP 
nanodiscs or for access of C35-P becomes the key to this question.  

 

 
Figure 8. The influence of detergent on SMA-BsMraY activity. (A) DDM concentrations from 0.1% to 
1% were used in DNS-Lipid I synthesis. The reaction was followed for up to two hours and it reached 
equilibrium faster when 0.1% DDM was used. (B) Triton X-100 at two different concentrations (0.5% 
or 1%) did not affect reaction rate as the time when the equilibrium was reached under these 
conditions was almost undistinguishable.   

 

3.7. Thermal stability of SMA-BsMraY and DDM-BsMraY  
 

The thermal stability of MraY in SMALP nanodiscs was compared to MraY in DDM micelles 
by recording far-UV circular dichroism (CD) spectra of the purified protein in both 
conditions with the incubation temperature increased from 20 °C to 95 °C. The CD raw 
data (ellipticity in millidegrees) are converted to molar mean residue ellipticity values. The 
results are shown in Figure 9. The spectra of SMA-BsMraY and DDM-BsMraY are not 
identical (Figure 9A and 9B), although the shape of the spectra acquired at 20 °C for both 
conditions shows minima at around 208 and 222 nm indicating a predominantly α-helical 
structure (Figure 10C). Upon gradual heat exposure, MraY in DDM micelles started losing 
its alpha-helical structure at 40 °C (Figure 10A) while the protein maintained its structure 
in SMALPs up to 60 °C (Figure 10B) where the difference is most pronounced. The 
calculated percentage of the α-helices of MraY secondary structure is 82.7% in DDM 
micelles and 84.1% in SMALP nanodiscs. Figure 10C shows the mean ellipticity value at 208 
nm, which represents the gradual loss of the α-helical structure of the protein in the two 
conditions. The largest difference is observed at 60 °C. It can be concluded that MraY 
retains its secondary structure longer in the SMALP nanodiscs. From the functionality 
studies described in the sections above however, this is not necessarily an advantage in 
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terms of enzymatic activity. Lipid II synthesis (overnight incubation) was not impaired 
using the enzyme preparations heated to the 40 or 60 °C (heated for 1 h prior to the 
activity test). The enzyme only suffered complete activity loss after being heated to 95 °C 
(Figure 9D). These results suggest that MraY purified in the SMALP nanodiscs are folded 
and maintained its dominant α-helical structure and its activity up to a relatively high 
temperature (at least 60 °C in our experiments). It is interesting to note that Lipid II 
synthesis by DDM-BsMraY, though having been heated to 60 °C, was not impaired. One 
possibility is that the protein could gradually refold during the time of incubation in the 
reaction mixture. Directly using the SMALP-encapsulated enzyme in an assay described 
here is however not ideal. The activity may be restored by other methods such as 
reconstitution into liposomes or detergents, which need further investigations. It should 
also be noted that during prolonged storage at –20 °C, a white precipitate was observed 
from the SMA-BsMraY aliquots and the protein lost its activity after about 4 weeks. The 
protein in DDM, however, remained active for months (data not shown).   

 
Figure 9. Thermal stability of purified BsMraY. (A-C) Normalized circular dichroism (CD) spectra of 
BsMraY purified in DDM micelles or SMALP nanodiscs are shown. Spectra were recorded at 4 
different temperatures from 20 °C to 95 °C. Data are offset corrected averages of 10 scans; (A) CD 
spectra of DDM-BsMraY; (B) CD spectra of SMA-BsMraY; (C) Comparison of CD spectra of 
DDM-BsMraY and SMA-BsMraY at 20 °C, The mean ellipticity at 208 nm of both forms of BsMraY is 
shown in the inset. (D) TLC analysis of Lipid II synthesized from SMA-BsMraY or DDM-BsMraY 
incubated at 4 different temperatures prior to activity test.  
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3.8. Limited proteolysis  

The reduced activity of SMA-BsMraY and in particular the initial rate staying at zero for 
nearly 15 minutes in the DNS-Lipid I synthesis assay could be explained by the following 
scenarios. Firstly, the access of the lipid substrate C35-P to the hydrophobic binding 
pocket of MraY that was embedded in the nanodiscs could be very limited. Secondly, the 
enzyme has to be completely liberated from the nanodiscs to allow binding of the 
substrate. Alternatively, both scenarios may occur simultaneously. To discriminate 
between these two options, limited proteolysis experiments on both DDM-BsMraY and 
SMA-BsMraY were performed as this technique is able to distinguish different folding 
states of (membrane) proteins (Figure 10).  

As shown in Figure 10, LysC proteolysis leads to virtually complete breakdown of 
DDM-BsMraY into several smaller fragments. By contrast, SMA-BsMraY is much more 
resistant to proteolysis. In the absence of DDM detergent, only one major product (~ 25 
kDa) is formed while the amount of intact protein (at ~ 31 kDa) is about 89%. 
Pre-incubation of SMA-BsMraY with 0.1% DDM up to 2 hours shows that the enzyme is 
getting slightly more susceptible to proteolysis. On average 84% ± 3% of intact protein 
remains after LysC treatment. Again, one major product is formed, similar to that 
produced in the absence of DDM detergent. This observation indicates that the scenario 
where a complete dissolution of SMA-BsMraY into DDM micelles within 15 minutes is 
likely invalid. Instead, MraY embedded in the rather rigid SMALP nanodiscs provides poor 
accessibility of the enzyme to its lipid substrate. This is most likely the cause of the 
reduced activity.   

 
 
 

Figure 10. LysC treatment of 
DDM-BsMraY and SMA-BsMraY. 
The influence of 0.1% DDM on the 
stability of SMA-BsMraY in the 
presence of LysC is shown after 10, 
40 and 120 min incubation with the 
detergent at a final concentration 
of 0.1%. The lanes with the 
untreated protein are annotated 
with (*). M indicates the protein 
marker and the sizes (in kDa) are 
shown on the left side of the 
ladder. Intact BsMraY displays a 
molecular weight of about 31 kDa 
and is indicated by a black arrow.  
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4. Conclusion  

Our studies show that SMALP nanodiscs with embedded MraY were formed when SMA 
polymer was added to the E. coli cells expressing this protein (TEM images shown in Figure 
2C). Using Ni2+-NTA-agarose affinity beads, the protein could be purified within a few steps. 
The solubilization and purification procedures with SMA were much less cumbersome or 
time-consuming than the conventional detergent protocols. The bulk yield was in 
milligrams from one liter of cell culture, which is similar to DDM-BsMraY with the 
difference that the purity of SMA-BsMraY was somewhat higher and the results were 
more consistent. Our data also showed that MraY in nanodiscs was less susceptible to 
protease degradation and more resistant to heat denaturation so the overall stability 
surpassed that of DDM-BsMraY. Such improved performance in membrane protein 
isolation was previously reported in other studies [8,26].  

In the enzymatic studies that we carried out for MraY, such stability however showed 
disadvantages rather than advantages. We observed that SMA-BsMraY was much less 
active than DDM-BsMraY. In the TLC assay based on Lipid II synthesis as well as the 
fluorescence enhancement assay based on DNS-Lipid I formation, SMA-BsMraY depicted 
subpar ability in catalyzing the reactions. Given the knowledge described in Chapter 3 
where the structure and function relationship of MraY was investigated using docking 
models, we could deduce that the accessibility of MraY in the nanodiscs was greatly 
hampered by the surrounding SMA polymers with negative charges. The requirement that 
the polyprenyl phosphate, the lipid substrate of MraY, should bind in the hydrophobic 
groove of MraY formed by TM5, TM8, and TM9 indicates that the flexibility of the MraY 
TMs is important for its activity. Although previous studies have put much emphasis on 
the cytoplasmic side of MraY and revealed that the active sites mostly locate on that side, 
our studies demonstrate that how MraY binds with the lipid substrate is of crucial 
importance as well. When this binding is impaired, the activity of MraY can be 
substantially affected. Our results with MraY suggest that the SMALP system is not 
optimal for the purification of membrane embedded enzymes that have 
membrane-embedded (lipid) substrates that require binding to the TM-part of the 
protein.       
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A reporter system with split SNAP-tag to detect 
the localization of outer membrane lipoproteins 
in E. coli   
 
 

 

Abstract 

Bacterial lipoproteins are a group of membrane proteins that are involved in various 
stages of bacterial physiology. The lipoprotein biogenesis pathway in Gram-negative 
bacteria contains essential enzymes such as LspA, that maybe potent targets for novel 
antibiotics. As the bacterial multidrug resistance problem has emerged in recent years, 
development of high throughput screening assays for antibacterial compounds is of great 
importance. Since disruption of various stages of the lipoprotein biogenesis pathway will 
result in incorrect localization of mature lipoproteins thereby impairing their function, the 
present study aimed at developing a split protein reporter system able to screen inhibitors 
that target the lipoprotein biogenesis pathway in Gram-negative cells. Here we report on 
the construction of a split SNAP tag reporter system where recombinant murein 
lipoprotein Lpp and outer membrane protein A (OmpA) were outfitted with split SNAP-tag 
combinations. The reporter system was tested in a Δlpp or ΔompA background using a 
fluorescently labeled SNAP probe benzylguanine-ATTO550 to visualize the proteins with 
SNAP-tag. We could show that truncated Lpp with nSNAP tag and OmpA with cSNAP or 
cClip tag could be expressed and localized correctly in the outer membrane. Preliminary 
results of fluorescent labeling of the protein fusion by a synthesized SNAP substrate azido 
benzyl guanine (ABG)-ATTO550  were obtained. However some challenges remain such as 
nonspecific binding of the SNAP substrate, and it is not certain whether the SNAP-tag was 
fully reconstituted on the inside of the outer membrane in an active form. Despite the 
infant stage, the present study is a first step towards a novel reporter system as basis of 
the development of an in vivo whole cell screening assay of inhibitors targeting the 
lipoprotein biogenesis pathway.  
 
Manuscript in preparation  



Chapter 5 
 

96 
 

1. Introduction  
 
Infectious diseases caused by multidrug resistant Gram-negative bacterial pathogens 
remain a growing threat to the public health. The superbugs, which can resist virtually all 
available antibiotics, include several Gram-negative species such as Neisseria 
gonorrhoeae, Klebsiella pneumonia, Escherichia coli, Acinetobacter baumannii, Salmonella, 
and Pseudomonas aeruginosa. The most infamous resistance mechanism is based on the 
(metallo) β-lactamases, a group of enzymes that can hydrolyze β-lactams of which the 
metallo versions are especially effective in hydrolyzing virtually all β-lactams [2,3]. The 
antibiotic of last resort that circumvents these (metallo) β-lactamases is colistin [4], an old 
class of polymyxin antibiotic that specifically targets Gram-negative pathogens. However, 
very recently strains that are resistant to colistin were found in China [5]. The resistance 
gene mcr-1 was found to be carried by a plasmid and can be spread via horizontal gene 
transfer among different Gram-negative strains. Indeed, only three months after the 
discovery, scientists from different geographic locations discovered plasmids harboring 
the mcr-1 gene in bacterial strains isolated from farm animals and humans [6-11].  Given 
such emergence of antibiotic resistance among Gram-negative pathogens, novel 
approaches to discover antibiotic lead compounds that act against Gram-negative bacteria 
are in urgent need.  

Gram-negative bacteria are difficult to target due to the major distinguishable 
feature with their Gram-positive counterparts, namely the extra outer membrane within 
their cell envelope structure. The Gram-negative outer membrane acts as a permeability 
barrier for antibiotic compounds and is one of the main reasons why infections caused by 
Gram-negative bacteria are relatively difficult to treat. Examples of antibiotics that are 
inactive possibly due to outer membrane impermeability include vancomycin that inhibits 
cell wall synthesis in Gram-positive bacteria [12,13], some uridine peptide antibiotics that 
target MraY, and murgocil that binds to MurG but acts strictly against Staphylococci 
[14](Chapter 2). The outer membrane is in direct contact with the external environment, 
and is essential for bacterial viability [15], hence its biogenesis may be an interesting 
target for antibiotic development. The major components of the outer membrane are 
phospholipids, outer membrane proteins (OMPs), lipopolysaccharides, and the 
lipoproteins [16]. The outer leaflet, which is solely composed of lipopolysaccharides (LPS), 
contributes to the stability of the cells and functions as a barrier to harmful molecules 
such as antibiotics. Hydrophobic molecules partition poorly into the lipopolysaccharides 
and cross the outer membrane at a low rate, about 1/50 to 1/100 of the rate through the 
usual lipid bilayers. This unusual membrane is home to OMPs including porin proteins 
such as OmpF, OmpC, and PhoE. These porin proteins form channels through the outer 
membrane and constitute the most important route for nutrient import but also allow 
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other hydrophilic molecules to pass including antibiotics [17,18]. The OMPs are 
synthesized in the inner membrane and are transported to the outer membrane with the 
help from soluble chaperones and membrane embedded machines including the beta 
barrel assembly machinery, which is composed of both OMPs and lipoproteins and acts to 
correctly insert the OMPs into the outer membrane [18].    

Lipoproteins, another major component of the Gram-negative cell envelope, are a 
group of hydrophilic proteins with a conserved N-terminal lipid-modified cysteine residue 
that allows anchoring onto bacterial cell membranes [19,20]. Many lipoproteins were 
found to be essential in Gram-negative bacterial physiology. For instance, the lipoproteins 
BamC, BamD, and BamE [21] are central components of the beta-barrel assembly 
machinery (BAM complex) [22], a protein complex that is responsible for the integration 
of OMPs into the outer membrane as folded proteins. These lipoprotein components, 
BamCDE, are interdependent to form the BAM complex together with the outer 
membrane protein BamA. BamD is essential as the deletion of BamD led to cell viability 
loss and modifications in the C-terminal part of BamD led to major cellular defects such as 
decreased OMP levels [23]. Other well-known examples of essential lipoproteins are LpoA 
and LpoB [24] that form a complex with, respectively, PBP1A and PBP1B to activate 
peptidoglycan synthesis. PBP1A and PBP1B both require their cognate outer membrane 
lipoproteins to function properly in vivo. Another lipoprotein, LptE (RlpB) [25], has an 
essential function in the transport of LPS to the outer leaflet of the outer membrane. LptE 
inserts the lipopolysaccharides in the external leaflet of the outer membrane together 
with LptD [26]. The most abundant lipoprotein in E. coli, namely Braun’s lipoprotein Lpp 
stabilizes the outer membrane by anchoring it to the peptidoglycan. Lpp, which 
exemplifies many other outer membrane lipoproteins, is typically synthesized in the 
cytoplasm and transported to the outer membrane via the Lol complex. This protein 
complex itself involves an essential lipoprotein called LolB [27]. Logically, in view of the 
above essential function of lipoproteins, enzymes such as Lgt, LspA, and Lnt [19,28,29] 
that are involved in the synthesis and maturation of Lpp were also found to be essential 
for the viability of bacteria, especially the Gram-negative species [30-32]. However there is 
a paucity of antibiotics that target this lipoprotein biogenesis pathway. The most well-
known antibiotic is a signal peptidase II (LspA) inhibitor, globomycin, which shows potent 
antibacterial effect against Gram-negative bacteria [33]. In view of this, the present study 
aimed at developing a generalized fluorescence based whole cell screening assay to 
discover inhibitors that disrupt any stage of the lipoprotein biogenesis pathway by 
monitoring the correct localization of lipoproteins to the outer membrane.  

Whole cell screening or high content screening allows simultaneous readouts of 
several parameters and is highly appreciated for applications in drug discovery to 
efficiently identify substances that target a cellular component. The general concept of 
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our assay is that when a mature lipoprotein is synthesized and localized to the outer 
membrane of E. coli without any disruption, this would lead to a functional recombination 
of a split-protein pair. The detailed design of this assay was inspired by Ozawa et al. based 
on a split protein reporter system for protein localization to mitochondria [34]. In this 
study, cDNA libraries were fused with the coding sequence of N-terminal halves of the 
enhanced green fluorescent protein (EGFP) and a protein splicing element DnaE. When 
the protein expressed from this tandem fusion contained a functioning mitochondrial 
targeting signal (MTS), it correctly localized to mitochondria and got into close proximity 
with an MTS fused with the C-terminal halves of EGFP and DnaE. This led to protein 
splicing and a fluorescent signal would appear upon reconstitution of EGFP. This 
technology inspired us to apply the same concept for studying the localization of bacterial 
lipoproteins and thereby derive a screening assay able to monitor inhibition of the 
lipoprotein maturation and transport pathway.  

Different fluorescent reporter systems are available to detect protein-protein 
interaction or protein localization, but very few of them were developed for this purpose 
in bacteria [35]. Commonly used split protein systems include split GFPs [36-40], split 
luciferase [41], split mCherry [42,43], and split SNAP tag [44,45]. For our purpose, the split 
protein pair must be usable in the periplasm, we chose the split SNAP tag system over the 
others following the reasoning below. The split GFP system was previously described to 
study membrane protein topology in E. coli, however, a fluorescent signal could only be 
observed when both GFP fragments were located in the cytoplasm of E. coli [37,40]. 
Although the twin arginine transport (Tat) system was shown to successfully translocate 
folded functional GFP to the periplasm, this cannot be applied for our purpose since the 
maturation of the lipoproteins require translocation via the secYEG system. Split-mCherry 
[43] was used to detect protein phosphorylation in E. coli cells where the N-mCherry was 
fused to a tetratricopeptide repeat (TPR) protein and the C-mCherry was fused to a 
phosphopeptide. The authors showed, in agreement with other studies [42,46], that 
fluorescence from such a split protein system could only be reconstituted if the fusion 
proteins interact in the cytoplasm [44]. The split-SNAP system (illustrated in Figure 1) 
originated from the SNAP-tag, which is a mutant of the human DNA repair protein O6-
alkylguanine-DNA alkyltransferase (hAGT). SNAP-tag can bind covalently to any substrate 
that contains O6-benzylguanine. The N-terminal domain of SNAP is structurally important 
to keep the C-terminal domain in its active configuration. The C-terminal domain contains 
the binding pocket for the O6-alkylguanine substrate and the active site Cys145 to which 
the substrate is covalently linked. This feature of the SNAP-tag enables rapid labeling and 
visualization of proteins in living cells using a variety of fluorescent probes [47,48]. Later 
studies [44,45] showed that when split SNAP-tags (nSNAP: 1-91 amino acids; cSNAP: 92-
182 amino acids) were fused to proteins that could interact with each other, the split 
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SNAP-tags could be brought into close proximity leading to reconstitution of an active 
enzyme. In addition cClip, a mutant of cSNAP, is used. cClip was reported to also have the 
ability to reconstitute the complete SNAP tag together with nSNAP. cClip binds specifically 
to substrates with O2-benzylcytosine and according to literature the combination of 
nSNAP and cClip ensures simultaneous labeling in living cells with higher substrate 
specificity than the cSNAP set-up [44].  In this study we explore the use of the split SNAP-
tag system to report on the correct localization of outer membrane (lipo)proteins in Gram-
negative bacterial cells.  

   

 
Figure 1. Illustration of split SNAP-tag complementation system. 

Lipoproteins are synthesized with a signal sequence containing a motif called a 
lipobox with a conserved cysteine (C21) surrounding the signal peptidase II cleavage site, 
as illustrated in Figure 2. This prolipoprotein is anchored in the cytoplasmic membrane, 
and three subsequent enzymes further process the precursor on the periplasmic side to its 
mature form. The first step is the transfer of a diacylglycerol to the sulfhydryl group of the 
cysteine via a thioether linkage by the cytoplasmic membrane-associated prolipoprotein 
diacylglyceryl transferase (Lgt). Then, signal peptidase II (LspA) cleaves the signal peptide 
which frees the alpha-amino group of the diacylglycerol-cysteine and produces 
apolipoprotein. Finally, apolipoprotein N-acyltransferase (Lnt) acylates the amino group of 
the N-terminal cysteine of the apolipoprotein and generates mature lipoprotein. Lnt can 
use any available phospholipid in the bacterial membrane as acyl donor [49]. This mature 
lipoprotein is subsequently translocated to the inner leaflet of the outer membrane by the 
Lol system [50]. First, the LolCDE complex, an ABC transporter, carries the mature 
lipoprotein to the periplasmic chaperone LolA. LolA subsequently transports the 
lipoprotein to the outer membrane receptor LolB. The Lol proteins are unique to Gram-
negative bacteria, and have been shown to be essential to/for bacterial survival [50]. 
Braun’s lipoprotein Lpp, the most abundant lipoprotein, was selected as the model protein 
in the present study. It has been reported that only the N-terminus of Lpp including the 
Lipobox sequence up till the cysteine residue is essential for correct Lpp translocation [51]. 
The latter property allows facile modification of the C-terminus of Lpp with one of the 
components of the split SNAP-tag system.  
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The other important factor is the protein that is in Lpp’s close proximity for which 
we chose the abundant outer membrane protein A (OmpA)  because its abundance 
ensures that some of the OmpAs must localize in the neighborhood of the mature Lpp. 
Unfolded OmpA is transported by periplasmic chaperones [52] to the outer membrane 
where it binds to BamA of the BAM-complex and subsequently is inserted into the outer 
membrane. BamA usually binds to OMPs through their signature sequences, i.e. a C-
terminal phenylalanine or tyrosine. For OmpA the signature phenylalanine is found at the 
N-terminus, which conveniently enables us to modify its C-terminus. Besides OmpA, we 
also made an attempt to use another outer membrane protein, PhoE, as component of 
the SNAP-system. PhoE, which functions as a trimer in the outer membrane, has an 
essential C-terminal phenylalanine residue. Therefore, we designed a construct of N-
terminal tagged PhoE, in which we placed nSNAP or cSNAP tag behind the signal sequence 
and in front of the mature phoE sequence. 

 

2. Material and methods  

2.1. Materials  

Unless stated otherwise, all chemicals were purchased from Sigma-Aldrich (Germany). PCR 
primers were purchased from Integrated DNA Technologies (Belgium). Anti-SNAP antibody 
and pACYC177 vector were purchased from New England Biolabs (Ipswich, MA, USA). 
pBAD-Myc/His vector was bought from Life Technologies (Bleiswijk). Anti-Lpp, anti-OmpA 
antibodies, Δlpp E. coli strain JE5517, and ΔompA E. coli strain CE1537 were kind gifts from 
Prof. Jan Tommassen (Dept. Molecular Microbiology, Utrecht University, the Netherlands). 
The Lpp construct pCHAP9807 was provided by Dr. Nienke Buddelmeijer (Institute 
Pasteur, Paris, France). pcDNA3.1-nSNAP, -cSNAP, and –cClip were kind gifts from Dr. 

Figure 2. Lipoprotein 
maturation and 
export pathway. 
Figure adapted from 
[1]. 
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Masayasu Mie (Tokyo Institute of Technology, Tokyo, Japan). pCDNA4-TO-Kb-SNAP-FZD5 
is a kind gift from Dr. Ingrid Jordens (UMC Utrecht, The Netherlands). Goat anti-rabbit IgG 
(H+L)-HRP conjugate was bought from Bio-Rad (Veenendaal, The Netherlands). Goat anti-
mouse IgG (H+L)-HRP conjugate was purchased from Pierce Antibodies.   

2.2. Construction of pBAD- lpp66-n/cSNAP 

Coding sequence of E. coli K12 Braun’s lipoprotein Lpp was amplified using primers: 
forward 5’- GCTCTCGAGATGAAAGCTACTAAACTGGTACTGGGCG-3’, reverse 5’-TCAAGCTTT-
TACTTGCGGTATTTAGTAGCCATGTTGTCC-3’. The Lpp sequence was cloned into the pBAD-
Myc/His vector between the XhoI and HindIII sites (underlined in the primer sequences 
above) yielding a pBAD-lpp construct. An NheI restriction site was introduced into the lpp 
coding sequence with site-directed mutagenesis using primers (the mutation site is 
underlined in the primer sequences): A197G: forward 5’-GCAGCTCGTGCTAGCCAG-
CGTCTGG-3’, reverse 5’-CCAGACGCTGGCTAGCACGAGCTGC-3’. nSNAP was amplified from 
pcDNA3.1-nSNAP using primers: forward 5’-GCTAGGTACCGCTAGCCATGGACAAAGACT-
GCGAA-3’, reverse 5’-CCCGAATTCAAAGCTTCTGCTGGAACACTGGGTGGT-3’. cSNAP was 
amplified from pcDNA3.1-cSNAP using primers: forward 5’- GCTAGCTAGCATGGTCG-
ACGAGAGCTTT-ACCCGCCAGGT-3’, reverse 5’-GCCGCTTTCAAGCTTTCACTCGAGGGATCCT-
GGC-3’. The n/cSNAP tags were cloned into the pBAD-lpp construct and fused to the C-
terminus of Lpp between the NheI and the HindIII sites (underlined in the primers for the 
n/cSNAP tags), keeping the first 66 amino acids including the signal sequence of Lpp intact.  

2.3. Construction of pACYC177-ompA-cSNAP/cClip 

Coding sequence of E. coli K12 OmpA was amplified using primers (XhoI and KpnI 
restriction sites are underlined): forward: 5’-CTCGAGATGAAAAAGACAGCTATCGCGATTG-
3’, reverse: 5’-GGTACCTTAAGCCTGCGGCTGAGTTAC-3’. The coding sequence was cloned 
into pBAD-Myc/His vector between the XhoI and KpnI sites. The nSNAP tag was amplified 
using primers: forward 5’-GCTAGGTACCGCTAGCCATGGACAAAGACTGCGAA-3’, reverse 5’-
CCCGAATTCAAAGCTTCTGCTGGAACACTGGGTGGT-3’. The cSNAP or cClip tag was amplified 
using primers: forward: 5’-GCTAGGTACCATGGTCGACGAGAG-CTTTACCCGCCAGGT-3’, 
reverse: 5’-GCCGAATTCAAGCTTTCACTCGAGGGATCCTGGC-3’. The n/cSNAP or cClip tag 
was cloned in between the KpnI and EcoRI sites (underlined in the primer sequences for 
the n/cSNAP and cClip tags) in the pBAD-ompA plasmid. NdeI and Ecor32I sites were 
introduced into pACYC177 vector using primers: AG3696CA (the mutation site is 
underlined): forward: 5’-CAATAATATTGAAAAAGGAAGCATATGAGTATTCAACATTTCCGT-
GTCGC-3’, reverse: 5’- GCGACACGGAAATGTTGAATACTCATATGCTTCCTTTTTCAATATTATTG-
3’ and CAG577GAT (the mutation site is underlined): forward: 5’-CTATGGATGAACGAAA-
TAGAGATATCGCTGAGATAGGTGCCTC-3’, reverse: 5’-GAGGCACCTATCTCAGCGATATC-
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TCTATTTCGTTCAT-CCATAG-3’. The fusion sequence ompA-n/cSNAP and ompA-cClip were 
amplified from the pBAD constructs using primers: forward: 5’- CATATGAAAAAGACAG-
CTATCGCGATTGC-3’, reverse: 5’-GATATCTCACTCGAGGGATCCTGGC-3’ and then cloned 
into pACYC177 between NdeI and Eco32I sites (underlined in the primers). Both fusion 
sequences are behind an AmpR promoter sequence to ensure a constitutive expression of 
the fusion protein. Attempts were also made to construct pACYC177-n/cSNAP-phoE 
however no construct was obtained.   

2.4. Live cell imaging with confocal microscope  

Directly after obtaining the constructs, E. coli TOP10F cells (200 µL, OD600 = 4) harboring 
Lpp66-cSNAP and OmpA-nSNAP were collected and incubated with a SNAP probe given by 
Mei et al. (probe 6 published in [53], chemical structure shown in supplementary Figure 1) 
as a gift. The probe was added to the cells to a final concentration of 50 µM and incubated 
at room temperature for 2 hours followed by a prolonged incubation at 4 ˚C for overnight. 
The cells were subsequently fixed on a 1% agarose coated slide and imaged under a 
confocal microscope (Leica TCS SPE-II).  

2.5. Protein expression 

pBAD-lpp66-nSNAP was introduced into competent Δlpp JE5513 using standard 
transformation protocol [54]. The cells (20 mL) were grown in LB medium at 37˚C in a 
shaking incubator until OD600 reached around 0.4. L-arabinose at various concentrations 
(0.0002%, 0.002%, 0.02%, and 0.2%) was added to the culture to induce protein 
expression. The growth was continued for another 3 hours until mid-log phase and the 
cells were harvested by centrifugation at 7,300 g for 30 min at 4˚C. Cells were taken up by 
200 µL of lysis buffer (25 mM Tris-HCl (pH = 8.0), 150 mM NaCl, 0.5% Tritron X-100) to 
OD600 = 5.0 and subjected to probe sonication (5 pulses, 20 kHz). 10 µL of the cell lysate 
was mixed with 4× LDS sample buffer and loaded to a 15% Bis-Tris gel for protein 
electrophoresis followed with western blot using polyclonal anti-Lpp antibody (1:10000 
dilution).  

pACYC177-OmpA-cSNAP/cClip was introduced into competent ΔOmpA CE1537 
E.coli cells using standard transformation protocol [54]. The cells were grown in LB 
medium at 37 ˚C in a shaking incubator for 4 hours until mid-log phase. Cell lysate (10 µL) 
was prepared as above-mentioned and protein production was checked by western blot 
using monoclonal anti-OmpA antibody (1:200 dilution).  

2.6. E.coli cell fractionation  

The E. coli cells harboring Lpp-nSNAP or OmpA-cSNAP/-cClip were grown as above 
described. The fractionation was done with a method adapted from previous studies 
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[55,56]. Cells (1 L) were cooled on ice for 30 min and harvested by centrifugation at 7,300 
g for 30 min at 4 °C. The cells were washed with PBS and pelleted down again by 
centrifugation at 7,900 g for 10 min at 4 °C. The cells were resuspended in 10 ml of 50 mM 
Tris-HCl pH 7.5, 250 mM sucrose, 1 mM EDTA, 25 µM PMSF supplemented with lysozyme 
(0.25 mg/mL) and incubated for 10 min at room temperature, inducing spheroplast 
formation and release of the periplasmic fraction into the buffer. After centrifugation at 
5,800 g for 10 min at 4°C the periplasmic fraction (supernatant) was collected. The 
spheroplasts were resuspended in 20 ml 50 mM Tris-HCl pH 7.5, 25 µM PMSF 
supplemented with DNase and RNase. The suspension was subjected to probe sonication 
(10 pulses, 20 KHz). Cell debris was removed by centrifugation at 9,700 g for 10 min at 4°C. 
The supernatant was centrifuged at 48,000 g for 30 min at 4°C to collect the outer 
membrane fraction. Next, the inner membrane vesicles were collected by centrifugation 
at 200,000 g for 45 min at 4 °C. All fractions were checked by western blot whether the 
protein of interest, either Lpp66-nSNAP or OmpA-cSNAP/-cClip was present.  

2.7. Production of SNAP-FZD5  

In a 24 well plate, a HEK293T cell line was transfected with pcDNA4-TO-Kb-SNAP-FZD5, a 
generous gift from Prof. Madelon M. Maurice (Department of Cell Biology, University 
Medical Center Utrecht, the Netherlands), using a protocol adapted from [57]. The cells 
were incubated overnight and collected and washed in 500 μL PBS. After centrifugation at 
480 g for 10 min at 4 °C, the cells (pellet) were lysed in 500 μL lysis buffer (150 mM NaCl, 
50 mM Tris-HCl, 0.5% Triton X-100) supplemented with protease inhibitor cocktail tablet 
(Roche). The cells were incubated at 4 °C for 20 to 30 min on a rotating wheel and 
subjected to centrifugation at 20,000 g for 10 min. The cell lysate (supernatant) was 
collected and aliquots were snap frozen and stored at –20 °C until use. The expression of 
SNAP-FZD5 was monitored by western blot using anti-SNAP antibody. 

2.8. Synthesis of ABG-ATTO550 

ATTO550 alkyne was purchased from ATTO-GmbH (Germany). 6-((4-(azidomethyl)-
benzyl)oxy)-9H-purin-2-amine (Azido benzylguanine, ABG) was synthesized as previously 
described [58]. Briefly, to a solution of (4-(azidomethyl)phenyl)methanol (333 mg, 2.04 
mmol) in dry DMF (10 mL), NaH (60% dispersed in oil) (256 mg, 6.40 mmol) was added at 0 
°C. Then 570 mg (2.24 mmol) of 1-(2-amino-9H-purin-6-yl)-1-methylpyrrolidin-1-ium 
chloride (synthesized and used without further purification as described [58]) and 20 mg 
(0.16 mmol) of 4-dimethylaminopyridine were added subsequently. The resulting reaction 
mixture was stirred at room temperature for 4 h. The reaction was quenched by addition 
of water (1 mL). The solvent was removed under reduced pressure. The resulting residue 
was dissolved in dichloromethane, mixed with silica and the mixture was subsequently 
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dried and purified over silica with dichloromethane:methanol (30:1) to give ABG as 
confirmed by LC-MS (IT-TOF) calculated for [M+H]+: 297.1. Click reaction between 
ATTO550 alkyne and benzyl guanine azide was performed as described [58]. Subsequently, 
the (click) reaction mixture was loaded to a silica column (Ø10 mm × 20 mm), washed with 
10% dichloromethane in pure methanol, and eluted with pure methanol. All fractions 
were analyzed with LC-MS (IT-TOF) and analyzed in positive mode calculated for [M+H]+: 
928.1.  
 

 
  Figure 3. Synthesis of ATTO550 benzylguanine using click chemistry catalyzed by Cu(I). 

2.9. Split-SNAP tagged protein labeling with ABG-ATTO550 in cell lysate  

CE1537 cells harboring Lpp66-nSNAP and either OmpA-cSNAP or OmpA-cClip were grown 
in LB medium at 37 °C until OD600 = ~ 0.5. Lpp66-nSNAP expression was induced then by 
addition of 0.2% L-arabinose. The growth was continued at 37 °C for three hours. Cells 
were collected and washed with PBS. Cell pellet was resuspended in PBS supplemented 
with 1 mM DTT and 0.5% Triton X-100 until OD600 = 5. 10 µl of the cell suspension was 
incubated with 1 μM of ABG-ATTO550 either in the presence or absence of 0.25 mM 
EDTA. The mixture was incubated at 37 °C for one hour and subsequently at room 
temperature overnight. The cell lysate was snap frozen and stored at –20 °C until further 
use.  
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2.10. SNAP-FZD5 labeling with ABG-ATTO550 in cell lysate  

Cell lysate prepared from HEK293T cells overexpressing SNAP-FZD5 and E. coli cells co-
expressing Lpp66-nSNAP and OmpA-cSNAP or OmpA-cClip were incubated with 1 μM of 
ABG-ATTO550 at 4 °C on a rotating wheel.  

2.11. SNAP-FZD5 labeling with ABG-ATTO550 in living cells 

The SNAP-FZD5 transfected HEK293T cells (as described in section 4.2.6) were incubated 
overnight, and then the medium was replaced by SNAP labeling medium (Dulbecco's 
Modified Eagle Medium) containing 1 μM of ABG-ATTO550. The cells were incubated at 37 
°C with 5% CO2 for another hour and then washed with fresh medium to remove the 
unbound dye. Subsequently, cell lysate was prepared as aforementioned (section 2.7). 

2.12. Scanning of SNAP-labeling of the protein  

Ten microlitre of each cell lysate (labeled with ABG-ATTO550 as above-described) was 
mixed with SDS sample buffer and subjected to SDS-PAGE. The protein gel was scanned 
with a Typhoon 9400 laser scanner (λex = 532 nm, λem = 580 nm) for fluorescence.  
 
3. Results and Discussion 

3.1. Basic strategy 

The strategy of reporting Lpp localization and eventual development into a high 
throughput screening assay is based on reconstitution of SNAP-tag from its split fragments 
fused to Lpp, OmpA or PhoE respectively. The mature proteins reside in the outer 
membrane of E. coli with their C-termini exposed to the periplasmic space. Correct 
localization of the mature Lpp to the outer membrane is likely to bring it in close proximity 
with an outer membrane protein (either PhoE or OmpA in this case). The complete SNAP 
tag is subsequently reconstituted and should be labeled directly with a fluorescent SNAP 
substrate. This substrate, however, has to fulfill two requirements: it should easily 
penetrate the outer membrane and its fluorescent signal should not be quenched in the 
periplasm. As the choice of using commercially available SNAP probes is limited, we set 
out to obtain different probes through in-house organic synthesis. The first step of the 
project was to obtain the correct constructs for the proteins with split SNAP tags. 
Although various attempts were made to make all the possible constructs, some were 
unsuccessful including the PhoE-nSnap/-cSNAP. The others are described in the following 
sections.  
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3.2. Construction of the recombinant protein with split SNAP tag   

The co-expression of OmpA and Lpp required two different and compatible expression 
vectors. We preferred the expression of the outer membrane protein to be constitutive 
while Lpp-SNAP expression is being controlled through an as tight as possible induction 
system. It is worth mentioning that this assay can be readily modified to monitor the outer 
membrane protein assembly instead, when the two constructs are swapped to have 
OmpA under an induction operon. To allow constitutive expression, the OmpA coding 
sequence was placed under the AmpR promoter in the pACYC177 with a p15A ori. The 
cSNAP/cClip coding sequence was placed immediately before the stop codon. The size of 
the resulting fusion protein is about 46 KDa. The pBAD vector of PBR322 origin was chosen 
for Lpp, rendering transcription under regulation of an ara-BAD promoter, hence the 
protein expression level is strictly L-arabinose dose-dependent. A single nucleobase 
mutation of adenine 197 to guanine was made to introduce an NheI site in Lpp to allow 
replacement of the downstream C-terminal sequence with an nSNAP tag. The N-terminal 
signal sequence including the consensus lipobox (amino acids Leu-Ala-Gly-Cys-Ser) of Lpp 
was kept intact while the C-terminus (the last 12 amino acids) was truncated. The size of 
the resulting protein fusion was approximately 17 KDa. The constructs are shown in Figure 
4. The construct of Lpp66-n/cSNAP carries a Myc and His6-tag (Figure 4) behind the 
n/cSNAP coding sequence. Cloning of N-terminal tagged PhoE with any split SNAP-tag, 
however, was unsuccessful (data not shown).     
 

 
 

Figure 4. Recombinant DNA constructs of Lpp and OmpA with split SNAP tag. Top: Lpp is truncated 
on its C-terminus and left with the 66 N-terminal amino acids. Truncated Lpp is fused with n/cSNAP-
tag. The coding sequence is placed under an araBAD promoter; Bottom: Full length OmpA is fused 
with either cSNAP or cClip on the C-terminal end. The coding sequence is placed under AmpR 

promoter.    
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3.3. Expression and localization of Lpp and OmpA with split SNAP tag  

We first tried to detect fluorescent signal in the living cells under a confocal microscope 
after incubation with a synthesized SNAP probe (supplementary Figure 1) [53]. The results 
(supplementary Figure 2) showed that fluorescence could be detected in both the E. coli 
Top10F cells without any plasmid and the Top10F cells harboring Lpp66-cSNAP and OmpA-
nSNAP, the latter did not show superior intensity compared with the wild type. These 
results suggest that either the protein expression was insufficient or the probe binds too 
unspecific. Additionally, the fluorescence from this probe was bleached rapidly within 
seconds. These results led us to return to the constructs and verify the expression of the 
proteins of interest and design a more optimal SNAP probe.  

E. coli cells, Δlpp JE5513 and ΔompA CE1537 harboring Lpp-nSNAP and OmpA-
cSNAP/-cClip respectively were tested for the expression of the proteins. The lpp- or 
ompA-knockout strain was used here to avoid background signal in western blots using 
the protein-specific antibodies, i.e. α-Lpp and α-OmpA, from the wild-type proteins. The 
results are shown in Figure 5. Next, it was tested whether these modified proteins can 
localize correctly in the E. coli cells and the tags do not interfere with the translocation of 
the proteins from the site of synthesis i.e. cytoplasm to the outer membrane. For this 
purpose the cells were subsequently fractionated and the protein profiles of the fractions 
checked with SDS-PAGE followed by western blotting and visualization using the cognate 
antibodies. We expected to observe an enrichment of both proteins in the outer 
membrane fraction but there is a possibility of detecting some signals in the other 
fractions since these antibodies recognize the proteins in their dominant mature form in 
the outer membrane as well as the precursor form (i.e., the prolipoprotein and the pro-
OmpA) that are present throughout the cell envelope. Indeed, as shown in Figures 5D and 
5E, intense protein signals from OmpA-cClip and Lpp66-nSNAP are detected in the outer 
membrane fractions. Slightly less prominent bands are observed in the periplasm and to a 
minor extent in the inner membrane. OmpA-cSNAP could only be detected in the 
periplasm and prominently in the outer membrane. At this point, we could not explain the 
difference observed here between OmpA-cSNAP and OmpA-cClip. Two protein bands 
close in size (about 5 KDa difference) were observed for the OmpA-cSNAP/cClip 
constructs. Control blots with cell lysates from wild-type bacteria showed that the lower 
band runs at the same height as wild-type OmpA (Figure 5C). This suggests that the upper 
band represents OmpA with an intact cSNAP/cClip-tag, and the lower band is probably 
resulted from the clip-off of the tag. In the periplasm and outer membrane fractions from 
JE5513 expressing Lpp66-nSNAP, two major bands were also observed, one with the 
correct size of monomeric Lpp66-nSNAP (calc. Mw = 17 KDa), the other one around 30 
KDa which may correspond to a dimer form of the construct. Dimerization of the nSNAP-
tag has not been reported so far. The only report of dimerization (albeit partial) of 
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prolipoprotein is resulted from modification on the -SH group of the single cysteine 
residue when produced in a cell-free system [59]. As the modification machinery 
necessary for attaching the acyl chains to Lpp is not present, the cysteine at position 21 of 
the prolipoprotein remains free, which in turn results in (partial) dimerization due to 
disulfide bond formation [59]. 

 
Figure 5. Western blots of (A) JE5513 expressing Lpp66-nSNAP; (B) CE1537 expressing OmpA-cSNAP 
/-cClip; (C) CE1537 and wild-type E. coli cells (D) cell fractions of CE1537 expressing OmpA-cSNAP 
(left panel) or OmpA-cClip (right panel); (E) cell fractions of JE5513 expressing Lpp66-nSNAP. 
Antibodies used: (A) and (E): anti-Lpp monoclonal antibody; (B), (C), and (D): anti-OmpA monoclonal 
antibody. OM = outer membrane fraction; IM = inner membrane fraction.   

3.4. Co-expression of Lpp66 and OmpA with split SNAP tags  

As both proteins could be correctly expressed and localized to the outer membrane of E. 
coli, although possible degradation of OmpA-cSNAP/cClip was observed, we proceeded 
with co-expressing the tagged Lpp66 and OmpA in one E. coli strain. The co-expression was 
tested in the two deletion strains, ∆ompA CE1537 and ∆lpp JE5513. However, the uptake 
of both plasmids by JE5513 was unsuccessful as the cells did not grow after a regular heat-
shock transformation or electroporation. We also tried to introduce the plasmids one 
after the other meaning that a JE5513 harboring one plasmid was made first into 
competent cells and transformation with the other plasmid was performed. Colonies were 
obtained however no protein expression could be detected. CE1537 appeared viable after 
transformation and grew well under double-antibiotic (kanamycin and ampicillin) 
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selection. The co-expression was confirmed by western blot analyses using α-SNAP and α-
OmpA antibodies as shown in Figure 6. Attempts to use anti-His6 antibody to detect the 
His6-tag on the Lpp construct were unsuccessful (data not shown). The rabbit polyclonal 
anti-SNAP tag antibody (developed for optimal use on mammalian-cell expressed SNAP 
fusion protein) showed unspecific binding with bacterial proteins at higher molecular 
weight, nevertheless, it clearly showed the expression of Lpp66-nSNAP as shown in Figure 
6 as could be expected from the previous results (Fig 5). This polyclonal anti-SNAP 
antibody has so far not been tested for its binding specificity to nSNAP or cSNAP but only 
to the complete SNAP tag. Ideally, we should detect the non-covalently bound n- and 
cSNAP/cClip using this antibody. The anti-Lpp antibody was not used for detecting the co-
expression because the wild-type Lpp present in the ∆ompA strain would give very high 
background signal. Anti-OmpA antibody was used to detect the OmpA-cSNAP/cClip, in 
contrast to the previous results (section 4.3.3), only one band around 40 KDa was 
observed in the co-expression strains. At this stage, we cannot explain the differences 
observed. Optimization to minimize protein degradation is needed for future studies.   
 

 
Figure 6. Co-expression of Lpp66-nSNAP with OmpA-cSNAP or OmpA-cClip in the ΔompA CE1537 E. 
coli cells checked with anti-SNAP (left pannel) and anti-OmpA (right pannel) antibodies.    

3.5. Synthesis of the SNAP probe: ABG-ATTO550 

In view of the rapid bleaching of the probe 6 from Mei et al. [53]  (Figure S1), we decided 
to synthesize a more versatile version of the SNAP substrate. For this we synthesized a 
SNAP probe, azido benzylguanine (ABG) that would allow us to easily couple different 
alkyne-functionalized fluorescent probes by using click-chemistry. For the initial studies 
we chose ATTO550 as fluorescent probe, which has very stable fluorescent properties and 
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does not have an excessive amount of charges (the exact structure of ATTO550 is however 
unknown). The click between the ATTO550 alkyne ([M+H]+ = 631) and ABG ([M+H]+ = 296) 
was confirmed by LC-MS analysis with observed mass 927.7 as shown in Figure 7 (calc.  
[M+H]+ = 927). 
  

 
Figure 7.  LC-MS (positive mode) analysis of ABG-ATTO550. 

 

3.6. ABG-ATTO550 labeling of proteins with split SNAP-tag  

ATTO550 is a rhodamine-based cationic fluorescent dye carrying +1 net charge according 
to the manufacturer [60]. We presumed that the penetration of the E. coli outer 
membrane by ATTO550 should be sufficient on its own or perhaps with assistance of an 
outer membrane disorganizing agent, such as EDTA. The labeling of the protein with split 
SNAP tag by ABG-ATTO550, either in living cells or in cell lysates was checked by scanning 
the fluorescence in gel using a Typhoon 9400 gel scanner. Figure 8 shows that very low 
fluorescence signal was observed in cells not induced with L-arabinose and slightly higher 
signal after induction. Fluorescent bands were more pronounced in the EDTA(+) cells 
compared with EDTA(–) cells. In EDTA(+) cells, a more intense fluorescent band with 
molecular weight around 40 kDa (indicated by black arrows in Figure 8) was observed. This 
protein band corresponds to the correct size of OmpA-cSNAP/cClip, which is in line with 
other studies that the fluorescent band in SDS-PAGE always correspond to the cSNAP-
fusion protein [44]. EDTA may have disorganized the E. coli outer membrane, thereby 
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increased the cell permeability, and facilitated the entering of the ABG-ATTO550 SNAP 
substrate and increased labeling. The lower fluorescent band that is present in all the 
fractions including the cells that are not induced for Lpp66-nSNAP expression however 
lacks a good explanation. As mentioned earlier, OmpA-cSNAP/cClip seems to suffer 
degradation when the cells undergo fractionation (Figure 5D) and this is not the case 
when the proteins were co-expressed (Figure 6, right panel). Taking these together, the 
lower band could only be ascribed to unspecific labeling but a concrete proof was lacking. 
To answer these questions and verify the use of our synthesized probe for specific and 
efficient SNAP labeling, a positive control with a stably expressed SNAP-tagged protein 
was needed.  

Figure 8. In gel fluorescence of cell lysate co-expressing Lpp66-nSNAP and OmpA-cSNAP/cClip.  

3.7. Expression of SNAP-FZD5 and labeling with ABG-ATTO550 

 
Figure 9. (A) Western blot showing SNAP-FZD5 expression in HEK293T cells. (B) In gel fluorescence of 
SNAP-FZD5 labeled with ABG-ATTO550. Left panel: labeling was done in cell lysate. Right panel: 
labeling was done in living cells.  
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To test the labeling efficiency of our ABG-ATTO550 probe we set out to label a well-
expressed protein that carries an intact SNAP tag. For this purpose, the mouse frizzled 5 
(FZD5, Mw = 64.1 KDa) protein carrying a SNAP-tag at the N-terminus was used as the 
positive control. FZD5 is a Wnt receptor localized on the plasma membrane and we 
expressed it in HEK293T cells. The expression was confirmed by western blot analysis 
using anti-SNAP antibody. As shown in Figure 9A, two protein bands were observed in the 
transfected cells. The two bands are the pro- and mature forms of FZD5. The FZD5 is 
synthesized in the endoplasmic reticulum in the pro-form and later becomes heavily 
glycosylated to its mature form (the higher Mw band in gel), which travels to the cell 
surface. As shown in the right panel of Figure 9B, ABG-ATTO550 preferably labeled the 
mature FZD5 that resides on the cell surface when the labeling was done in living cells 
(right panel, Figure 9B). In contrast, the fluorescent signal shifted to a more equal 
distribution between the two bands when labeling was done in lysed cells (left panel, 
Figure 9B).     
  
4. Concluding remarks  
 
In our design of this screening assay, the generation of the fluorescent signal relies on that 
the Lpp66-nSNAP and OmpA-cSNAP/cClip stay in proximity. The biggest advantage of the 
chosen split SNAP tag system is the broad choice of fluorescent dyes. In principle, many 
synthetic dyes could be used as long as a benzylguanine group is present to allow covalent 
binding via Cys145 in the C-terminal domain. ATTO550 is a rhodamine-based cationic dye. 
A recent study on different SNAP-probes [48] demonstrated that the SNAP substrates 
based on these rhodamine dyes, including BG-ATTO550, led to nonspecific binding to 
cellular compartments such as mitochondria in MCF7 cells due to the lipophilic nature of 
the dyes and localized electronic charges. Stöhr et al. [61] also reported that BG-ATTO550 
showed the highest nonspecific binding, among other dyes, in E. coli cells that do not bear 
SNAP-fusion proteins. In conclusion, ATTO550 may not have been the best choice as the 
SNAP probe, and other dyes will have to be tested. Also, the chances of nonspecific 
binding to other periplasmic components and penetration of the inner membrane by the 
probe, thereby resulting in a fluorescent signal in the cytoplasm, should be reduced. 
Hence the fluorescent signal resulted from the correct localization of Lpp should be 
validated, for instance, under a high resolution microscope. Preferably, washing steps 
should be avoided to allow application of the assay in a high-throughput format. It should 
be noted that Clip tag was reported to have high substrate specificity towards O2-
benzylcytosine. This seems not the case given our preliminary result (Figure 8) as no 
difference in fluorescent labeling was observed. It is worth perusing to use an O2-
benzylcytosine modified dye to check whether any difference can be observed.   
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Furthermore, both GFP (Mw = 27 KDa) and mCherry (Mw = 28.8 KDa) or fluorescent 
proteins of their kind are much larger molecules compared with Lpp (Mw = 7.5 KDa), and 
it is difficult to predict how they would affect the folding of Lpp. Also Lpp utilizes the Lol 
complex for its localization to the outer membrane, while the Tat system is needed to 
transport pre-folded GFP and mCherry to the periplasm [39,62]. This may hamper the use 
of GFP-like protein tags.   

Some critical questions remain regarding the split SNAP tag system such as how the 
two domains associate and regain its activity of binding to a benzylguanine substrate. In 
the published studies [44,45], fluorescence regeneration relied on the interaction 
between fusion proteins but it was also shown that fluorescence could be generated 
between proteins with very weak affinity to each other (Kd ≈ 30 µM). Detailed studies 
should be carried out to address the kinetics and binding specificity of the split SNAP tags 
in E. coli cells.   

Despite at an infant stage, our study has shown the promising aspects of this 
approach as discussed above. Future focuses should be on: (1) optimization of the 
expression system, such that the protein fusions stay stable and well-expressed; (2) 
optimization of the SNAP-probes for use in bacterial periplasm by improving its 
permeation through the outer membrane and decreasing unspecific binding; (3) using 
real-time fluorescence tracking to verify the labeling in living cells.   
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Supplementary information 

 

 

 

Supplementary figure 2. Confocal microscopy images of (A) E. coli Top 10F cells without any 
plasmids, stained with probe 6; (B) E. coli Top 10F cells harboring Lpp-cSNAP and OmpA-nSNAP, 
stained with probe 6.  

Supplementary figure 1.  

Chemical structure of probe 6: N-[4-(2-Amino-9H-purin-6-
yloxymethyl)-benzyl]-4-[2-methyl-8-(4-dimethylamino-
phenyl)-7-oxo-3,7-dihydro-pyrano[3,2-e]indol-1-yl]-
butyramide 

 



Chapter 6  

A promising approach to fight bacterial infection: 
antibacterial photodynamic therapy  
 
 
 
 
 
 
 
Abstract  
 
Antibacterial photodynamic therapy (APDT) has drawn increasing attention from the 
scientific society for its potential to effectively kill multidrug-resistant pathogenic bacteria 
and for its low tendency to induce drug resistance that bacteria can rapidly develop 
against traditional antibiotic therapy. The review summarizes the mechanism of action of 
APDT, the photosensitizers, the barriers of PS localization, the targets, the in vitro, in vivo, 
and the clinical evidence, the current development against both Gram-positive and Gram-
negative bacteria, the limitations, as well as some future perspectives. 
                A structured overview of all important aspects of APDT is provided in the context 
of resistant bacterial species. The information presented is relevant and accessible for 
scientists as well as clinicians, whose joint effort is required to ensure that this technology 
benefits patients in the post-antibiotic era.  
 
 
 
 
 
 
 
 
 
 
Yao Liu, Rong Qin, Sebastian A.J. Zaat, Eefjan Breukink, Michal Heger. J Clin Transl Res, 2015, 
(1)3: 140-167.  
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1. Antibacterial photodynamic therapy in the ‘post-antibiotic’ era 

The multidrug resistance of pathogenic bacteria has become a serious threat to public 
health. The World Health Organization released a report in April 2014 warning that the 
“post-antibiotic” era, “in which minor injuries and common infections can kill,” is 
approaching. Gram-positive and Gram-negative superbugs such as Enterococcus faecium, 
Staphylococcus aureus, Klebsiella pneumoniae, Acinetobacter baumannii, Pseudomonas 
aeruginosa, and Enterobacter species, the so-called “ESKAPE” pathogens, are capable of 
resisting almost all types/classes of antibiotics. Finding novel approaches to combat 
multidrug-resistant bacteria has therefore become increasingly important. 

Antibacterial photodynamic therapy (APDT) is a promising approach to treat 
bacterial infections that are recalcitrant to antibiotics. APDT is based on the 
photosensitization of bacteria with exogenous compounds referred to as photosensitizers 
(PSs). Cell death is subsequently triggered by lethal oxidative stress that is induced by 
irradiation of the infected area with light of a resonant wavelength, typically in the visible 
wavelength range (400-700 nm). The irradiated ground state PS, located in the bacteria or 
at the bacterial surface, absorbs the light and is excited to its singlet state (1PS). The 
excited state electrons undergo intersystem crossing to a lower-energy but longer-lived 
triplet state (3PS), from which reactive oxygen species (ROS) or reactive molecular 
transients are generated [1]. The photochemical reactions proceed via a type I or type II 
mechanism and require close proximity between the 3PS and substrate. Type I reactions 
generate radicals following triplet state electron transfer from the 3PS to a substrate. A 
common terminal substrate for type I reactions is molecular oxygen, leading to the 
production of superoxide anion (O2

•‒). In a biological environment, O2
•‒ is relatively 

innocuous but can give rise to more cytotoxic ROS such as hydroxyl radicals (•OH) and 
carbonate radical anions (CO3

•‒) that oxidize biomolecules and cause cell damage and 
ultimately death [1-3]. In type II reactions, the excited PS reacts directly with molecular 
oxygen (O2) and forms the highly reactive singlet oxygen (1O2) via 3PS→O2 energy transfer. 
Type I and type II reactions (Figure 1) are believed to occur simultaneously during APDT 
and the ratio of the occurrence between the two is dependent on the type of PS that is 
administered and the microenvironment in which APDT is applied.  

APDT has several advantages over antibiotics. The first important advantage is 
that APDT is considered triply site-specific due to (1) preponderant association/uptake of 
PSs by the target cells compared to non-target cells, (2) the pharmacodynamic inertia of 
non-irradiated PSs, as well as (3) the site-confined irradiation of the infected area. 
Consequently, (systemic) toxicity is largely absent outside the irradiated, PS-replete zone. 
Another important advantage of APDT over antibiotics is that no resistance is developed 
against the PSs. In that respect, repeated treatment with APDT did not lead to selection of 
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Figure 1. Type I and type II mechanism of ROS generation by photodynamic therapy. Abbreviations: 
PS, ground state photosensitizer; 1PS, photosensitizer in first excited state; 3PS, triplet state 
photosensitizer; e‒, electron; O2

•‒, superoxide anion; •OH, hydroxyl radical; H2O2, hydrogen peroxide; 
3O2, triplet state oxygen (molecular oxygen); 1O2, singlet oxygen. 

resistant strains [4]. This is due to several reasons. First, the drug-light interval (the time 
between administration of the PS and PDT) is too short for bacteria to develop resistance. 
Second, PSs typically exhibit no dark toxicity, as a result of which bacteria do not have to 
engage adaptive survival mechanisms against the PSs. It is also difficult for bacteria to 
‘sense’ that the oxidative stress emanates from the otherwise non-toxic PS, so any 
metabolic adaptations are directed elsewhere (e.g., antioxidant defense machinery). Third, 
the cells are too damaged after PDT, disabling them to confer cross-generation adaptivity. 
Lastly, APDT does not target a single site in bacteria, much different from conventional 
antibiotics. The ROS generated by APDT target various bacterial cell structures and 
different metabolic pathways [5]. These reasons underlie the potential utility of APDT in 
combatting resistant strains in a non-to-minimally invasive- and patient-friendly manner. 

In light of the spread of resistant ESKAPE pathogens and the potential utility of 
APDT, this review summarizes the mechanism of action of APDT, the PSs used for APDT, PS 
pharmacokinetics and its cellular targets, the in vitro-, in vivo-, and clinical evidence for 
the utility of APDT, the status quo of APDT for both Gram-positive and Gram-negative 
bacteria, and potential strategies to optimize APDT. As the literature on APDT has 
expanded dramatically in recent years, the present review focuses mainly on the most 
recent information and novel developments. For more in-depth information on APDT, 
readers are referred to Hamblin et al. [6].  

2. Photosensitizers for antibacterial photodynamic therapy 

The efficacy of APDT relies chiefly on an optimal combination of PS and light. The ideal PS 
for APDT should exhibit high phototoxicity, low dark toxicity, high quantum yield of 1O2 or 
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free radicals, preferential association with bacteria versus host mammalian cells, suitable 
pharmacokinetics, and accumulation in bacteria or binding to the bacterial cell envelope 
[7]. PS binding to the bacterial cell and uptake are dependent on the bacterial species. Due 
to the distinctive structure of the cell envelope, Gram-positive pathogens are much more 
susceptible to anionic and neutral PS because of the thick but porous peptidoglycan layer 
on the outer surface. Gram-negative bacteria are less prone to take up exogenous 
compounds due to the extra outer membrane and the permeability barrier imparted by 
lipopolysaccharides. 

Preferably, APDT should be performed with cationic PSs in both Gram species. 
Cationic phenothiazinium-, phthalocyanine-, and porphyrin derivatives have been shown 
to significantly enhance phototoxicity in both Gram-positive and Gram-negative species 
[8-10]. It should be noted that, in some cases, negatively charged or neutral PSs at high 
concentration were more effective than cationic PSs [11,12]. Although not abundantly 
taken up by the bacteria, the PSs accumulate extracellularly in close proximity to the cell 
membrane and membrane constituents. The generation of reactive intermediates in close 
vicinity of cell structures either causes direct oxidation of these components or allows 
transmembrane diffusion of reactive intermediates and corollary oxidative damage to 
various intracellular targets [13]. In most instances, APDT predominantly proceeds via type 
II processes. However by comparing PSs that tend to undergo either type I or type II 
mechanism, Huang et al. reported that Gram-negative species are more susceptible to 
•OH than 1O2 [1]. A type I reaction is therefore favored when targeting Gram-negative 
species. 

The most extensively studied classes of PSs and their physical and chemical 
properties are presented in Table 1. The generic structure of each PS class is as shown in 
Figure 2. Many PSs initially exhibited high inactivation efficacy against Gram-positive 
bacteria in their native form. However, these PSs were later modified structurally (e.g., 
addition of cationic functional groups) to improve therapeutic efficacy in Gram-negative 
species.  

2.1. Phenothiaziniums 

Phenothiazinium and its derivatives (Table 1), which include methylene blue (reviewed in 
[14]), Rose Bengal, and toluidine blue O, are a class of first-generation PSs that were 
initially investigated for PDT of solid cancers. These PSs are commonly employed in APDT 
because of their high binding affinity for both Gram-positive and Gram-negative bacteria 
such as methicillin-susceptible and methicillin-resistant S. aureus (MSSA and MRSA) and E. 
coli [15,16]. Phenothiazinium PSs are pharmacodynamically interesting because this class 
of PSs exhibits inherent toxicity to E. coli cells, also under dark conditions [17]. With 
respect to PDT, it has been postulated that phenothiazinium targets cytoplasmic DNA [18]. 
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Figure 2. The structure of some photosensitizers covered in this review. Phenothiazinium 
photosensitizers are listed separately in Table 2.  
 

Methylene blue derivatives (structures are summarized in Table 2) such as new 
methylene blue, dimethyl methylene blue, and methylene green were developed with 
different functional substituents and shown to have improved effectiveness of killing 
bacteria. As indicated previously, increasing the positive charge on methylene blue 
correlated positively with increased APDT efficacy than native methylene blue [19,20], 
mainly because substitution with cationic functional groups improved the binding and 
uptake of the PS by bacteria relative to the parent structure [19-21]. For example, 
Felgentrager et al. revealed that derivatization of methylene blue with tertiary ammonium 
substituents increased the uptake by microbial cells due to the fact that these substituents 
imposed a greater cationic charge in a pH-equilibrated aqueous solution, and therefore 
more avid bacterial cell binding, compared to primary or secondary substituents [19]. 
Furthermore, the tertiary ammonium-substituted methylene blue derivative possesses 
lower pKa values than the lower-order substituents, which results in faster deprotonation 
when bound to the negatively charged bacterial cell envelope structure and better uptake. 
It was further shown that, by employing relatively short drug-light intervals, APDT of the 
infected area killed the photosensitized bacteria without damaging the surrounding 
healthy cells/tissues [22-24]. 

Phenothiazinium is also a substrate for multidrug resistance pumps [25,26], a 
family of transmembrane proteins that mediate the efflux of amphipathic cations, 
amongst others. Multidrug resistance pump inhibitors may therefore be employed when 
phenothiazinium-APDT yields suboptimal results. For example, Tegos et al. have shown 



Chapter 6 

124 
 

that co-incubation of toluidine blue O with different efflux pump inhibitors (EPIs) such as 
NorA and Mex-AB increased the bactericidal effect of toluidine blue O by at least 2 logs 
towards both S. aureus and P. aeruginosa [27]. It is noteworthy that this effect was more 
prominent when the EPI was administered before adding toluidine blue O than after, 
indicating that toluidine blue O competitively binds the pump binding site of EPI and 
therefore blocks its access when EPI is administered after incubation with toluidine blue O. 
Nevertheless this approach must be further investigated given that EPIs have not yet 
reached clinical development due to their high toxicity [26,28,29].  

Another class of compounds that potentiates APDT with phenothiazinium or its 
derivatives is electron acceptors. A good example is sodium azide. Although sodium azide 
is a 1O2 quencher, the addition of sodium azide (10 mM or 0.1 mM) increased the 
bactericidal effect of MB-APDT (25 μM) in E. coli and S. aureus by > 1 log when illuminated 
with red light (620-750 nm), even in the absence of oxygen [30]. The adjuvant effect of 
sodium azide was attributed to the production of azidyl radicals. Inasmuch as such an 
effect was absent in chlorin(e6)-APDT [30], which produces mainly 1O2 through type II 
reactions [1], this modality requires the use of type I PSs to enable a one-electron 
oxidation of the azide anion by photo-activated PS. However, the exact mechanism of how 
the excited PS removes the electron from the azide anion requires further investigation. 
Similar results were obtained with other phenothiazinium-based PSs, including methylene 
blue, dimethyl methylene blue, new methylene blue, toluidine blue O, azure A, and azure 
B [31].  

2.2. Porphyrins 

Porphyrins (Table 1) are commonly employed for (A)PDT because of their high molar 
absorptivity, relatively high triplet state quantum yield [32], easy synthesis [33,34], and 
chemical versatility (i.e., easily modifiable). The photodynamic action of porphyrins stems 
from mainly a type II mechanism [35] following excitation with light of typically 405-550 
nm. 

The number of charges carried by a porphyrin derivative is positively correlated 
with its bactericidal efficacy, whereby charge distribution also plays a decisive role [36,37]. 
A cationic charge is a critical factor in APDT of Gram-positive species. Porphyrins with a 
net cationic charge, such as meso-substituted cationic porphyrins, effectively kill Gram-
negative bacteria because of increased binding/uptake efficacy [38]. Corroboratively, two 
novel cationic porphyrins carrying pyridinium (PyP, Table 1) and imidazolium (ImP) 
substituents were shown to bind different loci at the bacterial outer membrane via ionic 
interactions, penetrate the cell wall, and enter the cell [39]. The PSs were able to reduce 
the viability of both Gram-positive and Gram-negative bacteria by 6 log with a PS 
concentration of 2 μM (ImP) or 6 μM (PyP) and a light dose of 60 J/cm2 [39].  
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In case of Gram-negative species, a high number of positive charges 
asymmetrically distributed across the structure as well as a hydrophobic meso-substituent 
group (e.g., tri-Py+-Me-PF, Table 1) are important determinants for PS-bacterial cell 
association [8,36,40]. Accordingly, the amphiphilicity of porphyrins dictates PS-cell 
interactions with respect to Gram-negative bacteria and hence the APDT outcome. The 
hydrophobic domain may undergo lipophilic interactions with the bacterial cell wall, 
whereas adjacent charges on the porphyrin promote electrostatic interaction with the 
negatively charged cell envelope and improve uptake [35,41]. To identify the PDT 
mechanism that underlies these amphiphilic PSs, Tavares et al. [35] compared the Gram-
negative pathogen killing effects of tetra-Py+-Me, tri-Py+-Me-PF, and tri-SPy+-Me-PF in the 
presence of different ROS scavengers that tend to neutralize either the free radicals or the 
1O2. The authors found that these porphyrin derivatives are likely to undergo a type II 
mechanism and produce 1O2.  

Anionic and neutral porphyrins are generally not recommended for targeting 
Gram-negative bacteria due to their poor binding efficacy. However, the association of 
anionic and neutral porphyrins with Gram-negative bacteria can be considerably improved 
by the conjugation of cationic antimicrobial peptides (CAMPs) or cell penetrating peptides 
(CPPs) such as apidaecin [42,43], Tat [44], buforin, or magainin [45] to the PS. These PS-
peptide conjugates effectively photosensitized E. coli and induced considerable cell death 
following APDT compared to unconjugated PS. Other examples of eligible antimicrobial 
peptides are described in [46].  

It should be noted that porphyrins are also taken up by mammalian cells [47]. 
Unspecific targeting can therefore not be ruled out and may impair the selectivity of APDT. 

2.3. Phthalocyanines 

As porphyrins, phthalocyanines (Table 1) are heterocyclic macrocycle aromatic 
compounds (Table 1). Phthalocyanines differ from porphyrins by the isoindole subunits 
that are interconnected by a secondary amine bridge (versus methene bridge-
interconnected pyrroles) [7], shifting the excitation maximum to longer wavelengths 
(typically > 660 nm). The mostly studied phthalocyanines for APDT are based on zinc (II) 
phthalocyanine (ZnPc) [9,48-54]. ZnPc predominantly generates 1O2 upon excitation [54]. 

Native ZnPc was found to be ineffective against Gram-negative bacteria such as 
E.coli [48] and had to be applied in combination with membrane perturbing agents such as 
ethylenediaminetetraacetic acid (EDTA) or calcium chloride to ensure (intra)cellular 
delivery [23,55,56]. In contrast, ZnPc exhibited affinity for the Gram-positive Streptococcus 
mitis, which involved the association with membrane proteins residing in the cytoplasmic 
membranes [49,54].  Later studies revealed that the introduction of a positive charge 
considerably improved the binding affinity and inactivation efficacy in Gram-positive 
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bacteria, but also gram-negative bacteria such as E. coli and Pseudomonas aeruginosa 
[9,57]. Illustratively, Spesia et al. [53] discovered that cationic ZnPc was able to eliminate 
E.coli in presence of human blood derivatives. This finding spawned the possibility that 
APDT may be used for blood product sterilization as a result of selective bacterial 
membrane targeting, while preventing hemolysis stemming from erythrocyte membrane 
oxidation and rupture.    

Subsequent efforts were directed at optimizing this class of PSs. While studying 
14 anionic, cationic, or neutral zinc and aluminum-containing phthalocyanine derivatives, 
Mikula et al. [58] found that, of all cationic phthalocyanines that exhibited particularly 
high antibacterial activity and low dark toxicity, those with at least one amino group in the 
substituent bound with greatest affinity to the negatively charged surface of the E. coli 
outer membrane. The authors attributed the bonding behavior of the amino group to the 
high positive charge density.  

To date, investigations on the use of phthalocyanines for APDT comprise in vitro 
studies in buffer or solution. The in vivo use and clinical relevance has not yet been 
addressed experimentally.   

2.4. Fullerenes 

Spheroidal fullerenes such as C60 [59] and C70 [60] (Table 1) are football-like structures 
composed of pentagonal and hexagonal rings that can absorb visible light [61] and 
mediate photochemical reactions from the excited state [60,62-64]. The photo-excited 
fullerenes can react with electron donors to generate fullerene radical anions (C60•−, C70•−) 
[61],[65-68], which in turn can mediate the production of –OH in the presence of O2. These 
properties make fullerenes suitable candidates for APDT because bacteria can 
simultaneously provide a number of electron donors from organic sources (NADH and 
succinate [69]) and inorganic sources (hydrogen [70], ammonia [71], sulfur [72], and 
ferrous iron [73]).  

Due to the highly lipophilic and non-charged structure, native fullerenes exhibit 
poor PS-bacterial cell association and are therefore relatively inactive as PSs against 
bacteria [64,74]. Fullerenes must be chemically modified with amphiphilic molecules [75] 
to enable bacterial photosensitization. It has been demonstrated that the derivatization 
translates to high selectivity towards bacterial cells [59]. Accordingly, a cationic fullerene 
derivative N,N-dimethyl-2-(40-N,N,N-trimethylaminophenyl)fulleropyrrolidinium iodide 
(DTC602+) [74] considerably enhanced APDT efficacy of E. coli and Pseudomonas 
aeruginosa (> 3.5 log) compared to the negligible killing effect with non-charged N-
methyl-2-(40 -acetamidophenyl)fulleropyrrolidine (MAC60). Moreover, Hamblin et al. [76] 
showed that, when iodide was added as an electron donor, cationic C60-fullerene (LC16) 
produced •OH through a type I mechanism and effectively killed Acinetobacter baumannii 
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and MRSA. Another study published by the same group [77] showed that azide can also 
act as an electron donor in a similar fashion. Finally, fullerene derivatives are more stable 
than tetrapyrrole-based PSs such as porphyrins and chlorins [74], which may render these 
PSs more suitable for pharmacological formulations and clinical use. A dedicated review 
on fullerenes as potent PSs in PDT and APDT is available elsewhere [64].  

2.5. Naturally occurring photosensitizers 

2.5.1. Hypericin 
The most commonly used naturally occurring PS is hypericin (Table 1), a red-colored 
anthraquinone derivative that comprises one of the main bioactive constituents of Saint 
John’s wort (Hypericum). The PS with excitation maximum at 593 nm exhibits anti-cancer, 
anti-viral, and anti-bacterial properties that, in case of viruses and bacteria, have been 
ascribed to its photosensitization effects [78-81]. Hypericin confers phototoxicity through 
type II mechanism in MSSA and MRSA as well as pathogenic E. coli [80,82,83]. Maximum 
ROS generation by hypericin and its derivatives is achieved in a lipophilic milieu [84]. 

Hypericin-mediated phototoxicity was found to be more profound in planktonic S. 
aureus than in its biofilm-forming counterpart [82]. This is possibly due to the presence of 
polysaccharide intercellular adhesin (PIA) in the biofilm that blocks the uptake of 
hydrophobic PSs such as hypericin [85]. Photokilling of bacteria correlates with the time of 
pre-incubation with hypericin; longer pre-incubation (24 hours) led to more S. aureus cell 
death than shorter pre-incubation periods [80].  

A good method to improve APDT of biofilm-producing bacteria is chemical 
perturbation of the biofilm. N-acetylcysteine is a highly suitable adjuvant, as it breaks 
down the bacterial biofilms of clinically relevant pathogens, including S. aureus, 
Pseudomonas aeruginosa, Enterococcus faecalis, and Staphylococcus epidermidis [86,87]. 
Correspondingly, Kashef et al. [82] demonstrated that the combined use of hypericin and 
N-acetylcysteine increased intracellular delivery of hypericin in S. aureus. The joint 
application of hypericin with N-acetylcysteine therefore warrants further investigation, 
although it should be kept in mind that N-acetylcysteine is a glutathione precursor [88,89] 
and may therefore strengthen the bacterial antioxidant machinery in the hydrophilic 
compartment, and thereby reduce APDT efficacy. This holds particularly for Gram-
negative species since glutathione synthesis is not found in most Gram-positive species 
[90].  
 
2.5.2. Curcumin 
Another naturally occurring PS is curcumin (Table 1) [91], a yellow pigment derived from 
the root of the Curcuma longa plant [92,93]. Curcumin is a polyphenolic compound that 
absorbs visible light in the 405-435-nm range, depending on the chemical environment 
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[94]. Due to its unique chemical properties, curcumin exhibits pleiotropic binding towards 
many types of biomolecules, including (phospho)lipids, proteins, and nucleic acids [94]. 

The photokilling propensity of curcumin was considerably more profound in the 
Gram-positive S. aureus than the Gram-negative E. coli and Salmonella typhimurium (~300 
times more effective when corrected for light dose and concentration) [95], indicating an 
associative predilection for Gram-positive species. The bactericidal effect of light-
irradiated curcumin occurs at relatively short drug-light intervals (0 - 60 min), whereby 
longer drug-light intervals (90 min) did not yield an additional cytotoxic effect [95]. These 
data suggest that curcumin either distributes rapidly throughout the cell or confers its 
phototoxic effect at superficial loci, from which the generated radical intermediates may 
induce local damage or diffuse to intracellular targets. At this point, however, the 
cytotoxic mechanisms in curcumin-APDT-subjected bacteria are elusive. The production of 
ROS by light-irradiated curcumin has been exclusively studied in the context of 
mammalian cells [96] but not bacterial cells. In rat basophilic leukemia cells it was shown 
that carbon-centered radicals with a long lifetime (up to 27 seconds) were produced that 
may have been responsible for the phototoxicity of curcumin. These findings may explain 
why surface binding of curcumin could suffice to kill bacteria, given that these 
intermediates are more likely to transgress the cell wall than the short-lived 1O2 or •OH 
[13].  

A contributory mechanism to cytotoxicity is that curcumin generates radicals or 
become a radical itself in a physiological environment in the absence of light, especially at 
pH > 6.5 [94]. On the other hand, curcumin is also very photo-labile [94], as a result of 
which its photodynamic action may be rather short-lived due to rapid photodegradation. 
In any case, the use of curcumin as a PS deserves further investigation, particularly since 
the molecule can be modified chemically at the flanking or central functional groups [94] 
without perturbing the conjugated system required for triplet state generation. The 
conjugation of cationic moieties may further enhance curcumin’s APDT efficacy.  
 
3. The barriers in antimicrobial photodynamic therapy  
 
Traditional antibiotics often utilize a key-hole mechanism, where the compounds target 
one specific membrane- or (intra)cellular component in bacteria, be it proteins, lipids, or 
DNA, to either stop growth or kill the organism. For example, penicillin binds to the 
penicillin binding proteins and inhibits the crosslinking of the peptidoglycan multi-layer 
[97]. Vancomycin binds to the D-Ala-D-Ala residues of the peptide side chain of the 
peptidoglycan precursor lipid II and deters downstream peptidoglycan synthesis steps [98]. 
Daptomycin  is believed to insert into the membrane of Gram-positive bacteria, where it 
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forms aggregates that modify the curvature of the membrane and cause cavitation, ion 
leakage, and ultimately cell death [99].  

In contrast, the PSs used for APDT typically distribute to multiple extracellular or 
intracellular compartments and/or produce radical intermediates that can migrate away 
from the formation site. As a result, various components of cell metabolism are disrupted, 
culminating in cell demise when sufficiently afflicted. The extracellular and intracellular 
targets of the commonly used PSs are summarized in Table 3 and a generic overview of 
possible target loci is provided in Figure 3. For a more detailed overview of the targets, 
readers are referred to a recent review [100]. Since APDT efficacy largely depends on the 
localization of the PS, the following subsections focus of the physical and biochemical 
hurdles that impair the PSs in reaching the target sites.  

 

 
 
The inactivation of bacteria is dependent on the association of the PS with the 

pathogen. The first step is the binding or interaction of the PS to the bacterial cell surface. 
Both Gram-positive and Gram-negative bacteria have an overall negatively charged cell 
surface comprised of different surface structures [101]. The anionic surface therefore acts 
as an electroattractive scaffold for cationic PSs, which are more efficiently bound to and 
taken up by bacteria [102]. Due to the short lifetimes of most radical intermediates, and 
particularly of type II-generated 1O2 and type I-produced •OH, it is preferable that the PS is 
taken up for maximum oxidative damage following APDT. Owing to the complexity of the 
bacterial cell envelope, the uptake of PSs is, however, hampered by several factors 
addressed next. Readers should note that in practice, the exclusion of exogenous 
compounds from the intracellular space is not attributable to a single barrier acting on its 
own, but rather in concert with other barriers. Potential means to overcome these 
barriers are also discussed where applicable. 

 
 

Figure 3. Overview of APDT 
targets in bacterial cells, 
indicated by a red arrow.  
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Figure 4. Illustration of the cell envelope in Gram-negative and Gram-positive bacteria.  

 

3.1. Lipopolysaccharides of Gram-negative bacteria 

Lipopolysaccharides (LPS) are the major component of the outer membrane of Gram-
negative bacteria (Figure 4) that impart structural integrity and protect the membrane 
from attacks by chemicals. LPS forms the outermost physical and electrostatic barrier that 
exogenous compounds must transgress to reach the lipid bilayer of the outer membrane. 
Its presence is therefore a hurdle for intracellular PS targeting. Although the LPS layer 
obstructs easy entry of PSs into Gram-negative bacteria, the layer may also serve as a 
target for APDT [18,103]. The surface structures are vitally important in bacterial cell 
physiology. To underscore the importance of LPS: when LPS is structurally modified or 
removed, the bacteria die.  

Because of its highly anionic nature, LPS is considered a primary target of cationic 
PSs. A cationic charge is not the only determinant governing PS association with LPS, as 
toluidine blue O (log P = –0.21) exhibited higher affinity towards LPS isolated from 
different bacterial strains than MB (log P = –0.97) [18], while both PSs have a formal 
charge of 1. LPS as a target also serves another clinical purpose, namely to activate the 
innate and adaptive immune system of the host organism [104], which may aid to an 
extent in post-APDT removal of residual pathogens [105,106].  

In regard to LPS redox modification by APDT, a recent study [107] reported that 
chitosan-conjugated Rose Bengal nanoparticles and methylene blue effectively neutralized 
LPS isolated from P. aeruginosa and reduced the inflammatory potency of LPS. Given that 
selective inactivation of LPS is not associated with detrimental side effects in mammalian 
host cells, such PSs should be further explored for their utility in a clinical setting, where 
the infected tissue is in close proximity to healthy tissue. Moreover, the binding of the PS 
to LPS competes with cations such as Ca2+ and Mg2+ that stabilize the bacterial membrane 
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structure and integrity. Displacement of structurally important cations weakens the outer 
membrane and leads to a ‘self-promoted’ pathway of PS uptake, as has been documented 
in [103]. Although a cationic PS (poly-L-lysine chlorin(e6) conjugate, pL-e6) binds 15-100 
times more efficiently to S. aureus than to E. coli, the killing effect was much stronger in 
the latter. This is mainly ascribed to the fact that divalent cation replacement in E. coli LPS 
by the cationic PS led to membrane distortion and pore formation to promote uptake. In 
contrast, the thick peptidoglycan of S. aureus blocked such access, although the PS bound 
extensively to the negatively charged cell surface [108].  

3.2. Outer membrane of Gram-negative bacteria 

The outer membrane is comprised of a phospholipid bilayer (Figure 3) whose barrier 
function is typical of all biomembranes. Biomembranes have hydrophilic surfaces and 
lipophilic cores, whereby the hydration state of the membrane (and thus penetrability of 
water-soluble molecules) decreases towards the midplane of the bilayer [109]. This 
chemical composition of the bilayer makes the outer membrane as well as the cytoplasmic 
membrane a very effective barrier against a vast number of molecules [109]. Typically, 
very lipophilic molecules (high log P, e.g., phthalocyanines, section 2.3) get trapped in the 
bilayer, whereas very hydrophilic molecules (low log P) cannot pass through the bilayer 
core due to chemical incompatibility. Because the tightly packed component 
phospholipids do not leave much room for interposition, large molecules (e.g., fullerenes, 
section 2.4) are also excluded. Only amphipathic molecules, i.e., molecules with lipophilic 
backbones and polar/charged flanks (medium log P, e.g., curcumin and hypericin, section 
2.5) are quite capable of transgressing membranes [94].  

Despite the evolutionary perfected barrier function of biomembranes, the 
structures are not impervious. Disruption of LPS upon displacement of divalent ions, as 
described in the previous section, results in weakening of the outer membrane as a result 
of which the outer membrane becomes accessible to PSs [103]. The uptake of cationic PSs 
across the outer membrane subsequently proceeds via a so-called self-promoted pathway 
[103]. This pathway entails the replacement of important LPS-binding divalent ions (Ca2+ 
and Mg2+) by cationic PS, thereby disrupting outer membrane stability, leading to the 
formation of channels in the outer membrane that can facilitate PS uptake.  

The self-promoted uptake is not as straightforward for anionic PSs. Anionic PSs 
may require an active transport machinery [108]. Porins, which are transmembrane 
proteins situated in the outer membrane of Gram-negative bacteria [110,111], are 
possible candidates insofar as these proteins are responsible for the transport of 
substances such as sugars, small peptides, and drugs [111]. It has been shown that the 
degree of uptake of some anionic PSs (Rose Bengal and indocyanine green) decreased 
following trypsin treatment, suggesting the involvement of protein transporters in 
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shuttling PSs across the outer membrane [108]. In contrast, the uptake of MB (cationic) 
was not affected by trypsin [48]. Taken together, the outer membrane is a second barrier 
to cellular entry of exogenous compounds, albeit one that can be circumvented in case of 
both anionic and cationic PSs. In case of neutral PSs, conjugation of the PS to a cationic 
molecule could sufficiently facilitate outer membrane penetration by the PS [57].  

3.3. Teichoic acids of Gram-positive bacteria 

Comparable to Gram-negative LPS, teichoic acids in Gram-positive species (Figure 3) 
contribute to the net negative charge on the bacterial cell surface. The carboxylate and 
phosphate groups of teichoic acids (comprising the phosphodiester bonds between 
teichoic acid monomers) are responsible for the negative charge of these acids [112]. 
 Teichoic acids including lipoteichoic acids that are attached to the cytoplasmic 
membrane and wall teichoic acids that are bound to the peptidoglycan impart essentially 
all of the negativity of the peptidoglycan/periplasmic space of Gram-positive bacteria 
[112]. The anionic residues are also a major binding site of divalent ions such as Mg2+ and 
Ca2+ [101], altogether accounting for an electrostatic barrier for mainly anionic molecules. 
Cationic PSs can get passed these residues through electrostatic interactions, while 
anionic PSs are repulsed by the negative charges [108]. However, as for LPS, the 
electrostatic interaction between structural cations and cationic PSs is competitive [103], 
rendering the membrane surface biochemically ideal for cationic PSs. Also, deionization of 
the outer membrane surface (Gram-negative bacteria) or the peptidoglycan (Gram-
positive bacteria) will result in destabilization of the barrier function and facilitate PS 
passage [108].   

3.4. Peptidoglycan  

As shown in Figure 4, the peptidoglycan is situated on the outer surface of the cytoplasmic 
membrane in Gram-positive bacteria and between the outer membrane and cytoplasmic 
membrane in Gram-negative bacteria. Being the outer most layer in Gram-positive 
bacteria, the peptidoglycan layer is 2-10 times thicker (20-80 nm) in these cells than in 
Gram-negative bacteria to enable optimal barrier function. The average hole size of 
peptidoglycan was found to be 2.06 nm for the Gram-negative E. coli and 2.12 nm for 
Gram-positive Bacillus subtilis [113]. Due to the structural and anatomical differences, the 
degree of physical and chemical fortification imposed by the peptidoglycan in Gram-
negative bacteria may be less significant than in Gram-positive bacteria.  

In both Gram species, however, the peptidoglycan is a relatively porous layer and 
rather inadequate in terms of a permeability barrier for most PSs [13]. Even neutral and 
anionic PSs, which should be repulsed by the negatively charged peptidoglycan, are under 
certain circumstances able to diffuse through this multi-layered scaffold [108]. Pereira et 
al. [114] reported that the uptake and APDT efficacy of cationic porphyrins are closely 
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related to the chemical composition of the external structures of different bacteria. Gram-
positive bacteria, even with a more complex and multilayered envelope (T. radiovictrix, D. 
geothermalis, and D. radiodurans) showed higher susceptibility towards porphyrin 
derivatives (Tetra-Py-Me+). These findings notwithstanding, the permeability of the 
peptidoglycan make Gram-positive bacteria more suitable targets for APDT compared to 
Gram-negative bacteria. 

3.5. Cytoplasmic phospholipid bilayer membrane 

The barrier function of biomembranes was explained in section 3.2 and also applies to the 
cytoplasmic membrane. However, the differential composition of the cytoplasmic 
membrane between Gram-positive and Gram-negative bacteria does dictate the degree to 
which this membrane exerts a barrier function. The zwitterionic phospholipid 
phosphatidylethanolamine constitutes the most abundant phospholipid in bacteria, but is 
more replete in Gram-negative strains than in Gram-positive bacteria [115]. All bacteria, 
regardless of the gram-species, have at least 15% anionic lipids comprising either 
phosphatidylglycerol, cardiolipin, or both [116,117]. The cytoplasmic membrane of some 
Gram-positive bacteria has low phosphatidylenthanolamine content and is, by ratio, 
therefore enriched with more anionic phospholipids [115]. This, along with other factors 
addressed in the previous subsections, explains why the uptake of many cationic PSs is 
more prolific in Gram-positive species than their Gram-negative counterparts. 
Consequently, APDT is more effective in Gram-positive bacteria. This is of particular 
interest when considering that the drug-resistant pathogenic Gram-positive strains such as 
MRSA and vancomycin-resistant enterococci species, among others, that are real threat to 
public health [118].    
  
4. The (putative) targets of antimicrobial photodynamic therapy 
 
4.1. Lipids 

Owing to their lipophilicity, most PSs (Table 1) localize to cellular and subcellular 
membranes following uptake [13]. It therefore follows that lipids are an important target 
for APDT [114] and that the phototoxicity induced by APDT emanates from oxidative 
modification of component lipids and membrane proteins (Figure 4) that, just as LPS, are 
vital to cell physiology and metabolism. The ROS and other radical intermediates mainly 
target the double bonds in the phospholipid acyl chains, i.e., unsaturated fatty acids [119]. 
Accordingly, the bacterial strains in which the outer membrane leaflet is composed of 
saturated fatty acids or a relatively small fraction of unsaturated fatty acids are less 
susceptible to APDT [120]. Another study [121] reported that the phospholipids in the 
inner leaflet of the outer membrane and the cytoplasmic membrane of E. coli are a target 
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of redox modification induced by a porphyrin derivative (tri-Py+-Me-PF). The extensive 
formation of lipid hydroperoxides and a decrease in the amount of unsaturated fatty acyl 
chains were observed in lipid extract as a result of APDT.   

Oxidative modification of membrane (phospho)lipids alters membrane fluidity 
and organization as well as membrane protein function [119] that, when extensive enough, 
culminate cell death [115,122] . Outer membrane targeting for APDT should therefore be 
sufficient to induce massive cytotoxicity and circumvent the hurdles associated with 
intracellular delivery of the PSs (section 3). Some proof-of-concept has already been 
provided. Johnson et al. [123] studied PS localization and APDT efficacy using eosin-
(KLAKLAK)2 as PS-peptide conjugate prior to APDT of E. coli and S. aureus. Their results 
revealed that the PS-peptide complex localized to the cell surface. The (KLAKLAK)2 initially 
acted as a targeting ligand and, after eosin-induced lipid oxidation had occurred following 
APDT, as a membrane perturbing agent. The cumulative effect, which was facilitated by 
redox modification of lipids, was bacterial cell death in the absence of intracellular PS 
accumulation.  

Some porphyrin derivatives have also been reported to exhibit membrane 
accumulation and induce site-confined lipid peroxidation. Two studies [114,124] have 
demonstrated that short incubation (1-3 hours) of Gram-negative bacteria with tetra-
Py+-Me (Table 1) led to PS accumulation in the outer membrane without intracellular 
accumulation. Longer incubation times result in redistribution of tetra-Py+-Me into the 
cell. In E. coli, Ragas et al. [125] showed that tetra-Py+-Me localized to the outer surface 
as well as intracellularly following 20 hours of incubation. Accordingly, the production 
of 1O2 occurred at multiple locations.  

4.2. Nucleic acids 

Whether nucleic acids are a primary target of APDT is presently elusive and marked by 
controversial data. Several studies have suggested the binding of PSs to nucleic acids 
[125,126], which implies that nucleic acids are oxidatively modified by APDT and induce 
genetic catastrophe after treatment. Support for this hypothesis was provided by an 
APDT study with the hydrophilic cationic porphyrins tetra-Py+-Me and tri-Py+-Me-PF 
(Table 1), which demonstrated that APDT-induced nucleic acid damage occurred in the 
order of 23S rRNA > 16S rRNA > DNA in E. coli and S. warneri [127]. In contrast, Samon-
Divon et al. [128] reported that DNA damage occurs first following APDT with tetra-Py+-
Me, at least in E. coli. Extensive production of 1O2 and the cell permeation properties of 
these PSs were cited to be responsible for the nucleic acid damage that occurred inside 
the bacterial cells [35]. 

Nevertheless, whether DNA or RNA is the primary target of APDT remains an 
open debate [127,129,130]. For example, a proteomics study aimed at identifying the 
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molecular targets of APDT of MRSA using tetra-Py+-Me [131] concluded that nucleic 
acids are not likely a primary target because DNA and RNA damage can be repaired by 
various repair pathways. It was reported that RecA expression in S. aureus, which 
triggers the SOS signal for DNA repair, is upregulated during APDT. This mechanisms 
does not seem to be ubiquitous, however, as similar results were not found in P. 
aeruginosa [132]. So although nucleic acids may be oxidized as a result of APDT, the 
redox modifications can be reverted and the cells may not undergo cell death as a 
direct result of nucleic acid damage. Moreover, DNA damage was only found when a 
remarkable amount of bacterial cells have been photo-inactivated, pleading against this 
mechanism as a primary cause of cell death [100]. More focused studies are needed to 
elucidate the role of nucleic acid oxidation in the context of cytotoxicity.  

4.3. Proteins  

Proteins are present in all compartments of the bacterial cell, from the surface (porin 
proteins, membrane proteins, lipoproteins) to the cytosol (soluble proteins) [133], and 
are important for various biological activities that occur in bacterial cells. Membrane 
proteins are likely the preferred targets for the PSs due to their shared lipophilicity. 

Proteins are unequivocally damaged by APDT, although bacterial proteins are 
less sensitive to oxidative modification compared to mammalian proteins [114]. 
However, whether this damage translates to bacterial cell death is currently unclear. A 
protein-electrophoresis study performed in APDT-subjected E. coli and S. warneri using 
tetra-Py+-Me and tri-Py+-Me-PF showed that substantial protein degradation and a 
consequent decrease in cell viability occurred in both strains quite quickly after 
irradiation (5-60 min) [134]. Tri-Py+-Me-PF-APDT was more cytotoxic in both strains due 
to its higher 1O2 production. The authors suggested that the asymmetric structure and 
charges of tri-Py+-Me-PF as well as the lipophilic pentafluorophenyl group increased the 
binding affinity to bacterial cells, which has been echoed by other studies [35-37].  

The rapid degradation of proteins corroborates redox modification following 
APDT, but does not provide information on whether this process accounts for or 
contributes to cell death. In fact, bacterial cells possess several coping mechanisms for 
proteotoxic stress [135], and the same argument may apply for proteins as for nucleic 
acids (i.e., initial oxidative damage, but no biological consequences due to repair). The 
proteomics study discussed in section 4.2 revealed an altered expression of proteins 
involved in carbohydrate uptake, cell division, and response to oxidative stress [131], 
whereby the latter response seems to be ubiquitous across multiple species, including 
human cancer cells [136]. Consequently, the cytotoxicity of APDT-induced proteotoxic 
stress requires closer investigation, also in light of the coping mechanisms and possible 
interventions to block the related survival pathways.   
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5. Targeting of pathogenic bacteria 
 
A large numbers of in vitro studies have provided proof-of-concept that APDT kills a broad 
spectrum of pathogenic bacteria. Selective results on some important resistant pathogenic 
bacteria, both Gram-positive and Gram-negative, are presented in this section.   

5.1. Pseudomonas aeruginosa (Gram-negative) 

P. aeruginosa survives in both normoxic and hypoxic atmospheres and thrives in water, 
soils, skin, and natural and artificial environments created by humans. The organism uses 
a broad variety of sources for nourishment and is biologically versatile, as a result of which 
it can cause serious infection in diseased/damaged tissues where oxygen levels are 
relatively low, particularly in immunocompromised hosts (opportunistic infections). The 
most important problem is that P. aeruginosa is frequently found in hospitals on medical 
equipment, where it constitutes a notable source of nosocomial infections. P. aeruginosa 
has developed antibiotic resistance due to its capacity to adapt through relatively rapid 
planktonic → biofilm phase transition and quorum sensing [137], i.e., the capacity to 
change genotype based on population density. These aspects make P. aeruginosa a 
medically serious problem. A positive clinical aspect is that these infections are generally 
easily accessible to PSs as well as optical fibers for APDT. 

The in vitro APDT efficacy using toluidine blue O (0-500 µM) was determined in 
multidrug resistant P. aeruginosa and compared to its susceptible counterpart [138]. 
Furthermore, the APDT efficacy was independent of efflux pump functionality or the level 
of resistance [25]. The authors suggested that DNA damage was the main cause of cell 
death, despite the fact that DNA damage is not a putative cause of APDT-mediated cell 
death (section 4.2). At this point, however, SOS signaling and subsequent DNA repair 
cannot be ruled out until this has been demonstrated in P. aeruginosa mutants with an 
impaired DNA repair machinery. Also, mechanistic studies need to be carried out to 
identify the localization of PSs and exact targets in P. aeruginosa.  

In addition to toluidine blue O, APDT with the porphyrin precursor 5-
aminolevulinic acid (5-ALA) was shown to be effective against P. aeruginosa, albeit at a 
relative high concentration (10 mM). This was confirmed in another study [139] that 
underscored that 5-ALA, and particularly its long chain derivatives, remain interesting PSs 
for APDT of P. aeruginosa. Regardless of the high dose, 5-ALA and derivatives exhibit 
selectivity towards P. aeruginosa and are harmless towards healthy surrounding tissues 
[140].  

 

 



Antibacterial photodynamic therapy 

137 
 

5.2. Staphylococcus aureus (Gram-positive) 

Among all Gram-positive pathogens, S. aureus is the most extensively studied as a 
serious cause of life threatening infections such as skin, soft tissue, and blood stream 
infections both in hospitals and in the community. A significant reduction in MRSA 
viability was observed in vitro for numerous PSs, such as phthalocyanine, porphyrin, 
chlorines, and phenothiazinium [141-143]. Although many in vitro studies showed 
promising results that APDT could effectively kill S. aureus in either its planktonic form 
or in biofilms using diverse PSs, fewer reports could be found that furnished in vivo 
proof [144].  

Some unique findings on APDT targeting S. aureus are noteworthy. For example, it 
was reported that taking advantage of the common resistance mechanism of MRSA is one 
of the promising strategies to improve the specificity of PSs towards MRSA [145]. A 
specific enzyme-activated structure (𝛽𝛽-LEAP) was created, for which two phenothiazinium 
PSs (EtNBS-COOH) were combined to the side chains of cephalosporin. The two PSs were 
quenched in the uncleaved construct due to close proximity with each other, but were 
activated through cleavage of the lactam ring by beta-lactamase, which was synthesized 
only by resistant strains. This differs from the common targeting strategies for other 
bacteria (antibody conjugation, attachment of antimicrobial peptides, etc.).  

A dedicated review on APDT treatment of MRSA can be found elsewhere [144].  

5.3. Mycobacterium tuberculosis (Gram-negative) 

M. tuberculosis is the main cause of multidrug resistant tuberculosis (MDR-TB) that 
emerged in the 1990s and was soon succeeded by the extremely drug resistant 
tuberculosis (XDR-TB). XDR-TB has developed resistance to all effective anti-TB drugs, 
including fluoroquinolones, and at least one of the injectable drugs (e.g., kanamycin, 
amikacin, capreomycin) [146].  

M. tuberculosis possesses a distinct and rigid cell envelope structure [147]. The 
envelope is composed of an outer layer called ‘capsule’ [148], an outer membrane 
consisting of mycolic acid, and several distinctive lipids (such as trehalose monomycolate 
and dimycolate, phthiocerol dimycocerosate, sulpholipid-1, diacyl trehalose, and pentacyl 
trehalose), and an asymmetric cytoplasmic membrane [149]. This complex envelope 
structure makes M. tuberculosis a rather difficult target for APDT in term of PS uptake. 
However, in 1903, Niels Finsen was awarded the Nobel Prize for inventing light therapy for 
lupus vulgaris, which was based on the excitation of endogenous porphyrins 
(coproporphyrin) in M. tuberculosis [150]. 

Since then, scientists have been able to improve the APDT efficacy against this 
bacterium. A PS mixture called Radachlorin, containing chlorin e6, chlorin p6, and purpurin, 
and a PEG-conjugated pheophorbid-amethyl ester (DH-I-180-3) have been tested [151] for 
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their APDT efficacy against clinical strains of M. tuberculosis isolated from patients. 
Repeated APDT or intermittent APDT with pulsed irradiation using a light dose of 20 J/cm2 

exhibited better killing efficacy than APDT using continuous light irradiation. The 
mechanisms of cytotoxicity and the biomolecular targets were, however, not investigated.  

It is noteworthy that secreted antioxidant enzymes (catalase/peroxidase and 
superoxide dismutase) found in the “capsule” [148] may influence the ROS-based 
bactericidal effect of APDT, which implies that deeper penetration and intracellular 
accumulation of the PS is of utter importance for killing M. tuberculosis. Nevertheless, 
encouraging findings of porin-like beta-barrel membrane proteins such as OmpATb [152] 
and Rv1698 [153] in the outer membrane of M. tuberculosis, which are proposed to 
transport small hydrophilic molecules [154] (albeit at significantly lower efficiency than 
other Gram-negative species such as E. coli [155]), may act as a transport channel for PSs, 
and cationic PSs in particular [151]. Furthermore, APDT was also shown to be effective in 
vitro against other Mycobacterium species that cause MDR-TB jointly, such as M. 
smegmatis. The administration of 7.5 μM cationic tetra-Py+-Me combined with 
illumination with a light dose of 18 J/cm2 reduced the viability of these bacteria by 5-6 log 
within 5 minutes [156].  

The above-mentioned in vitro data showed promising aspects of killing the 
mycobacteria species with APDT. It is important to note, however, that M. tuberculosis is 
an intracellular bacterium. The models for studying this species in terms of therapy should 
therefore ideally entail infected mammalian cells (preferably in the lungs) to achieve a 
representative level of clinical relevance. Although not with M. tuberlucosis itself, 
researchers conducted proof-of-concept studies using bacteria from the same family.  A 
mouse model of Mycobacterium bovis-induced granulomatous infection was successfully 
established using collagen scaffold gel to study Verteporfin-APDT efficacy [157]. A 0.7 log 
bactericidal effect was found in vivo that was comparable to in vitro result using 60 J/cm2 
light dose [157].  

The fact that these bacteria thrive inside host cells is a significant therapeutic 
conundrum. A high level of PS targeting selectivity is exacted during APDT so that bacteria 
are killed and parenchymal cells are not. Although the surface of mammalian cells and 
bacteria is negatively charged (mammalian cells have a highly sulfated glycocalyx [3]), 
which is ideal for cationic PSs, the PS has to transgress at least two biomembranes to 
enter the bacteria. One possible strategy is to use porphyrin precursors such as 5-ALA or a 
hexylester derivative of ALA, which are more easily taken up due to their smaller size, and 
can be converted in M. phlei and M. smegmatis to coproporphyrin [158]. However when 
using such approach, it is important to avoid or limit phototoxicty to the healthy cells 
because ALA can be converted to the light-sensitive protoporphyrin in mammalian cells 
[159]. 
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5.4. Streptococcus mutans (Gram-positive) 

S. mutans is mainly located in the mouth, where it causes biofilm formation and 
contributes to dental caries [160,161]. APDT is a suitable treatment modality for S. mutans 
due to accessibility of the infection site and, above all, is effective against S. mutans [162], 
at least in vitro. Nevertheless, the clinical relevance of APDT of oral S. mutans is less 
significant than other infections due to the initially non-life-threatening nature of the 
infection, which is characterized by biofilm formation on teeth (dental plaque). Biofilm is 
typically recalcitrant to conventional antibiotic treatment, which generally aims to kill 
pathogenic microbes or block biofilm production [163]. A common clinical application of 
APDT of S. mutans is therefore disinfection of root canals [164]. In addition to their 
cariogenicity, S. mutans has been implicated in more severe conditions, including cerebral 
microhemorrhage [165] and infection of heart valves as well as atheromatous plaques in 
blood vessels [166]. At this point, PDT has been investigated for the treatment of 
atheromatous plaque, albeit without direct targeting of S. mutans. 

With respect to APDT efficacy, Rose Bengal (0.5 µM) (section 2.1) caused 
complete eradication of planktonic S. mutans (3 Log10 CFU/mL) following irradiation with 
400-600-nm light [162]. Another in vitro study reported that S. mutans biofilm was 
reduced by 0.62 log CFU/mL by Rose Bengal (5 μM) combined with blue LED irradiation 
(455 ± 20 nm) [167]. The lower killing efficacy in the latter study [167] was likely caused by 
the complex nature of biofilm, which is composed of different pathogens, compared to 
the homogeneous culture of S. mutans [161]. APDT of S. mutans biofilm with erythrosine 
at the same concentration (5 μM), a clinically approved PS for dental plaque removal, 
yielded slightly better results in terms of cell killing capacity [168]. Moreover, APDT with 
toluidine blue O (section 2.1) resulted in the eradication of S. mutans in 10 days-old  
biofilm [169]. Toluidine blue O exhibited no dark toxicity and the efficacy was light dose-
dependent. Finally, curcuminoids (section 2.5.2) may be suitable PSs for APDT of S. mutans 
in that curcuminoids exert dual pharmacodynamic activity. On the one hand, 
curcuminoids block sucrose-dependent adherence of S. mutans to saliva-coated 
hydroxyapatite discs (model for teeth) and inhibit the acidogenicity and aciduricity of S. 
mutans biofilms [170]. On the other hand, APDT of bacteria photosensitized with 
curcumin induces cell death [95]. The encouraging results notwithstanding, these in vitro 
results need further in vivo validation. 

5.5. Enterococcus faecalis (Gram-positive) 

E. faecalis mainly resides in the gastrointestinal tract but also occurs in root canals with 
persistent endodontic infections. The species is resistant to conventional antibiotic 
treatment [171] and is responsible for causing nosocomial infections.  
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Several in vitro studies explored the possibility of eliminating planktonic E. 
faecalis as well as its biofilm with APDT using cationic PSs such as eosin Y [172], methylene 
blue [173], tetra-Py+-Me [174], and SAPYR (2-((4-pyridinyl)methyl)-1H-phenalen-1-one 
chloride) [174,175]. APDT of root canal specimens prepared from extracted teeth infected 
with E. faecalis achieved bacterial reduction of 77.5% when with methylene blue (6.5 
µg/mL) and 60 J/cm2 light dose (665 nm) were applied [173]. A considerable bacterial 
reduction (40.5%) was also achieved in the control group with only light treatment [173], 
suggesting that the species may produce its own PSs or is otherwise sensitive to red light. 
In another study, the efficacy of continuous, repeated, and intermittent APDT with eosin Y 
as PS was compared [172]. It was found that higher dose of PS (40 or 80 µM) during 
continuous or intermittent APDT did not increase the bactericidal effect against E. faecalis 
biofilm, which was possibly due to aggregation of the PS at high concentration upon 
irradiation. In contrast, repeated exposure APDT (a constant irradiation time of 960 s with 
10-s pauses, 10 or 20 µM of eosin Y), the extent of bacterial cell death was 96% [172]. 
Cieplik et al. [174] compared the photodynamic efficacy of the new generation PS SAPYR 
and tetra-Py+-Me in E. faecalis. The study revealed that the absolute 1O2 singlet quantum 
yield of SAPYR was about 1/5 of that of tetra-Py+-Me due to lower photon absorption. 
However tetra-Py+-Me had no effect against E. faecalis while SAPYR eliminated the 
pathogen by 5 logs [174] in both monospecies and polyspecies biofilm. These results 
collectively show the promising prospects of APDT against E. faecalis in endodontic 
infections.     

5.6. Helicobacter pylori (Gram-negative) 

H. pylori resides in the human gastric tract and causes infections that lead to peptic ulcers 
and gastric cancer [176]. Conventional treatment of H. pylori infections includes the 
administration of antibiotics together with proton pump inhibitors [177], which often 
causes undesired side effects such as epigastric pain, nausea, and diarrhea [177]. 
Resistance of H. pylori to different antibiotic regimen including amoxicillin, clarithromycin, 
metronidazole, levofloxacin, tetracycline, and rifampicin has been reported in regional 
studies from different countries [178-181] and is particularly causing chronic health 
problems in children [182]. Consequently, APDT has therefore been employed as a 
possible, more patient-friendly alternative to conventional therapy [183-185].  

Although the stomach is an internal organ, accessibility for PSs (oral 
administration) and laser probes (e.g., endoscopically) are not expected to be clinical 
bottlenecks. In fact, APDT of H. pylori does not necessarily have to rely on external PS 
delivery inasmuch as the bacteria naturally produce porphyrins, such as protoporphyrin 
and coproporphyrin, via the heme biosynthetic pathway [185]. Accordingly, laser 
irradiation with blue light (~405 nm) without prior photosensitization of cultured H. pylori 
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is sufficient to induce cell death [185]. A clinical study using 405-nm endoscopic light 
confirmed APDT efficacy in eradicating H. pylori colonies in patients [186]. In this small 
scale pilot study, 9 eligible patients received endoscopic blue light at a fluence of 40 J/cm2. 
No administration of PS was necessary as H. pylori was able to naturally synthesize 
protoporphyrin IX and coproporphyrin. Consequently, 99% bacterial inactivation was 
achieved. However the exact mechanism underlying the photo-inactivation of H. pylori is 
yet to be determined.  
 
6. Optimization of photodynamic efficacy   
 
Presently, a major limitation of APDT is the inadequate uptake of PS by bacteria and hence 
insufficient photosensitization to induce lethality. Studies have explored various means to 
optimize the selective uptake of PSs by bacteria, which include structural modifications of 
existing PSs, including conjugation of anionic/neutral PSs to cationic polymers/surfaces 
[187-189] and the development of novel PSs [7,190]. Some alternative methods are 
discussed next in addition to those already addressed (e.g., chemical perturbation of 
biofilm (section 2.5.1)).  

6.1. Liposomal photosensitizer delivery systems   

Liposomes are nanoscopic fat droplets composed of a phospholipid bilayer and an 
aqueous core. Consequently, liposomes can encapsulate both hydrophilic and lipophilic 
PSs [32] for delivery into bacteria [191]. In fact, liposomes have been recommended for 
these purposes due to their fluidic lipophilic nature and the possibility to bear a positive 
surface charge [191]. Cationic carriers can disorganize the native three-dimensional 
architecture of the bacterial cell envelope, thereby inducing membrane permeability and 
easier transmembrane passage or settlement of the PS [192]. The increased cytotoxicity of 
liposome-delivered PS relative to control delivery (unencapsulated PS) may also be 
ascribed to the more suitable localization of the PS in the cell envelope [191,192]. Proof-
of-principle for liposomal PS delivery has been provided in methicillin-resistant S. aureus 
and P. gingialis, where highly cytotoxic APDT was achieved with cationic liposome-
delivered ZnPc [193]. Tsai et al. [194] reported that APDT with liposomal hematoporphyrin 
improved therapeutic efficacy in gram-positive pathogens such as MSSA, MRSA, 
Staphylococcus epidermidis, and Streptococcus pyogenes. The development and in vitro 
proof-of-concept of ZnPc-containing cationic liposomes (section 2.3) has also been 
described in the context of PDT of cancer cells [32],[195] ,[196] . These formulations may 
therefore be useful for APDT. 
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6.2. Conjugation of cationic antimicrobial peptides to photosensitizers 

Cationic antimicrobial peptides (CAMPs) such as buforin, magainin, and apidaecin are 
useful antimicrobial peptides that may be conjugated to PSs to improve PS-cell association 
or intracellular PS delivery [43,45]. The peptides possess bacterial lytic properties and 
have particular affinity for Gram-negative bacteria. The conjugation of these peptides to 
the PS also broadens the therapeutic spectrum of certain PSs that are initially taken up by 
only Gram-positive species, including 5(4’-carboxyphenyl)-10,15,20-triphenylporphyrin 
[43].  

Another clinically important aspect of peptide conjugation is target selectivity. 
Since the surface of mammalian cells is also negatively charged, application of any cationic 
PS or any PS encapsulated in cationic liposomes may target the PS to the neighboring 
healthy cells and therefore cause side effects. Conjugation of antimicrobial peptide to 
cationic (encapsulated) PSs [123,197,198] can therefore improve the selectivity towards 
bacteria and reduce the extent of uptake by host cells.    

In terms of APDT efficacy, an LPS-neutralizing peptide YI13WF (YVLWKRKRKFCFI-
amide) conjugated to protophophyrin IX was shown to have high killing potential in E. coli 
and Klebsiella pneumoniae [199]. Since protoporphyrin is taken up by mammalian cells as 
well, some photosensitization of non-target cells is expected. However the authors 
demonstrated that the dimeric conjugate exhibited higher selectivity towards bacterial 
cells than the protoporphyrin IX administered alone by co-incubating JurKat T cells with E. 
coli or K. pneumoniae during the APDT. This is probably due to the higher binding affinity 
of the conjugate towards the endotoxin. 

6.3. Efflux pump inhibitors  

Efflux pumps play an important role in bacterial drug resistance [200]. These pumps can 
either export selective antimicrobial compounds or expel a collection of multiple different 
compounds with diverse structures. Several PSs, such as the amphiphilic cationic 
phenothiazinium, are substrates of multidrug resistance efflux pumps [25] and may 
therefore be removed from the intracellular environment before APDT. Hence, inhibition 
of efflux pump function before photosensitization may improve APDT outcome, as has 
been demonstrated in several studies [27,28]. 

Specific export pump inhibitors were combined with several PSs, both cationic 
(methylene blue) and anionic (Rose Bengal), and evaluated in APDT of biofilm-derived 
Enterococcus faecalis [28]. APDT with methylene blue was considerably more cytotoxic to 
E. faecalis compared to Rose Bengal, and the combination with EP inhibitor verapamil 
hydrochloride significantly enhanced APDT-induced cytotoxicity by 3 Log10 at a relatively 
low light dose (5 J/cm2). Another study [27] showed that the order in which EP inhibitors 
(the diphenyl urea INF271, reserpine, 5'-methoxyhydnocarpin, and the polyacylated 
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neohesperidoside, ADH7; all inhibit S. aureus NorA) and PS (toluidine blue O) were applied 
governs the bacterial killing efficacy. When the inhibitor was applied before the PS, a 
superior outcome was achieved. The authors contended that simultaneous inhibitor and 
PS application or administration of the PS before the inhibitor would cause competitive 
binding to NorA and hence reduce intracellular PS retention.  

Despite the potential of this combinatorial regimen in APDT, no clinical feasibility 
studies have yet been performed, mainly due to the biological instability, poor solubility, 
and in vivo toxicity of some export pump inhibitors [201]. These factors, however, do not 
rule out the utility of this approach for the treatment of local infections, such as those that 
cause dental diseases and in superficial skin wounds, where systemic toxicity issues can be 
avoided.    

6.4. Electroporation  

Electroporation is a well-established molecular biology technique used to introduce 
chemicals, drugs, or DNA into the cell by transiently permeating the cell membrane with a 
low-voltage electrical current [202]. It is also used clinically to treat solid tumors [203], in 
which case the aim is to use high-voltage electrical current to irreversibly permeate and 
kill cells.  

Electroporation was applied to both S. aureus and E.coli cells to induce pore 
formation in the outer membrane and increase the delivery of hypericin into the cells 
[204]. This study showed that APDT/electroporation inactivated 3.67 logs more E. coli and 
2.65 logs more S. aureus than APDT alone.  

Although no in vivo studies have been performed to date with respect to 
electroporation in combination with APDT, such a modality has been reviewed in the 
context of solid tumors [205]. It was summarized in this review that electroporation 
typically improved the PDT effect in vitro by a factor of 2 to 5, depending on the PS, cell 
line, and electric field conditions. In vivo experiment showed that, when PDT is combined 
with electroporation, the required effective drug dose is lower and the drug-light interval 
is shorter than PDT alone. This reflects the potential utility of electroporation as an 
adjuvant step before APDT to optimize bacterial photosensitization. It should be noted 
that electroporation of PSs could increase the risk of non-specific photosensitization of 
host cells, although this statement warrants experimental evidence.  

6.5. Light source  

Various light sources can be used to activate the PS, ranging from lasers and narrow-band 
LED sources to high-intensity broadband light sources [132]. Many factors such as the 
optical penetration depth of excitation light, wavelength, fluence, and drug-light interval 
have an impact on the photodynamic efficacy [206]. For dental infections and infected 
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superficial wounds these factors do not weigh too heavily. For internal infections, however, 
sufficient light delivery to the entire infection site may be a challenge [13].  

Yin et al. [207] used upconverting nanoparticles that can absorb near-infrared 
light (980 nm), which lies in the so-called therapeutic window for (A)PDT [32], and convert 
it to shorter-wavelength, high-energy photons to induce a photodynamic effect. Inasmuch 
as there are no endogenous chromophores that significantly absorb near-infrared light of 
this wavelength, the optical penetration is sufficient to homogenously irradiate larger 
bulks of tissue. The drawback of this technique is that another exogenous pharmacological 
entity (i.e., upconverting nanoparticles) must be co-administered with the PS, which may 
lead to systemic or local toxicity issues [208].  
 
7. In vivo and clinical status quo of antibacterial photodynamic therapy  
 
Numerous in vitro studies corroborate the efficacy of APDT in a large variety of bacteria. 
Although these studies are useful in providing initial proof-of-concept and studying 
intracellular pharmacokinetics and PS pharmacodynamics, they do not provide a solid 
translational basis for the clinical setting. In that respect, in vivo studies represent higher-
level data. 

The PSs that have been tested in vivo include phenothiaziniums (section 2.1) such 
as methylene blue [19,209], Rose Bengal [210], and EtNBS [188] (Table 1),  ZnPc derivative 
RLP068/Cl ([211], Table 1), and C70 fullerene ([60,64,68], Table 1), among others. Animal 
models have been developed that mimic clinical infections, including a mouse model of 
skin abrasion caused by MRSA [212] and a guinea pig model of burn infections with S. 
aureus [213]. Moreover, a study compared the efficacy of APDT as an adjuvant treatment 
to scaling and root planning (SRP) of periodontitis in nicotine-modified rats [214]. Their 
results showed lower bone loss when toluidine blue O-APDT was applied in combination 
with SRP versus SRP alone, indicating that APDT was an effective adjunctive treatment to 
SRP for periodontitis. With respect to infected burn wounds, a mouse model [215] was 
established to study APDT efficacy in burn wounds infected with drug-resistant P. 
aeruginosa (section 5.3). The bacterial count in the bloodstream (sepsis) was measured 
after APDT with hypocrellin B:lanthanum (HB:La3+). APDT not only reduced the degree of 
the infection but also successfully lowered the bacterial count in the bloodstream by 2-3 
log CFU/mL compared to the control group. This indicated that APDT could delay 
bacteremia upon infection. The scope of this study therefore could be broadened in the 
sense that APDT could be applied locally to achieve control of bacterial levels in patients’ 
blood stream to improve the efficiency of certain medical treatments, provided that sepsis 
has been a major concern in the hospital [216,217].  
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During in vivo APDT experiments, animals are often sacrificed following the 
intervention to determine the standard bacterial count (CFU/mL). Recent developments in 
these models entail the inoculation of the animals with endogenously luminescent 
bacteria so that the animals can be followed in real time after APDT [210]. The intensity of 
luminescence can be directly correlated to the extent of the infection [210,218]. 
Genetically modified E. coli and P. aeruginosa via transformation of a plasmid containing 
the P. luminescens lux operon could stably generate bioluminescence [210].  

Clinically, APDT of dental disease is the most commonly employed APDT 
application in patients due to easy accessibility of the infection site [219]. Tooth decay and 
periodontitis caused by biofilm infection that encompasses different pathogens warrant 
the use several different antibiotics [220]. Consequently, drug resistance is easily 
developed as a result of the often sublethal concentration of antibiotics in the sulcus fluid 
and the chronic use of antibiotics [221-223]. In those cases, APDT is considered an ideal 
alternative treatment [162,168].   

In the past two years, more than five clinical studies have been conducted on the 
utility of APDT in oral infections [224-228]. Only one of the five studies reported no 
significant improvement in periodontal disease in smokers following APDT in conjunction 
with scaling and root planning [226], although good results had been obtained in animal 
studies [214]. The other four studies provided compelling support for the bactericidal 
efficacy of APDT in localized dental infectious diseases [224-228]. Corroboratively, a recent 
systematic review yielded favorable results in regard to APDT for the treatment of 
infected root canals and called for a well-established clinical protocol [229]. Moreover, 
APDT has been suggested as an adjunctive treatment following standard endodontic 
treatment [225].  

Following the developments in clinical oral diseases, APDT is progressively 
becoming an acceptable treatment modality for chronic and drug-resistant infections 
[13,22,162,183,230]. A PS, PPA904, was evaluated in a phase II clinical trial for the 
treatment of chronic leg ulcer induced by MRSA and yielded good bactericidal results. 
APDT with PPA904 significantly reduced the number of patients (18%) who suffered from 
symptoms of infection post-APDT compared to patients who received placebo treatment 
[231]. Another recent clinical study reported that APDT of P. aeruginosa-caused skin ulcers 
in the lower limbs resulted in significant bactericidal outcome and wound healing-
promoting effects [232]. This is in line with a previous study in mice, where APDT was 
shown to reduce the hyper-inflammatory response in P. aeruginosa-infected skin wounds 
[233]. Additionally, APDT is also used in the clinical management of diabetic foot, which 
causes sizeable infection-related complications in diabetic patients. One clinical study 
reported that 17 of the 18 diabetic foot patients who received antibiotics plus PDT did not 
have to undergo limb amputation, whereas all the patients who received antibiotics only 
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(N = 16) were subjected to limb amputation [234]. Due to the limited cohort size and the 
lack of randomization and double-blind conditions, the application of APDT in diabetic 
patients requires more robust clinical evidence.  

Besides the curative prospects of APDT, Huang et al. [235] reviewed the 
encouraging preventative effects of (A)PDT in the context of the clinically approved 
Photofrin. (A)PDT can trigger host immune response even when applied before infections 
take place, which in turn may contribute to the prevention and treatment of bacterial 
arthritis. Accordingly, preventive immunomodulation is a novel field that could be 
employed to control the degree of infection by pre-emptively priming the host’s immune 
system. 
 
8. Adaptive mechanisms in bacteria and therapeutic recalcitrance 
 
To date the putative contention is that bacteria do not develop resistance against APDT, as 
no resistance has been reported among any bacterial species. Failure of some PSs to 
effectively kill certain bacterial species is due to delivery challenges and not necessarily 
the result of resistance. Some PSs are substrates of multidrug efflux pumps, as mentioned 
in section 2.1, and may therefore be eliminated from the target cells as part of bacterial 
resistance. Concomitant administration of pump inhibitors can counteract these 
resistance mechanisms.  

Tim Maisch [230] recently described possible routes for bacteria to develop 
resistance towards APDT, which includes overexpression of antioxidant enzymes and/or 
heat shock proteins to protect bacteria from the post-APDT oxidative stress. However, 
APDT-induced oxidative stress occurs very rapidly upon illumination, and bacteria are 
unlikely to acquire resistance in such a short time. Also, since ROS have very short 
lifetimes in biological environments, it is questionable whether the synthesis of 
antioxidants or the transcription and translation of antioxidant enzymes in response to the 
acute oxidative stress (a process that takes considerably longer) is effective. Furthermore, 
no defense system against singlet oxygen has been found so far among bacterial 
pathogens, pleading for the use of type II PSs. Nevertheless, APDT-related resistance 
issues seem to be a minor concern at this point.  
 
9. Conclusions  
 
APDT is considered a promising means to overcome the difficulties in treating infections 
caused by multidrug-resistant bacteria.  

The complex structure of the bacterial cell envelope, and especially that of Gram-
negative species, is the main challenge for both conventional treatment and APDT. 
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Although it has been suggested that uptake of PSs is not required per se to kill bacteria by 
APDT, selective PS binding and passage through the bacterial cell envelope is favored. The 
photodestructive effect of ROS at multiple intracellular targets, including the membrane, 
is unequivocally the biggest advantage of APDT over conventional antibiotic approaches, 
which often comprise a single target. Several measures are available to optimize 
intracellular delivery, which range from functionalization of PSs with cationic moieties to 
pharmacological interventions to electroporation and highly technological means of PS 
excitation.  

Undoubtedly, APDT is still in its infant stage of development, but nevertheless 
harnesses clinical potential in light of failing conventional treatments. The 
pharmacodynamics, pharmacokinetics, and disposition of PSs, the drug-light intervals and 
laser settings, and the biology of the infection site dictate clinical outcome of APDT 
treatment. In order to implement APDT in the clinical setting, most of these parameters 
still need to be determined for the majority of indications. A lot of in vitro proof-of-
concept work is available. The next phase should be in vivo validation of the in vitro 
findings and small clinical proof-of-concept studies in order to push this technology closer 
to actually benefitting patients with resistant infections.  
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Since the discovery of penicillin reported in 1929, continuous effort has been made in the 
past decades to discover more effective antibacterial molecules through drug-target 
interactions and molecule modifications [1]. Antibiotic-mediated cell death starts with 
physical interaction between the drug molecule and its specific target that, depending on 
its mode of action, induces DNA damage, protein misfolding and mistranslation, cell 
envelope damage, and loss of structural integrity of the membrane(s) [2]. In addition, it 
was reported that major classes of bactericidal antibiotics induce cell death through the 
production of highly toxic hydroxyl radicals in both Gram-negative and Gram-positive 
bacteria, regardless of drug-target interaction [3]. These results point out that the 
mechanism by which the current antibiotics kill bacteria is multilayered and complex.  

This PhD thesis is centered on the fundamentals of three different approaches that 
are designed to combat the threat from antibiotic-resistant bacterial pathogens. The 
common ground is that all three focus on (aspects of) the bacterial cell envelope 
biosynthesis.  

The first part of this thesis, from Chapter 2 through Chapter 4, deals with the 
membrane steps of peptidoglycan biogenesis pathway in which two enzymes, phospho-
MurNAc-pentapeptide translocase MraY and glycosyltransferase MurG, are the 
responsible enzymes for Lipid I and Lipid II synthesis, respectively. The biochemical and 
structural characterization, and inhibitor screening and development of these two 
enzymes are laid out in Chapter 2.  

 
The membrane steps of peptidoglycan synthesis 

 
Chapter 2 reviewed mainly the available literature on MraY and MurG published over the 
past ten years, with a brief summary of the earlier knowledge about the discovery of these 
enzymes. The studies focusing on the biochemical and structural characterization of these 
two enzymes are of particular interest, as they give explanation on a molecular level to 
how MraY and MurG can be targeted by novel antibiotic compounds. MraY, as an alpha-
helical transmembrane protein, has been difficult to purify and characterize due to its high 
hydrophobicity [4-6]. The membrane-associated MurG is much less lipophilic and 
therefore had been easier to study. The enzymes share some common characteristics, 
namely that both have their active sites exposed to the cytoplasm of the bacterial cells, 
and both enzymes have a nucleotide sugar substrate and a lipid substrate that resides in 
the cytoplasmic membrane. As a result, the ability to penetrate bacterial cell 
wall/membranes dictates the usefulness of potential antibacterial compounds that target 
MraY or MurG since the molecules must reach the cytoplasm/cytoplasmic membrane in 
order to encounter the enzyme [7]. 
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A number of uridine peptide antibiotics are available, but none of the analogues has 
entered clinical use. The compound either has a high molecular weight or is too 
hydrophobic thereby facing solubility problems. Tunicamycin, mureidomycin, and 
muraymycin B etc. exemplify such challenges. These compounds are all competitive 
inhibitors with the nucleotide substrate of MraY, UDP-MurNAc pentapeptide (UDP-Mpp), 
in the cytosol. The bacterial membrane penetration by the compounds is a major 
challenge, especially when targeting Gram-negative bacterial pathogens. The inhibition of 
E. coli MraY by the bacteriophage ΦX174 protein E [8] seems to provide an alternative 
possibility of inhibiting MraY. However, the exact mechanism of binding is not known and 
the attempts in synthesizing similar small peptides that display antibiotic activity were not 
very successful so far [9]. 

MurG, the enzyme that catalyzes the subsequent reaction after MraY, is a 
glycosyltransferase that utilizes UDP-GlcNAc to convert Lipid I into Lipid II. Structure of E. 
coli MurG [10] as well as a UDP-GlcNAc bound MurG from E. coli [11] and Pseudomonas 
aeruginosa [12] have been reported as reviewed in Chapter 2. It is challenging as well to 
design any competitive inhibitor that can sufficiently penetrate bacterial membranes and 
reach the active sites for UDP-GlcNAc binding. Moreover, the selectivity of MurG inhibitor 
suffers as UDP is also utilized by mammalian cells where other glycosyltransferases are 
present that may bind to MurG inhibitors. Although a narrow-spectrum antibiotic 
compound murgocil [13] that targets MurG was identified recently, its antibacterial 
activity is strictly restricted to Staphylococci. The development of MurG inhibitors has 
entered a gridlock state because of the challenges of specificity. This might be solved by 
searching for Lipid I-mimicking molecules. However the first step towards this goal is the 
structure of a Lipid I-bound MurG, which is still missing.  

It is clear that the major challenges of targeting MraY or MurG entail: (i) molecules 
should effectively cross bacterial membranes; (ii) new mechanisms of inhibition should be 
exploited from the angle of the lipid substrate (C55-P, Lipid I) binding. In the succeeding 
Chapter 3 and 4, emphasis was given to MraY, the most promising target of the two, to 
provide experimental endeavors towards better understanding and tackling this highly 
potential drug target. 
 
The mode of action of MraY 

 
The elucidation of the crystal structure of MraY from Aquifex aeolicus [14] was a landmark 
in this particular research field and the development of inhibitors targeting MraY has 
shown some promising aspects [15]. There have been some discrepancies among the 
reports that deal with the kinetics of MraY as the Km value of MraY for UDP-Mpp differs 
among different studies [4,6,16]. Comparing these studies led us to conclude that the 
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concentration of the lipid substrate, polyprenyl phosphate, has an influence on the 
apparent Km value for UDP-Mpp, and vice versa. In Chapter 3, a detailed kinetics study of 
MraY from Bacillus subtilis (BsMraY) by varying the concentration of both substrates, UDP-
Mpp and heptaprenyl phosphate (C35-P), is described. The true Km values of BsMraY for 
both substrates were determined. The most important finding of our study is that a 
ternary complex of UDP-Mpp and C35-P with MraY is formed before the release of the 
products, UMP and Lipid I, supporting a one-step mechanism of MraY catalysis. The 
exchange reaction between UMP and UDP-Mpp does not occur unless C35-P is present in 
the system. This implies that the two substrates bind closely during catalysis to allow the 
reaction to occur without a covalently bound MraY-P-Mpp intermediate. This result 
prompts the need to examine the binding mode of C35-P to MraY. Therefore, we 
performed docking studies of C35-P to a BsMraY structural model (built in silico based on 
the crystal structure of A. aeolicus MraY). Among the clusters we obtained through 
docking, cluster 2 and 1 showed direct interaction between C35-P and the magnesium ion 
itself and its coordination center (near Asp231, the equivalent of Asp265 of A. aeolicus 
MraY), while cluster 3 shows that the phosphate group of C35-P is in close proximity of a 
catalytically important His289 residue. Hence, cluster 3 potentially explains the complete 
activity loss of a BsMraY H289R mutant that we observed while previously it was not clear 
how H289 was involved in MraY activity. We propose that MraY undergoes a 
conformational change upon binding to its lipid substrate and this configuration activates 
binding to UDP-Mpp. Blocking His289 may lead to development of novel antibiotic 
compounds that employ a different mechanism than the naturally existing inhibitors, 
which compete  for UDP-Mpp binding.  

 
Alternative method to produce the membrane-embedded MraY  

 
The characterization of MraY relies on overproduction and purification of the enzyme. Due 
to high hydrophobicity, solubilization of a membrane protein is typically done using 
detergents. An alternative purification system, namely the styrene maleic acid (SMA) 
copolymer, which does not require the use of any detergent, has been developed by our 
group and others (ref) to study membrane proteins in their native lipid environment. 
Previously, our group has described the successful application of this system to purify the 
tetrameric potassium channel protein KcsA [17]. SMA showed superior performance in 
purifying this protein in a stable and active conformation in comparison to detergent. It 
was concluded that SMA may lead to a promising alternative approach to study the 
structure and function of membrane proteins as compared to detergent systems. The 
solubilization and purification of active MraY in large quantities has proven challenging. In 
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Chapter 4 we used SMA (Xyran 30010 polymer) to purify BsMraY and compared the 
performance of this system with the conventional n-dodecyl-ß-D-maltoside (DDM) system.  

Detergent systems, though very widely applied, ignore the influence of native lipids 
on the function of membrane proteins. In our study, BsMraY was overexpressed in an E. 
coli strain therefore the SMALP nanodiscs were composed of BsMraY with E. coli lipids. 
Other studies on cell-free expression of MraY from different species [6,16] revealed that 
the activity of MraY from E. coli (EcMraY) is highly dependent on the presence of anionic 
phospholipids while BsMraY did not display such dependency. We expected that our 
SMALP method would not influence the activity of BsMraY. This was not completely the 
case: The detergent and the detergent-free systems were comparable with regard to the 
purity and yield of the protein, but the purification protocol using SMA is much less 
cumbersome and less time-consuming compared to the DDM method. However, SMA-
BsMraY displayed reduced activity. Lipid II synthesis based activity test showed that free 
SMA has a negative impact on the activity of BsMraY embedded in DDM micelles. The 
synthesis was significantly impaired when 0.0003% free SMA was present and almost 
completely abolished when 0.003% free SMA was added. A follow-up experiment showed 
that Mg2+ titrated into the reaction system could rescue the activity of SMA-BsMraY, 
depicting that SMA might hamper BsMraY activity by competitively binding to its co-factor 
Mg2+ ion. However, experiments with other (di)cationic ions instead of Mg2+ should be 
carried out to determine whether such influence is specifically from Mg2+. Moreover, since 
SMA has high affinity to any hydrophobic molecule, it cannot be ruled out that SMA may 
(also) bind competitively to the lipid substrate of MraY, polyprenyl phosphate. A more 
detailed kinetics study using a fluorescent enhancement assay showed indeed that SMA-
BsMraY has subpar activity in catalyzing Lipid I synthesis with a Km value that is about one 
order of magnitude higher than the Km value of DDM-BsMraY. Combining our results 
presented in Chapter 3, the flexibility of the transmembrane helices of MraY plays an 
important role in its mode of action. It is possible that BsMraY is embedded in the SMALP 
nanodiscs in a more rigid conformation compared to DDM-BsMraY such that MraY cannot 
efficiently undergo a conformational change upon binding to the polyprenyl phosphate. 
Consequently, subpar kinetics were observed. A few issues still require further 
investigations to reach assertive explanations: (1) we observed that adding excess of C55-
P (10 times of the usual conc.) to a Lipid II synthesis set-up without any detergent did not 
rescue the activity of SMA-BsMraY. This suggests that the activity inhibition is not solely 
due to the competitive binding of SMA to C55-P; (2) the chemical properties of the 
membrane protein-embedded nanodiscs extracted by SMA largely depend on the ratio of 
the styrene and the maleic acid units, however, even within a single preparation of SMA 
copolymers there are large variations in molecular weight and in composition [18]. In view 
of this, the accurate stoichiometric amounts of SMA vs. Mg2+ are hard to calculate. Hence 
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it is inconclusive to what extent is the activity restored by Mg2+ and more experimental 
studies are required. (3) Concluding from our observations of the lag phase of the kinetics 
trend and the results from the limited proteolysis study, we speculate that SMA hampers 
the accessibility of MraY by C55-P. But the mode of action requires more in-depth 
investigation.   

 
Gram-negative outer membrane lipoprotein biogenesis pathway 

 
Gram-negative bacteria are more recalcitrant against antibiotics due to the extra 
permeability barrier, the outer membrane. A number of antibiotic compounds including 
the potential MraY and MurG inhibitors discussed in Chapter 2 show almost no 
microbiological activity against Gram-negative pathogens due to poor penetration of the 
Gram-negative cell envelope. Furthermore, resistance was developed and readily spread 
through horizontal gene transfer against colistin, the antibiotic of last resort that is still 
active against metallo beta lactamase-expressing Gram-negative pathogens [19-22]. These 
developments collectively call for the discovery of novel compounds that can effectively 
target Gram-negative bacteria. In Chapter 5, the rudimentary concepts and preliminary 
results of the set-up of a fluorescence reconstitution based screening assay to look for 
lead compounds that can disrupt any step of the outer membrane lipoprotein biogenesis 
pathway [23,24] in Gram-negative bacteria were laid out.  

Inspired by a study using the split GFP system to study mitochondrial protein 
localization [25], we explored the use of a split SNAP tag system to detect the correct 
localization of the mature form of murein lipoprotein Lpp. Lpp66-nSNAP and OmpA-
cSNAP/cClip constructs were built and tested for expression in lpp- and ompA-knockout E. 
coli strains, respectively.  

Protein enrichment in the outer membrane was observed for both constructs after 
cell fractionation, indicating that the translocation machinery is not corrupted, albeit that 
protein signal could be detected in the periplasm and sometimes in the inner membrane 
as well. Western blot showed that both tagged OmpA and the wild-type protein were 
present in the ompA-knockout cells harboring OmpA-cSNAP/cClip indicating that the 
expression condition needs optimization to avoid protein degradation. When these two 
proteins were co-expressed in the ompA-knockout strain, the anti-SNAP antibody could 
detect protein expression, after induction with L-arabinose, showing that Lpp66-nSNAP did 
not suffer degradation. This adds to our confidence that the split SNAP system can be used 
in bacterial cells, however, the preliminary results from confocal microscopy revealed 
unspecific fluorescent signal in wild-type Top10F E. coli cells that do not carry any 
construct. These somewhat ambiguous results call for an important positive control that 
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was missing, namely a protein (preferably expressed in bacteria) with a complete SNAP 
tag that can be detected by our probe without giving background signal.  

SNAP-FZ5 produced in HEK293T cells was successfully labeled by ABG-ATTO550, both 
in whole cells and in cell lysate. This verifies that the synthetic probe is an effective SNAP 
probe. In whole living cells, the probe labeled mostly the glycosylated SNAP-FZD5 residing 
on the cell surface. At this stage, we did not have a bacterial-expressed protein as a 
positive control, and it was not clear whether the dye could efficiently penetrate bacterial 
cells. EDTA affected the fluorescence signal when the probe was tested on the cell lysate 
from the OmpA-cSNAP/cClip and Lpp66-nSNAP co-expression strain as an intensified upper 
band (around 40 KDa) appeared in the EDTA-treated samples. As the nature of this band is 
unknown, we have yet to prove that the SNAP tag is functionally reconstituted. 

Although further experimental optimization is definitely needed, our results shed 
light on the development of a generalized assay designed to discover lead compounds that 
specifically target Gram-negative pathogens. The use of a synthetic probe in the periplasm 
will have many other benefits if modified for detecting other protein-protein interactions. 
In addition, our system can be readily switched to monitor the outer membrane protein A 
biogenesis if these two constructs, with respect to induction control, are swapped. 
 
Antibacterial photodynamic therapy 
 
As mentioned in the beginning of this discussion chapter, lethal antibiotics share a 
common mechanism of killing by the production of highly deleterious hydroxyl radicals 
regardless of specific drug-target interactions. Interestingly, this mode of action is also 
(partially) shared by the antibacterial photodynamic therapy (APDT) presented in Chapter 
6. APDT is based on the photosensitization of bacteria with exogenous compounds 
referred to as photosensitizers (PSs). Cell death is subsequently triggered by lethal 
oxidative stress that is induced by irradiation of the infected area with light of a resonant 
wavelength, typically in the visible wavelength range (400-700 nm) [26]. In Chapter 6, the 
basics and the development of APDT are reviewed.  

APDT is considered triply site-specific due to (1) preponderant association/uptake of 
PSs by the target cells compared to non-target cells, (2) the pharmacodynamic inertia of 
non-irradiated PSs, as well as (3) the site-confined irradiation of the infected area. 
Consequently, (systemic) toxicity is largely absent outside the irradiated, PS-replete zone. 
Finally, there is no high potential resistance development mechanism reported or 
speculated for APDT.  

As mentioned above, the complex structure of the bacterial cell envelope, and 
especially that of Gram-negative species, is the main challenge for conventional antibiotic 
treatment. This is also the case for APDT. Although it has been suggested that uptake of 
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photosensitizers (PSs) is not required per se to kill bacteria by APDT, selective PS binding 
and passage through the bacterial cell envelope is favored. The photodestructive effect of 
reactive oxygen species at multiple intracellular targets, including the membrane, is 
unequivocally the biggest advantage of APDT over conventional antibiotic approaches, 
which often comprise a single target. Several measures are available to optimize 
intracellular delivery, which range from functionalization of PSs with cationic moieties to 
pharmacological interventions to electroporation and highly technological means of PS 
excitation. In summary, the importance of the cell envelope, where the (putative) targets 
reside, is again highlighted in terms of optimizing the photosensitizers to better penetrate 
the barriers for uptake.   
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Nederlandse samenvatting  

De opkomst van antibiotica-resistente bacteriën is een groeiend probleem voor de 
maatschappij. Het misbruik en verkeerd gebruik van antibiotica voor zowel dier als mens 
leidt tot het opbouwen van de hoeveelheid antibiotica in de voedselketen en het milieu, 
waardoor sommige bacteriën de kans hebben gekregen om een verdedigings mechanisme 
op te bouwen en resistent te worden tegen deze antibiotica. 

Sinds de ontdekking van penicilline is beschreven in 1929 is er een constante 
interesse geweest in het ontdekken van effectievere antibacteriële moleculen door middel 
van onderzoek naar drug-target interacties en het modificeren van moleculen. Celdood 
door antibiotica start met fysieke interacties tussen het antibioticum en haar specifieke 
doelwit en afhankelijk van het werkingsmechanisme veroorzaakt het schade aan het DNA, 
mistranslatie, ontvouwing- of misvouwing van eiwitten, schade aan de celwand en 
membranen. Daarnaast is er beschreven dat belangrijke klassen van antibacteriële 
middelen celdood induceren door de productie van zeer giftige hydroxyl-radicalen in 
zowel Gram-positieve als -negatieve bacteriën, zonder een specifieke drug-target 
interactie. Deze resultaten duiden er op dat de mechanismen waarop de huidige 
antibiotica bacteriën doden complex is en vele lagen kent. 

Dit proefschrift is gericht op de fundamenten van drie verschillende 
benaderingswijzen die zijn ontwikkeld om de dreiging van pathogene, antibiotica-
resistente bacteriële aan te pakken. De gedeelde basis hiervan is dat alle drie de 
beschreven aanpakken zich richten op (delen van) de biosynthese van de celwand en 
membranen. 

In vergelijking met hogere organismen worden bacteriën meestal blootgesteld aan 
een onvoorspelbare en over het algemeen vijandige omgeving. Om zichzelf te beschermen 
tegen deze uitdagende buitenwereld hebben bacteriën een complexe cel enveloppe 
ontwikkeld als een efficiënte afscheiding. De bacteriële cel enveloppe is een 
gecompliceerde structuur die bestaat uit meerdere lagen zoals membranen en andere 
componenten, die het cytoplasma van de cel omringen en beschermen. De cel enveloppe 
is essentieel voor vormbehoud, levensvatbaarheid, overleving en virulentie van de 
bacteriële cel. De verschillende structuren van deze cel enveloppe die bestaan in 
verschillende klassen van bacteriën zorgt voor verschillende responses op chemicaliën 
afkomstig uit de omgeving. Deze eigenschap leidde tot de vroeg ontdekte classificerings 
methode voor verschillende bacteriën op basis van een peptidoglycaan kleuringsmethode, 
ontwikkeld door Christian Gram. Deze methode verdeelt bacteriën in twee groepen: 
Gram-positieve bacteriën, die een dikke peptidoglycaan laag hebben, die niet omgeven 
wordt door een buitenmembraan, en dus aangekleurd kan worden door een 
peptidoglycaan specifieke kleuring, en Gram-negatieve bacteriën die een dunnere 
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peptidoglycaan laag hebben, die omgeven wordt door een buitenmembraan, waardoor 
deze niet aangekleurd kan worden door een peptidoglycaan specifieke kleuring. Deze 
verschillen in cel wand opbouw maken het onderscheid tussen Gram-positieve en Gram-
negatieve bacteriën. 

Dit proefschrift heeft twee algemene focussen. Hoofdstuk 2-4 gaan over de 
membraan gerelateerde stappen van de peptidoglycaan synthese. In hoofdstuk 2, worden 
de rol van de phospho-MurNAc-pentapeptide transferase (MraY) en GlcNAc translocase 
(MurG) in peptidoglycaan synthese in een literatuurstudie bediscussieerd. De huidige 
literatuur over de structuur en functie van MraY en MurG worden samengevat en het 
potentieel van MraY en MurG als doelwit voor nieuwe antibiotica wordt gepresenteerd. 
Vervolgens ligt de nadruk op MraY. In Hoofdstuk 3 wordt de relatie tussen de structuur en 
functie van MraY gepresenteerd door middel van een kinetiek- en docking-studie. De 
wederzijdse afhankelijkheid van de Km waarden van MraY voor zowel het nucleotide 
substraat UMpp en als het lipide substraat is onthuld. Structurele modellen van Bacillus 
subtillus MraY (BsMraY) zijn ontwikkeld op basis van de kristalstructuur van Aquifex 
geolicus MraY. Met de focus op het lipide substraat van MraY wordt er een nieuw 
enzymatisch mechanisme van MraY gepresenteerd, waar een essentieel histidine-residu in 
de lus die transmembraan helices TM8 en TM9 aan elkaar verbindt bij betrokken is. 
Implicaties van de mogelijkheid om isoprenylfosfaat-analogen die het binden van fosfaat 
zouden kunnen blokkeren te synthetiseren kwamen aan het licht op basis van de 
bevindingen in dit hoofdstuk. De isolatie van MraY, een membraan eiwit bestaande uit 10 
alfa helices, is altijd gepoogd verder te optimaliseren hoewel er al een detergent 
gebaseerd systeem ontwikkeld was. Wetenschappers zoeken continu naar een meer 
stabiele en betrouwbare methode om zulke eiwitten tot expressie te brengen en op te 
zuiveren. Tevens wordt de rol van de natuurlijke lipiden in de omgeving van 
membraaneiwitten vaak verwaarloosd wanneer er een detergent wordt gebruikt. Echter is 
er geen bewijs dat de kinetiek van een membraaneiwit in zijn opgezuiverde vorm, 
ingebouwd in detergent micellen daadwerkelijk de native conditie representeren. In dit 
licht hebben wij ons gericht op het styreen-maleïnezuur copolymeer om BsMraY te 
isoleren. Het gebruik van dit copolymeer is in de literatuur beschreven als een ideale 
methode voor het opzuiveren van eiwitten in een native omgeving zonder het gebruik van 
detergenten. De experimenten en resultaten worden in detail gepresenteerd in Hoofdstuk 
4. 

Anders dan in de eerdergenoemde hoofdstukken is Hoofdstuk 5 gericht op een 
compleet ander onderwerp dat echter wél valt binnen hetzelfde grotere doel, namelijk de 
bacteriële cel enveloppe als antibacterieel doelwit. Zowel in de introductie als in 
Hoofdstuk 2 wordt het belang van het buitenmembraan van Gram-negatieve bacteriën 
besproken in relatie tot essentiële buitenmembraaneiwitten en buitenmembraan 
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gebonden lipoproteïnen. Het onderzoek dat wordt gepresenteerd in Hoofdstuk 5 is 
gebaseerd op de opzet van een screening assay waarin defecten in de lipoproteïne 
biosynthese worden gedetecteerd. Geïnspireerd door de studie van Ozawa et.al. over een 
gesplitste eiwit aanpak om de lokalisatie van mitochondriële eiwitten te detecteren, is het 
idee voor het identificeren van de correcte lokalisatie van volledig functionele 
lipoproteinen in de buitenmembraan van E. coli, gebruik makend van een gesplitste 
fluorescente sensor opgezet. Het “split SNAP-tag” systeem, wat in het verleden al gebruikt 
is om eiwit-eiwit interacties in humane cellen te volgen, is hier voor de eerste keer 
gebruikt in bacteriële cellen om eiwit lokalisatie te detecteren. De voorlopige resultaten 
van dit project wordt beschreven in hoofdstuk 5. 

Omdat bacteriën nieuwe resistentie mechanismen blijven ontwikkelen om de aanval 
van antibiotica af te weren, is er veel interesse in nieuwe antibacteriële methoden, anders 
dan antibiotica. Een voorbeeld hiervan wordt besproken in Hoofdstuk 6, in de vorm van 
een literatuurstudie welke antibacteriële foto-dynamische therapie (APDT) beschrijft. 
APDT is gebaseerd op het behandelen van bacteriën met exogene foto-sensitieve 
moleculen (photosensitizers, PSs). Celdood wordt vervolgens geïnduceerd door het 
bestralen van een geïnfecteerd gebied met licht van een resonante golflengte, over het 
algemeen in het zichtbare spectrum (400-700 nm). Deze nieuwe aanpak heeft een groot 
potentieel omdat het meerdere essentiële onderdelen van de cel tegelijkertijd aanvalt en 
het daarom onwaarschijnlijk is dat bacteriën resistentie mechanismen kunnen 
ontwikkelen tegen APDT. Hoofdstuk 6 vat de huidige stand van zaken op het gebied van 
de ontwikkeling van APDT samen en beschrijft de perspectieven van dit onderzoeksveld. 

Tot slot worden in Hoofdstuk 7 alle behaalde resultaten uit de voorafgaande 
hoofdstukken samengevat en bediscussieerd.  
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